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ABSTRACT
Duchenne Muscular Dystrophy (DMD) is a fatal skeletal muscle wasting
disease underpinned by extensive metabolic dysfunction. This culminates in
reduced energy production which is detrimental to dystrophic muscle since
buffering damage and stimulating repair are energy dependent processes.
Current treatment options for DMD are limited and do not address this
metabolic dysfunction despite the extensive role it plays in DMD pathogenesis
and disease progression. Therefore, this thesis investigated the efficacy of two
metabolic therapies, sodium nitrate and adenylosuccinic acid (ASA), to improve
skeletal muscle metabolism and architecture in the well-established mdx mouse
model of DMD, and in immortalised myoblasts derived from DMD patients.

Despite nitrate supplementation being previously demonstrated to exert
beneficial metabolic adaptations in the skeletal muscle of healthy individuals,
eight weeks of supplementation in the mdx mouse failed to improve glucose
uptake and mitochondrial function but did reduce oxidative stress (also
observed in DMD myoblasts). Unexpectedly, nitrate induced significant,
concomitant increases in peroxynitrite which escalated the histopathology in
mdx muscle. This suggests that chronic enhancement of NO through nitrate
supplementation may not be a viable therapeutic option for the treatment of
DMD.

In contrast to nitrate, eight weeks of ASA supplementation in the mdx
mouse was therapeutically beneficial. While ASA did not modulate glucose
uptake, downstream mitochondrial respiration or the phosphorylation potential
of the skeletal muscle as expected, it did increase mitochondrial content and
ii

viability and reduce oxidative stress (also evidenced in DMD myoblasts). Most
significantly and clinically relevant, however, was the reduction in various
indices of histopathology. Calcium accumulation, muscle damage, and fat and
connective tissue infiltration were all attenuated by ASA therapy. These data
highlights an exciting and promising potential clinical application for ASA as a
therapeutic candidate for the treatment of DMD, albeit via unknown
mechanisms.
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1.1

Introduction
Duchenne Muscular Dystrophy (DMD) is the most prevalent muscular

dystrophy afflicting ~1 in 3,500 live born males (Emery, 1991). Regarded as a
debilitating and fatal skeletal muscle disease, it is characterised by muscular
weakness, exercise intolerance and progressive deterioration of skeletal
muscle. Sufferers are generally confined to a wheelchair by 12 years of age
with cardiorespiratory failure ultimately ensuing by the third decade of life
(Brooke et al., 1981, Brooke et al., 1989).
Some 125 years after DMD was first described (Duchenne, 1868), the
cause was identified as a mutation on the short arm of the X-chromosome
(Hoffman et al., 1987). The product of this mutation is the ablation of dystrophin,
a 427kDa rod-shaped protein (Koenig et al., 1988) usually associated with the
sarcolemma of muscle fibres via a complex of glycoproteins (Figure 1.1A). The
presence of dystrophin and its associated glycoproteins provides integrity and
rigidity to the fibre, however dystrophin-deficiency and the secondary reduction
of these glycoproteins (Ohlendieck and Campbell, 1991) renders the fibres
more susceptible to damage as they become structurally unstable and
exceedingly porous to the extracellular environment (Figure 1.1B). As a result,
excessive calcium (Ca2+) influx (Bodensteiner and Engel, 1978, Jackson et al.,
1985, Turner et al., 1991, Alderton and Steinhardt, 2000, Vandebrouck et al.,
2002), poor Ca2+ handling (Imbert et al. 1996, William et al. 2007, Robert et al.
2001), activation of proteases/lipases (Haycock et al., 1996, Disatnik et al.,
1998, Dudley et al., 2006a, Messina et al., 2006) and mitochondrial Ca2+
overload (Wrogeman et al. 1973, Glesby et al. 1988, Lucas-Heron et al. 1989,
Viola et al. 2013), precede muscle degeneration. Over time, and as
2

regeneration fails, fatty and connective tissue replacement culminates in nonfunctional muscle with the later involvement of the diaphragm leading to
respiratory impairment.
In a bid to cure this progressive and fatal muscle wasting, the majority of
research since 1987 has focused on genetically manipulating the disease by
reintroducing the dystrophin gene (or a miniature version) back into the genome
(Wells et al., 1995, Clemens et al., 1996, Sakamoto et al., 2002) and
pharmacological intervention (Willmann et al., 2009, Matsumura et al., 2009).
While some success has been observed with exon skipping and termination
codon read-through trials (as reviewed in (Fairclough et al., 2013)), many
complications with genetic therapy, including immunological reaction to delivery
vectors, affordability and suitability (Cossu and Sampaolesi, 2007), have been
reported. As yet, there is no cure. Currently, corticosteroid treatment is used to
delay muscular weakness and prolong function but has a multitude of side
effects including cardiomyopathy, weight gain, cataracts, hypertension,
cushingoid features and osteoporosis (Moxley et al. 2005).
Prior to the discovery of dystrophin (and by several research groups
afterwards), DMD was considered to be a disease of metabolic origin, with a
strong body of literature demonstrating deficiency of key metabolic systems and
regulators, including the mitochondria. As mitochondria constitute the ubiquitous
adenosine

triphosphate

(ATP)-producing

machinery

of

the

cell

and

consequently play a crucial role in signalling cell death, their dysfunction
seemingly induces a myriad of physiological events that underscore, or at least
exacerbate, dystrophinopathy. Deficits encompassing the cytosolic enzymes of
glycolysis (Dreyfus, 1954, Di Mauro, 1967, Hess, 1965, Chi et al., 1987, Chinet
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et al., 1994) and the Purine Nucleotide Cycle (PNC) (Sanada and Yamaguchi,
1979, Fitt and Parliament, 1982, van Bennekom et al., 1984), and the
mitochondrial enzymes of the Tricarboxylic Acid (TCA) cycle (Bonsett and
Rudman, 1984, Chinet et al., 1994) and Electron Transport Chain (ETC)
(Glesby et al., 1988, Kuznetsov et al., 1998, Rybalka et al., 2014) have been
consistently reported in DMD sufferers, female carriers and animal models of
the disease. Severely reduced ATP content (Ronzoni, 1958, Vignos Jr and
Warner, 1963, Shuttlewood and Griffiths, 1982, Tamari et al., 1982, Cole et al.,
2002) is the downstream consequence of these deficits and has been observed
in skeletal muscle from both DMD patients and animal models.
Dysregulation

of

cellular

energy

homeostasis

has

a

variety

of

consequences for muscle including (1) impaired contractile apparatus function
leading to reduced strength, ambulatory capacity and exercise tolerance (Fitts
1994); (2) impaired intracellular Ca2+ buffering leading to loss of homeostasis
and Ca2+-induced degeneration (Halachmi & Eilam, 1993); (3) reduced protein
synthesis (Pasiakos et al., 2010); and (4) reduced satellite cell activation,
replication, migration and differentiation leading to a markedly decreased
capacity for regeneration of damaged muscle fibres (Ryten et al., 2002). The
mitochondria are also explicitly involved in maintaining, and are strongly
regulated by, cytosolic Ca2+ concentration ([Ca2+]). Heightened mitochondrial
[Ca2+] increases ATP synthesis until overload induces permeability transition,
collapses the mitochondrial membrane potential and signals apoptotic cellular
death pathways. Thus an important question that could be asked is: What
comes

first,

the

chicken

(Ca2+-induced

pathophysiology)

or

the

egg

(mitochondrial dysfunction)? That impaired metabolism has been observed in
4

mdx myoblasts independent of dystrophin-deficiency (dystrophin is not
phenotypically expressed until myoblastic fusion into myotubes) (Onopiuk et al.,
2009), indeed suggests an intrinsic metabolic deficiency. Metabolic impairment
is also evident in a variety of tissues and cells from DMD patients and animal
models that express a different dystrophin isoform – these include liver
(Howland and Challberg, 1973, Katyare et al., 1978), heart (Zhang et al., 2008,
Lewis et al., 2010) and brain (Bresolin et al., 1994, Tracey et al., 1995, Tracey
et al., 1996a, Tracey et al., 1996b, Tuon et al., 2010). Collectively, the literature
strongly suggests that DMD is characterised by a systemic metabolic
impairment, which is central to the aetiology of the disease and not secondary
to the pathophysiology as currently accepted.
In 1992, and following 30 years of collective clinical research, Bonsett and
Rudman (Bonsett and Rudman, 1992) published a timely article in Medical
Hypotheses that offered compelling evidence to highlight that DMD is
predominantly underscored by metabolic impairment at the mitochondrial level,
and that this can be anaplerotically “corrected” using high dose adenylosuccinic
acid (ASA) treatment. Since this publication, and despite mounting literature
indicating the same perturbations in animal models of DMD, metabolic therapy
– with the exception of dietary creatine monohydrate supplementation – is still
not a mainstay of DMD treatment. This literature review explores the collective
historical and contemporary literature describing the metabolic nuances of
dystrophinopathy and the clinical evidence that suggests re-defining DMD as a
metabolic myopathy and strategically treating it as such, could improve patient
outcomes and quality of life.
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Figure 1.1. The location and role of the dystrophin protein in skeletal muscle. Dystrophin typically connects the cytoskeleton to the sarcolemmal
2+
complex of glycoproteins, reinforcing the sarcolemma and preventing excessive Ca entry (A). In the absence of dystrophin (B) the sarcolemma becomes
2+
exceedingly porous and Ca entry is unregulated.
6

1.2

Duchenne Muscular Dystrophy

1.2.1 Disease background
DMD was first described by Guillaume Duchenne in 1858 and some 125 years
later, the origin of the disease, a mutation in the dystrophin gene at position 21 on
the short arm of the X-chromosome (Hoffman et al., 1987), was identified. The
dystrophin gene is the largest gene in the human genome (2.6 million base pairs)
and approximately 60% of mutations arise from large insertion/deletion frameshift
errors while 40% arise from small frameshift errors or point mutations (Hoffman and
Dressman, 2001). In either case, the mutation results in the ablation of dystrophin
from the sarcolemma (DMD) or in the expression of a truncated dystrophin which is
characteristic of Becker Muscular Dystrophy (BMD), a less severe form of muscular
dystrophy. Typically, signs of DMD are evident between 2 and 5 years of age with
developmental delays in ambulation and muscle weakness observed (GardenerMedwin, 1980) along with a significant elevation in serum creatine kinase (CK)
(Pennington, 1980, Moser, 1984). As the disease progresses, ambulation is lost and
sufferers become wheelchair-bound by adolescence due to the primary degeneration
of the lower limb and pelvic girdle muscles. Sufferers eventually succumb to
cardiorespiratory failure in the third decade of life due to cardiac hypertrophy (Nigro
et al., 1990) and degeneration of the diaphragm which induces progressive
cardiorespiratory failure. Currently, there is no cure for DMD, with corticosteroids,
particularly deflazacort and prednisone, the treatment recommended to preserve
muscle mass and function. Exon skipping therapy (Exondys51) has recently been
approved in Europe and the US.
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Dystrophin is a large and important cytoskeletal protein that structurally links the
contractile apparatus to the sarcolemma and extracellular matrix through its
interaction with the transmembranous protein β-dystroglycan (Figure 1.1). Dystrophin
is purported to play a role in stabilising and maintaining membrane integrity during
contraction (Campbell, 1995, Ozawa et al., 1995) to prevent stretch-induced
damage. Indeed, dystrophin-deficient skeletal muscle is more susceptible to damage
(Menke and Jockusch, 1991, Cullen et al., 1994), particularly during exercise (Clarke
et al., 1993), indicating the protective role dystrophin plays. In addition to this,
dystrophin appears to play a vital role in dystrophin protein complex (DPC) assembly
as its absence induces a secondary reduction in DPC proteins (Ohlendieck and
Campbell, 1991). Overall, dystrophin-deficiency leads to a weakened and porous
sarcolemmal membrane that induces a pathological cascade leading to repetitive
muscle damage and degeneration.
It is well accepted that the instigator of the extensive skeletal muscle damage
and degeneration is Ca2+ dysregulation. The unregulated and abnormal entry of Ca2+
into dystrophin-deficient myofibres results in a significantly elevated intracellular
[Ca2+] (Turner et al., 1988, Fong et al., 1990, Mallouk et al., 2000) which is poorly
buffered (Salamino et al., 1994). Ca2+ thus accumulates in various organelles,
including the mitochondria, leading to cellular dysfunction, stimulation of Ca2+dependent proteolysis and phospholipidosis and extensive muscle damage. Initially,
this muscle damage is repaired through the activation of satellite cells (dormant
muscle cell precursors) but as muscle insult continues, it has been hypothesised that
regenerative capacity diminishes, potentially due to reduced satellite cell number
(Blau et al., 1983, Sacco et al., 2010). The imbalance between muscle degeneration
and regeneration alters the histology of the muscle with large areas of phagocytic
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cell invasion (Milhorat et al., 1966), centronucleated fibres (Schmalbruch, 1984), fatty
and connective tissue infiltrate (Moser, 1984) and fibre size variability including
pseudohypertrophic fibres (Goldspink et al., 1994), which together culminates in
functional deficits and muscular weakness.
1.2.1.1

The C57BL/10 mdx mouse

The most commonly utilised animal model of DMD in research is the mdx
(muscular dystrophy X-linked) mouse. The mdx mouse arose from a spontaneous
mutation in the dystrophin gene resulting in the ablation of dystrophin from the
sarcolemma as per human DMD (Bulfield et al., 1984). Similar to human patients,
the absence of dystrophin in the mdx mouse leads to increased intracellular [Ca2+]
(Turner et al., 1988), elevation of serum CK levels (Glesby et al., 1988), metabolic
abnormalities (Cole et al., 2002, Passaquin et al., 2002, Rybalka et al., 2014),
decreased muscle function (Dangain et al., 1984, Brussee et al., 1997, Vilquin et al.,
1998, van Putten et al., 2010, Selsby et al., 2011) significant inflammation (Carnwath
et al., 1987, Stedman et al., 1991) and fibre size variability and centronucleation of
fibres (Coulton et al., 1988, McGeachie et al., 1993). However, the mdx mouse
differs phenotypically from the human condition. A stark phenotypic difference
between human DMD and that evident in the mdx mouse is the disease progression.
Muscular damage and degeneration is prominent in the early life of the mdx mouse.
At around 5 days of age, musculature of the head, trunk and girdle display early
signs of myofibre necrosis (De la Porte et al., 1999). Hindlimb musculature is
involved in degeneration and necrosis around 3-4 weeks of age, with peak damage
occurring at 24-28 days (DiMario et al., 1991). Coinciding with this massive
degeneration is the proliferation of satellite cells around 3 weeks of age (McGeachie
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et al., 1993) and within the proceeding 4-6 weeks, muscles are fully repaired and
regenerated (Anderson et al., 1988, Karpati et al., 1988, Nagel et al., 1990, DiMario
et al., 1991). Unlike human dystrophin-deficient skeletal muscle, proliferation of
these satellite cells remains constant throughout the majority of the mdx mouse’s
lifespan – which is comparable to healthy, wild-type mice (Muntoni et al., 1993) –
and only begins to become insufficient around 18 months of age (McGeachie et al.,
1993), at which time skeletal muscle weakens, atrophies and becomes infiltrated
with fibrotic tissue (Pastoret and Sebille, 1993, Hayes and Williams 1998, Hakim et
al., 2011). Thus, while similar to human DMD, this loss of regenerative capacity and
accumulation of histopathological abnormalities in mdx skeletal muscle very late in
life and therefore lacks compatibility with DMD sufferers for which muscle wasting is
progressive and cumulative over the life span. Overall, the mdx mouse displays a
milder disease phenotype (Karpati et al., 1988, Kaminski et al., 1992, Marques et al.,
2007, Willmann et al., 2009) which may be due to the upregulated expression of the
dystrophin homologue utrophin (Helliwell et al., 1992, Tinsley et al., 1996), the
maintenance of the satellite cell pool or the quadruped locomotion of the mice. .
One muscle that does display a similarly severe phenotype to human DMD is the
diaphragm, which accrues damage throughout the mdx mouse lifespan (Stedman et
al., 1991). Characteristically, the diaphragm features damage, degeneration, fibrosis
and collagen deposition around 6 months of age and it progressively worsens as the
mdx mouse ages (Stedman et al., 1991, Louboutin et al., 1993). It is believed that
these similarities are due to the significant proportion of fast-twitch fibres in the
diaphragm – which are preferentially affected in DMD (Webster et al., 1988) – and
the constant contractions to enable respiration (Gillis et al., 1996). To compensate
for this progressive damage, there is a fibre shift to a more oxidative phenotype (De
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la Porte et al., 1999). Although there are limitations to the mdx mouse, especially as
the most phenotypically similar muscle (i.e. the diaphragm) requires extensive time
to accumulate damage, it is the most characterised model and allows for long-term
studies due to a typically normal lifespan. Investigations using the double knockout
mouse, which lacks both dystrophin and utrophin at the sarcolemma (Deconinck et
al., 1997, Grady et al., 1997), highlights how important this feature is, as these mice
die prematurely due to the severe pathology (Rafael et al., 1998) and make it
impossible to characterise long-term effects of potential therapeutics.
1.2.2 DMD as a metabolic myopathy
The earliest literature of Meryon (Meryon, 1852) and Duchenne (Duchenne,
1861) – who are renowned for reporting the first cases of DMD and the collective
pathological manifestations of the disease, respectively – described the gross
anatomical observations of DMD skeletal muscle fibres. A prominent feature of these
fibres was intrafibral lipid accumulation. In whole fibre preparations, lipids are
present extensively within the sarcoplasm and attached to the sarcolemma, and
leach into the extracellular fluid from damaged fibres (Figure 1.2A) (Bonsett, 1979,
Bonsett and Rudman, 1994). This feature has previously been reported in
histological preparations using fat-specific stains (Harriman and Reed, 1972, Pearce,
1966). Intracellular lipid droplets are a normal feature of healthy skeletal muscle,
albeit in lesser abundance, in which they are located proximal to the sarcoplasmic
reticulum and mitochondria to act as energy reservoirs (Watt and Hoy, 2012). As
skeletal muscle has a high affinity for fatty acid oxidation as ATP demand increases,
these reservoirs act as important regulators of cellular energy homeostasis during
metabolic stress. The early work of Charles Bonsett’s laboratory on cultured human
myocytes highlighted an equal propensity for healthy and DMD cells to produce
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intracellular lipid droplets when supplemented with 20% foetal bovine serum (FBS)
(Bonsett, 1979). Due to the nutrient dense profile of the serum supplement, this
finding likely reflects the consequence of superfluous nutrient supply to the cell.
While reducing the FBS concentration induced concurrent reductions in lipid
accumulation in the healthy myocytes until lipid accumulation was absent, DMD
myocytes continued to produce lipid droplets irrespective of serum concentration
(Bonsett, 1979). This highlights a reduced capacity for metabolism that culminates in
enhanced production of lipids at the cellular level (Figure 1.2B). Intramyofibral lipid
accumulation is also characteristic of obese, type 2 diabetic patients and aged
skeletal muscle (He et al., 2001, Goodpaster et al., 2000, Sinha et al., 2002, Hilton et
al., 2008, Delmonico et al., 2009) indicating similar metabolic dysfunction amongst
these disease states.
In a further study by the same laboratory (Bonsett and Rudman, 1984), individual
enzyme sites within the glycolytic and TCA cycle systems were systematically tested
for dysfunction. The addition of 0.03M isocitrate to dystrophic cells induced
significant intracellular lipid production which was not evident in healthy cells nor
observed following the addition of other intermediates of glycolysis and TCA cycling
(Bonsett and Rudman, 1984). The addition of 0.06M isocitrate to healthy myocytes
induced some lipid formation while a 0.09M concentration was proven toxic. The
authors deduced that their data was reflective of an isocitrate dehydrogenase (IDH)
dysfunction/deficiency that may be related to the energy-sensing component of the
enzyme, as the addition of the allosteric activator adenosine diphosphate (ADP) had
no effect on isocitrate-stimulated lipid production, nor did addition of the allosteric
inhibitor ATP. IDH exists both in the cytosol (IDH1) and the mitochondria (IDH 2 and
3). IDH1 and 2 may be the contributing factors to this increased intracellular fat as
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nicotinamide adenine dinucleotide phosphate (NADPH), a precursor molecule
involved in lipid synthesis (as reviewed in (Dulloo et al., 2004)), is produced via the
reaction. Indeed, dysfunctional IDH1 and 2 has been implicated in inducing
increased lipid precursors and decreased TCA intermediates in cancerous cells
(Reitman et al., 2011). Thus IDH1 and 2 may also be dysfunctional in dystrophic
muscle. IDH3, which is allosterically regulated by ATP, ADP and nicotinamide
adenine dinucleotide (NAD), appears to also be dysregulated in dystrophic muscle
as the addition of NAD, a co-factor of IDH3, significantly reduced the presence of
intracellular fat droplets (Bonsett and Rudman, 1984). Whether this reduction in
intracellular fat droplets is a direct effect of NAD shuttling across the mitochondrial
membrane or via an indirect pathway (i.e. NAD-induced SIRT activation) is unknown.
Nonetheless, this suggests that supplying the appropriate co-factor stimulates IDH3
activity and potentially stimulates the breakdown of these fat droplets to fuel TCA
cycling.

1.3

Metabolic System Deficits in DMD
In human DMD muscle, a significant global down-regulation in the energy

pathways has been demonstrated (Timmons et al., 2005). Dystrophin-deficient
skeletal muscle is characterised by severe perturbations in myocellular energy
homeostasis with resting ATP levels consistently reported as ~50% of healthy control
muscle (Ronzoni, 1958, Vignos Jr and Warner, 1963, Shuttlewood and Griffiths,
1982, Tamari, 1982, Cole et al., 2002). In intensely exercised, healthy skeletal
muscle, physiological fatigue mechanisms ensure that ATP demand does not
exceed production capacity – a ~40% drop in resting ATP levels appears to be the
critical maintenance threshold such to trigger these mechanisms and reduce
demand on the metabolic system (as reviewed in (Allen et al., 2008)).
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Figure 1.2. Accumulation of intramyofibral lipids is a feature of dystrophin-deficient skeletal muscle. Lipid droplets are evident in the sarcoplasm, the
sarcolemma and leaching into the extracellular fluid of isolated dystrophin-deficient myofibres (Photographs courtesy of C.A. Bonsett (Bonsett, 1969);
reproduced with the permission of C.C. Thomas Publisher Ltd). In a hypothetical model to explain this phenomenon (B), nutrients are typically oxidised to
synthesise ATP in healthy skeletal muscle (left) with minimal directed to intracellular lipid production. In dystrophic muscle (right), the capacity to utilise
nutrients for ATP synthesis is significantly impaired which coincides with an increased propensity to produce intracellular lipid (adapted from Bonsett,
unpublished).
14

Thus, compared to healthy skeletal muscle, resting dystrophin-deficient muscle
consistently maintains sub-threshold ATP levels which are likely incompatible with
long-term cell survival.
A plethora of deficits in the cellular energy system have been reported in
dystrophin-deficient skeletal muscle from human patients and animal models (as
summarised in Table 1.1), which would both individually and collectively contribute to
this failure of energy homeostasis. These are reviewed hereafter.
1.3.1 Macronutrient Uptake
Macronutrients represent the most primary form of cellular ATP potential, and as
such, their delivery, uptake into, and storage within skeletal muscle fibres is integral
to proper metabolic function and ATP synthesis. Skeletal muscle metabolism is
highly dependent upon fatty acid oxidation and glucose metabolism, with amino acid
oxidation usually contributing minimally (as reviewed in (Jeukendrup, 2003)). All
pathways however, supplement metabolism synergistically in response to increasing
energy demand and decreasing energy stores. Thus, deficits in macronutrient uptake
and/or storage could be responsible for the energy homeostasis imbalances
observed in dystrophic muscle, particularly since dystrophin is normally associated
with the sarcolemma and thought to regulate membrane trafficking processes such
as those required for glucose and amino acid uptake into cells.
Dystrophin-deficiency results in the secondary loss of neuronal nitric oxide
synthase (nNOS) (Brenman et al., 1995). One of the key roles of nNOS in skeletal
muscle is the generation of nitric oxide (NO), which is a key intracellular signaling
molecule with strong metabolic regulatory capacity that has effects on skeletal
muscle contraction, blood flow, glucose uptake and metabolism (McConell and
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Kingwell, 2006, Mashimo and Goyal, 1999). In healthy muscles, nNOS is localised to
the subsarcolemma via the DPC, with binding sites on dystrophin and the
syntrophins (Figure 1.1A). The absence of dystrophin disrupts the formation of the
DPC (Ohlendieck and Campbell, 1991) and affects nNOS localisation (Brenman et
al., 1995, Chang et al., 1996). As nNOS exists unbound in the cytosol of mdx
skeletal muscle and subsequently becomes a substrate for the calpain proteases, a
25-fold decrease in nNOS activity has been observed (Chang et al., 1996, Kameya
et al., 1999, Li et al., 2011). In the skeletal muscle of DMD patients, nNOS is absent
in the pellet fraction of biopsy samples (confirmed by both enzyme assay and
Western blot) (Brenman et al., 1995, Chang et al. 1996) and is significantly reduced
in the mdx mouse (Leary et al., 1998, Thomas et al., 1998, Vaghy et al., 1998, Judge
et al., 2006). Additionally, nNOS mRNA in human DMD (Arning et al., 2004) and mdx
muscle is significantly decreased (Chang et al., 1996, Crosbie et al., 1998), with
neither nNOS expression nor activity increasing as per normal during the
regeneration of mdx skeletal muscle at 14 (post-necrotic) weeks of age (Chang et
al., 1996). As a consequence, endogenous NO production is significantly decreased
(Gücüyener et al., 2000, Kasai et al., 2004, Barton et al., 2005).
nNOS-generated NO has a key role in facilitating glucose uptake by stimulating
glucose transporter 4 (GLUT4) translocation at rest (Balon and Nadler, 1997) and
during contraction (Bradley et al., 1999). Despite the reduction of nNOS in mdx
skeletal muscle, basal (resting) glucose uptake has been shown to be equivalent to
control muscle (Maclennan et al., 1991a, Chinet et al. 1994, Even et al., 1994) with
GLUT4 expression also normal in young animals (Olichon-Berthe et al., 1993, Raith
et al., 2013). However, GLUT4 expression (and its mRNA) decreases in the
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Table 1.1. Summary of the metabolic deficits in the metabolic pathways of dystrophic skeletal muscle.

Macronutrient
Uptake &
Availability

Glycolysis

Glycogen
Storage &
Utilisation

Defect Description
Normal glucose uptake but ↓ glucose content
↓ GLUT4 mRNA & protein expression in aged diaphragm
↓ Gluconeogenic precursors (alanine & glutamine)
↑ Fructose content
↓ Glucose-6-Phosphate
↓ Phosphofructokinase activity, ↓ sensitivity to allosteric
regulation
↓ Aldolase
↓ Pyruvate kinase activity
↓ Lactate dehydrogenase
↓ Lactate production & acidification

DMD Model
Human DMD & mdx mouse
mdx mouse
Human DMD
Human DMD
Human DMD

↑ Glycogen content

Human DMD & mdx mouse

↓ Phosphorylase activity

Human DMD & mdx mouse

↓ Phosphoglucomutase activity
↓ Palmitate oxidation

Human DMD & mdx mouse
Human DMD patients & carriers

↓ Palmitoylcarnitine & malate oxidation

Human DMD

↓ Total carnitine

Human DMD

↓ Fatty acid transport into mitochondria

Human DMD

↓ PCr concentration

Human DMD & mdx mouse

↓ Cr concentration

Human DMD & mdx mouse

↓ TCr
↓ PCr/Pi
↓ PCr/ATP
↑ Urinary Cr excretion (due to ↓ turnover)
↓ IMP concentration
↓ Adenylate kinase content & activity
↑ Uric acid excretion

Human DMD & mdx mouse
Human DMD
Human DMD
Human DMD
Human DMD
mdx mouse
Human DMD

Human DMD & mdx mouse
Human DMD
Human DMD
Human DMD
Human DMD & mdx mouse

Fat Oxidation

Creatine
Phosphagen
System

Purine
Nucleotide
Cycle

References
(Nishio et al., 1990, Griffin et al., 2001, Sharma et al., 2003)
(Olichon-Berthe et al., 1993)
(Nishio et al., 1990, Hankard, 1998, Sharma et al., 2003)
(Ellis, 1972)
(Hess, 1965)
(Hess, 1965, Di Mauro, 1967, Chi et al., 1987, Lilling and Beitner,
1991, Wehling-Henricks et al., 2009)
(Dreyfus, 1954, Thomson, 1960, Hess, 1965)
(Chi et al., 1987, Zatz et al., 1991)
(Hess, 1965, Cao et al., 1965, Di Mauro, 1967)
(Ellis, 1980, Cole et al., 2002, Sharma et al., 2003)
(Watkins and Cullen, 1987, Cullen and Jaros, 1988, Stapleton et al.,
2014)
(Dreyfus, 1954, Ronzoni et al., 1960, Hess, 1965, Di Mauro, 1967,
Mastaglia and Kakulas, 1969, Ellis, 1980, Petell et al., 1984, Engel,
1986, Chi et al., 1987, Chen et al., 2000, Carberry et al., 2013,
Stapleton et al., 2014)
(Chi et al., 1987, Matsumura et al., 2013)
(Lin, 1972, Shumate et al., 1982, Carroll et al., 1985)
(Borum et al., 1977, Carrier and Berthillier, 1980, Shumate et al., 1982,
Carroll et al., 1983, Scholte et al., 1985, Sharma et al., 2003, Le
Borgne et al., 2012)
(Borum et al., 1977, Carrier and Berthillier, 1980, Shumate et al., 1982,
Carroll et al., 1983, Sharma et al., 2003, Le Borgne et al., 2012)
(Le Borgne et al., 2012)
(Ronzoni, 1958, Fitch and Moody, 1969, Samaha, 1981, Newman et
al., 1982, Griffiths et al., 1985, Dunn et al., 1991, Pulido et al., 1998,
Sharma et al., 2003)
(Ronzoni, 1958, Fitch and Moody, 1969, Griffin et al., 2001, Sharma et
al., 2003 Martins-Bach et al., 2012)
(Ronzoni, 1958, Ionasescu et al., 1981, Louis et al., 2004)
(Newman et al., 1982, Griffiths et al., 1985, Younkin et al., 1987)
(Newman et al., 1982, Griffiths et al., 1985, Kemp et al., 1993)
(Benedict et al., 1955)
(Camiña et al., 1995)
(Ge et al., 2003)
(de Bruyn et al., 1980, Bertorini et al., 1981, Camiña et al., 1995)
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diaphragm of older mdx mice (Olichon-Berthe et al., 1993), which is important
clinically since the diaphragm is the only mdx muscle to undergo progressive
degenerative wasting throughout the lifespan as per the human disease (Stedman et
al., 1991). Decreased mRNA expression in the older mdx mice suggests that
disease progression may affect protein expression of GLUT4 and therefore the
ability to bring glucose into muscle fibres. There is, however, no evidence in the
literature to indicate abnormalities in the transport of fatty- or amino-acids across
dystrophin-deficient membranes. In contrast to the gastrointestinal perturbations that
demonstrably impair digestion and nutrient absorption (outside the scope of this
review; Miyatake et al., 1989, Mule et al., 1999), macronutrient uptake at the level of
skeletal muscle does not appear to be a major contributor to the impaired
metabolism observed.
1.3.2

Glycolysis

Despite glycolysis only contributing 2 ATP molecules for every glucose molecule
oxidised under anaerobic conditions, proper glycolytic function is essential to support
the TCA cycle. The end-product of glycolysis, pyruvate, can be oxidised to yield
acetyl CoA via pyruvate dehydrogenase (PDH) and subsequently transported into
the mitochondria to enter the TCA cycle and produce reducing equivalents that feed
the ETC (Figure 1.3). Therefore, dysfunction in any glycolytic enzyme (or the overall
glycolytic process (Vignos Jr and Lefkowitz, 1959)) would both reduce anaerobic
ATP production and affect downstream metabolic reactions for aerobic ATP
synthesis.
Although it has been shown that the capacity to uptake glucose is normal in
dystrophic muscle (Maclennan et al., 1991a, Chinet et al., 1994, Even et al., 1994),
18

the concentration of available cytoplasmic glucose in dystrophic human and mdx
mouse muscle is decreased (Nishio et al., 1990, Griffin et al., 2001, Sharma et al.,
2003). The availability of cytoplasmic glucose is relied upon once the available ATP,
phosphocreatine (PCr) and glycogen (glycogen storage in dystrophic muscle
reviewed in section 1.3.2.1) is exhausted (i.e. during exercise and starvation). This
decreased glucose concentration in the presence of normal glucose uptake capacity
reflects a reduced capacity for gluconeogenesis as substrates including alanine and
glutamine are decreased in dystrophic muscle (Nishio et al., 1990, Hankard, 1998,
Sharma et al., 2003). This may reflect either caloric shortage in that the availability of
gluconeogenic precursors is decreased or that fibre degeneration results in the loss
of these substrates (Nishio et al., 1990), potentially to the bloodstream.
DMD muscle exhibits a significant down-regulation in both glycogen and
carbohydrate (summarised in Figure 1.3) metabolism (Timmons et al., 2005,
Kotelnikova et al., 2012). More specifically, in both DMD and mdx muscle samples,
phosphofructokinase (PFK) activity is demonstrably decreased (Hess, 1965, Di
Mauro, 1967, Chi et al., 1987, Lilling and Beitner, 1991, Wehling-Henricks et al.,
2009). PFK is the rate-limiting enzyme of glycolysis and is highly regulated by
metabolites. In healthy muscle, PFK is inhibited by high concentrations of ATP and
activated by ADP and other by-products of ATP hydrolysis (as reviewed in (Wegener
and Krause, 2002)). As ATP concentration is diminished in dystrophic muscle, PFK
activity should, logically, be increased to promote ATP synthesis and energy
balance. However, altered allosteric regulation of PFK has been observed in mdx
muscle (Wehling-Henricks et al., 2009) suggesting that PFK fails to respond
appropriately to normal stimuli. Despite the soluble and cytoskeleton-bound PFK
enzymes being distributed normally, the sensitivity of PFK to its allosteric regulators
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is reduced (Lilling and Beitner, 1991). This indicates a functional change in PFK
properties and/or its modulation, which significantly reduces its activity and likely
contributes to the overall metabolic deficit in dystrophic muscle. It is probable that
PFK deactivation is strongly associated with the nNOS delocalization described
earlier, as the two enzymes co-localise at the sarcolemma in healthy muscle
suggesting a regulatory role for NO on PFK activity (Wehling-Henricks et al., 2009).
Reintroduction of nNOS into mdx skeletal muscle has shown some benefit in
improving glucose and glycogen metabolism (in addition to reducing membrane
degradation and muscle inflammation) (Wehling et al., 2001, Wehling-Henricks et al.,
2009), such to improve exercise tolerance which was attributed to the positive
allosteric effect nNOS exhibited on PFK (Wehling-Henricks et al., 2009).
Deficits in adolase (Dreyfus, 1954, Thomson, 1960, Hess, 1965), pyruvate kinase
(PK) (Chi et al., 1987, Zatz et al., 1991a) and lactate dehydrogenase (LDH) (Hess,
1965, Cao et al. 1965, Di Mauro, 1967) activity, alongside a decrease in glucose-6phosphate content (Hess, 1965), have also been observed in DMD skeletal muscle.
The increased leakiness of the sarcolemma results in the loss of some enzymes,
including adolase, to the blood stream where increased plasma activity has been
reported in dystrophic patients (Dreyfus, 1954, Thomson and Guest, 1963, Vignos Jr
and Warner, 1963, Di Mauro, 1967, Shaw, 1967). Loss of adolase abundance may
limit downstream enzymatic activity by reducing substrate availability, particularly to
phosphoglycerate kinase, which produces ATP via substrate-level phosphorylation.
In a possible bid to alleviate this reduced propensity for glucose oxidation, increased
fructose metabolism may be occurring in dystrophic muscle. In human dystrophindeficient (DMD) and dystrophin-positive mutant carrier muscle, fructose levels are
significantly elevated compared to control muscle and other neuromuscular diseases
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(Ellis, 1972). It was suggested that this may be a secondary pathway to glucose
metabolism that is necessary in the dystrophic condition (Ellis, 1972). However, it is
more likely that this increased fructose content is reflective of an incapacity to
metabolise it into products (glyceraldehyde and dihydroxyacetone phosphate) that
are channelled into glycolysis (as reviewed in (Johnson et al., 2009, Tornheim and
Ruderman, 2011)) thus ensues a failure to expand glycolytic flux.
1.3.2.1

Glycogen Storage and Utilisation

Muscle glycogen is a valuable reservoir of glucose that can be channelled into
glycolysis to assist in processes including Ca2+ handling and contraction. Compared
to lipid oxidation, glycogen oxidation is advantageous as it is quickly activated, yields
more ATP per molecule utilised and produces ATP at a faster rate (as reviewed in
(Connett

and

Sahlin,

2010)).

Therefore

glycogenolysis

is

an

important

supplementative pathway to support and stimulate glycolysis in muscle.
There are conflicting reports regarding the glycogen content in dystrophic muscle
(Vignos Jr and Warner, 1963, Hess, 1965, Duma, 1967, Mastaglia and Kakulas,
1969, Watkins and Cullen, 1987, Cullen and Jaros, 1988, Maclennan et al., 1991,
Stapleton et al., 2014). This discrepancy may be accounted for by the
chronological/pathological time points at which the biopsies were taken. It has been
shown that glycogen content increases during times of skeletal muscle regeneration
(Engel, 1986), thus this could account for the increased glycogen content observed
in both human and mdx dystrophic samples (Watkins and Cullen, 1987, Cullen and
Jaros, 1988, Maclennan et al., 1991a, Stapleton et al., 2014). In contrast, increased
glycogen storage may reflect the decreased capacity for glycolysis. There would be
no value in flooding the glycolytic pathway with glucose derived from glycogen if it
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cannot be efficiently utilised downstream and may reflect dystrophic muscle
prioritising what is essential for muscle survival.
During increased glycolytic demand, glycogen stores are utilised to increase
glucose availability. However, it appears that dystrophic muscle is unable to
accomplish this (Timmons et al., 2005) as there are severe deficits in phosphorylase
(Dreyfus, 1954, Ronzoni et al., 1960, Hess, 1965, Di Mauro, 1967, Mastaglia and
Kakulas, 1969, Ellis, 1980, Petell et al., 1984, Chi et al., 1987, Chen et al., 2000,
Carberry et al., 2013, Stapleton et al., 2014) and to a lesser extent,
phosphoglucomutase (Chi et al., 1987, Matsumura et al., 2013), the enzymes of
glycogenolysis. These deficits, which are particularly pronounced in phosphorylase,
exist despite it normally being stimulated by elevations in [Ca2+] (Tornheim and
Ruderman, 2011). Increased membrane permeability results in significantly
increased [Ca2+] content in dystrophic muscle and organelles (Bodensteiner and
Engel, 1978, Glesby et al., 1988, Dunn and Radda, 1991). In times of transient
increases in cytosolic and mitochondrial [Ca2+] (i.e. exercise), Ca2+ positively
stimulates various aspects of metabolism to match ATP production to demand,
however this is not apparent in the dystrophic condition. Together, these deficits in
glycogenolysis indicate a decreased capacity to supply additional glucose to fuel
glycolysis in dystrophic muscle. Overall, dystrophic muscle appears to be unable to
proactively utilise any pathway of carbohydrate metabolism, which would place
further strain on the already impaired oxidative metabolism.
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Figure 1.3. Glycolytic impairment in dystrophin-deficient skeletal muscle. Glycolysis involves the sequential conversion of glucose to pyruvate which can either be
channelled into mitochondrial oxidative phosphorylation as acetyl CoA or excreted from the muscle as lactate. In dystrophic muscle, various glycolytic impairments have been
observed (as indicated by those enclosed in solid boxes with white writing).
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1.3.3

Fat oxidation

β-oxidation is the major pathway for saturated fatty acid catabolism that
occurs in the mitochondria, producing acetyl CoA, nicotinamide adenine dinucleotide
(NADH) and flavin adenine dinucleotide (FADH2). The ATP yield that can be
generated from the reducing equivalents produced from β-oxidation is large as it
stimulates both the TCA cycle and the ETC.
Deficits in fat oxidation have been reported in various muscular dystrophy
animal models and human samples. Prior to the discovery of the mdx mouse,
hereditary models of muscular dystrophy were commonly used. In isolated
mitochondria from the 129/ReJ-dy mice strain, acetylcarnitine (Jato-Rodriguez et al.,
1975, Liang, 1986), palmitylcartinine (Jato-Rodriguez et al., 1975, Liang, 1986) and
palmitate (Jato-Rodriguez et al., 1975) oxidation are reduced by up to 80% with
decreased oxidation of acetylcarnitine and palmitate apparent in the BIO 14.6
dystrophic hamster (Wrogemann et al., 1973). Furthermore, in C57BL/6J-dy2Jdy2J
hindlimb muscles, oleoyl CoA oxidation is diminished (Kang et al., 1986) while in the
mdx mouse, a markedly reduced thermogenic response from octanoate oxidation
has been reported (Even et al., 1994). It is worthwhile noting that these impairments
of fat oxidation are observed in hereditary models that do not lack dystrophin but
rather other glycoproteins associated with the sarcolemma. This indicates that
metabolic impairment is independent of dystrophin-deficiency but may ostensibly be
linked to the disassembly of sarcolemmal proteins. Of interest, the addition of acetylCoA improved octanoate oxidation highlighting that the delivery of acetyl-CoA may
be impaired (Jato-Rodriguez et al., 1975, Even et al., 1994) and therefore impacting
upon the formation of reducing equivalents that feed the ETC.
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In muscle samples from early stage DMD patients, oxidation of palmitic acid is
demonstrably reduced (Lin, 1972, Shumate et al., 1982, Carroll et al., 1985).
Moreover, in dystrophin-expressing carriers of DMD, a similar reduction of palmitic
acid oxidation is also observed (Lin, 1972) and provides another example of a
metabolic defect that is related to the genotype but which is independent of
dystrophin expression. Conversely, Scholte et al. (Scholte et al., 1985) concluded
that β-oxidation is normal in dystrophic mitochondria, despite reporting that samples
pertaining to older patients had lower palmitate oxidation than controls. In contrast to
this, decreased oxidation with a combination of palmitoylcarnitine and malate and
decreased total carnitine (Borum et al., 1977, Carrier and Berthillier, 1980, Shumate
et al., 1982, Carroll et al., 1983, Scholte et al., 1985, Sharma et al., 2003, Le Borgne
et al., 2012), which impairs fatty acid transport (Le Borgne et al., 2012), has been
consistently reported in DMD patients. Moreover, mRNA expression of mitochondrial
enzymes associated with lipid oxidation have been shown to be reduced in DMD
cultured cells (Le Borgne et al., 2012). It appears that this overall reduction in fat
oxidation may be impairing the capacity to expand acetyl-CoA availability to TCA
cycling and may partially explain why the increased lipid droplets observed in DMD
cells (Bonsett, 1979) are unable to be oxidised.
1.3.4

Mitochondria

The fundamental role of the mitochondria is ATP synthesis, thus they are the
major cellular regulators of energy homeostasis. More recently mitochondria have
emerged as playing an important role in the regulation of initiating apoptotic cell
death. Mitochondria are adept at sensing and responding to intracellular changes in
energy balance to maintain homeostasis, but once the metabolic insult exceeds
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regulatory capacity, mitochondrial dysfunction ensues. Prolonged mitochondrial
stress can initiate apoptosis when dissipation of the mitochondrial membrane
potential, release of cytochrome c and/or caspases and opening of the mitochondrial
transition pore occurs (as reviewed in (Galluzzi et al., 2012)).
Mitochondrial dysfunction in dystrophic skeletal muscle is well documented
and a key contributor to the reductions (up to 50%) in resting ATP content (Ronzoni,
1958, Vignos Jr and Warner, 1963, Samaha, 1981, Tamari, 1982, Newman et al.,
1982, Shuttlewood and Griffiths, 1982, Bertorini et al., 1985, Dunn et al., 1991, Lilling
and Beitner, 1991, Camiña et al., 1995, Cole et al., 2002, Percival et al., 2013,
Rybalka et al., 2014) with decreased ATP content in the brain of DMD patients also
evident (Tracey et al., 1995). An ~40% reduction in the amount of ATP produced per
oxygen molecule (O2) utilised by mdx mitochondria (Percival et al., 2013) explicates
the aforementioned ATP deficiency and indicates potential oxidative uncoupling or a
reduction of available ADP for ATP rephosphorylation. However, there is conflicting
data reporting either increases (Kemp et al., 1993, Cole et al., 2002) or decreases
(Ronzoni, 1958, Camiña et al., 1995) in ADP content in dystrophic muscle. Either
finding could be interpreted to affect ATP rephosphorylation - increased ADP (and
inorganic phosphate (Pi) (Griffiths et al., 1985, Younkin et al., 1987)) suggest an
inability to rephosphorylate adequately, while decreased ADP could indicate that the
potential to synthesise ATP is diminished potentially due to cytosolic ADP
degradation. If the latter is correct, this may suggest an issue with adenine
nucleotide translocase, in that ADP is not efficiently translocated across the
mitochondrial membrane to participate in ATP rephosphorylation. Thus if ADP
accumulates in the cytosol and fluxes through the PNC (refer to section 1.3.6), there
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is the potential for adenine nucleotide loss that would reduce the ADP supply to the
mitochondria.
1.3.4.1 The Tricarboxylic Acid Cycle & Electron Transport Chain
The TCA cycle and ETC work together in the mitochondria to produce the
majority of ATP derived from the various linked macronutrient feeder pathways. As
there is a deficit in ATP content in dystrophic mitochondria, it follows that the TCA
cycle (and the pathways that feed into it) and/or the ETC are a significant cause of
this deficit (summarised in Figure 1.4). Indeed, it has been demonstrated that human
DMD muscle has a significant down-regulation of oxidative phosphorylation genes
(Timmons et al., 2005, Kotelnikova et al., 2012).
In the majority of studies researching the oxidative capacity of human and
animal dystrophic mitochondria (and even dystrophic cells), impaired handling of
pyruvate is evident (Olson et al., 1968, Martens et al., 1980, Shumate et al., 1982,
Liang, 1986, Glesby et al., 1988, Bhattacharya et al., 1993, Chinet et al., 1994,
Kuznetsov et al., 1998, Faist et al., 2001, Onopiuk et al., 2009, Rybalka et al., 2014).
Furthermore, the addition of substrates that stimulate the TCA cycle, including
malate (Martens et al., 1980, Glesby et al., 1988, Bhattacharya et al.,1993,
Kuznetsov et al., 1998, Faist et al., 2001, Rybalka et al., 2014) and glutamate (Olson
et al., 1968, Kuznetsov et al., 1998, Rybalka et al., 2014) (with glutamate content
increased in mdx diaphragm (Griffin et al., 2001)) have been consistently reported to
produce lower oxidation rates compared to healthy controls, even in combination
with other substrates. Addition of succinate, on the other hand, has been shown to
either restore (Ionǎşescu et al., 1967, Nylen and Wrogemann, 1983, Glesby et al.,
1988, Chinet et al., 1994) or at least partially restore oxidation rates to control levels
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(Martens et al., 1980, Bhattacharya et al., 1993, Kuznetsov et al., 1998, Rybalka et
al., 2014). This is a widely reported feature of dystrophin-deficient muscle
metabolism and as published by us recently, indicates that the metabolic deficit may
be located at complex I of the ETC (Rybalka et al., 2014). Alternatively, as it appears
that some enzymes of the TCA cycle do not function as normal – including succinic
CoA synthetase, aconitase, malate dehydrogenase and IDH (Cao et al., 1965, Chen
et al., 2000, Dudley et al., 2006b, Carberry et al., 2013, Matsumura et al., 2013) –
which would result in decreased production of reducing equivalents at the TCA level,
the ability of succinate to restore oxidative phosphorylation may lie in its ability to
bypass a defective TCA system and stimulate complex II of the ETC directly.
Various enzymes of the TCA cycle (in addition to complex V of the ETC) are
regulated by increases in intramitochondrial [Ca2+] (Figure 1.4A). PDH (indirectly
activated by Ca2+-activated phosphatase), α-ketoglutarate dehydrogenase and IDH
(at higher concentrations) are all allosterically activated as mitochondrial matrix
[Ca2+] rises (as reviewed in (Gellerich et al., 2010)). This results in the anaplerotic
expansion of TCA-generated reducing equivalents and a greater chemiosmotic drive
for, and faster speed of, ATP production at complex V. These enzymes should
theoretically be stimulated in dystrophic muscle (as free intracellular Ca2+ is
considerably higher at rest and during contraction (Turner et al., 1988, Maclennan et
al., 1991b, Kämper and Rodemann, 1992, Bakker et al., 1993, Hopf et al., 1996) to
increase Ca2+ buffering and remove the pathological stimulus. However, normal
stimulation of these enzymes by increased [Ca2+] appears to be absent in dystrophic
muscle as evidenced by decreased IDH activity (Dudley et al., 2006b). If IDH fails to
activate in response to the extremely high [Ca2+] observed in DMD, it may be that the
other Ca2+-sensitive enzymes are not responding appropriately either. The
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consequence of this is reduced ATP production and Ca2+ buffering capacity leading
to amplification of the pathological stimulus (i.e. [Ca2+]). In contrast, it has been
recently demonstrated that mdx mitochondria hypersensitively respond to a Ca2+
load to prematurely open the permeability transition pore (channel that initiates
mitochondrial death) (Pauly et al., 2012). This suggests that the inability of
dystrophic mitochondria to respond to an overwhelming Ca2+ stimulus by ramping up
ATP production, favours premature induction of pro-apoptotic pathways such that
cell death is the only viable outcome (Figure 1.5).
The decreased oxidation rates of the substrates that channel through the TCA
cycle appear to culminate at the ETC. In saponin-skinned mdx skeletal muscle
fibres, the maximal rate of respiration, as stimulated by the addition of ADP, was
nearly 50% lower regardless of the substrate used (Kuznetsov et al. 1998). Similarly,
isolated dystrophic mitochondria showed only ~60% of maximal respiration control
rates (Kuznetsov et al., 1998 Percival et al., 2013), while a biopsy from a DMD
patient revealed similar respiratory deficits (Kuznetsov et al., 1998). Additionally,
reduced ADP-stimulated (Martens et al., 1980, Nylen and Wrogemann, 1983,
Bhattacharya et al., 1993, Faist et al., 2001, Passaquin et al., 2002, Schuh et al.,
2012) and basal respiration has been reported (Wrogemann et al., 1973, Passaquin
et al., 2002, Onopiuk et al., 2009, Schuh et al., 2012, Godin et al., 2012), with further
reductions observed as the disease progresses (Olson et al., 1968). The ability of
mitochondria to aptly respond to the increased [Ca2+] and requirements of dystrophic
muscle appears to be further impaired as the spare respiratory reserve, which
indicates the ability for the ETC to increase ATP production in response to metabolic
challenge, is reduced by ~60% (Schuh et al., 2012).
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Figure 1.4. Widespread mitochondrial dysfunction in dystrophin-deficient skeletal muscle. The
TCA cycle (A) produces reducing equivalents (NADH and FADH2) which are fed into the ETC (B) for
ATP synthesis. In dystrophic muscle, impairments in TCA enzyme activity and intermediate oxidation
have been observed (as indicated by those enclosed in solid boxes with white writing). The ETC
utilises the reducing equivalents produced by the TCA cycle (B) to synthesis ATP via the coupled flow
of electrons to pumping of protons. In dystrophic muscle, impairments in the content and/or activity of
all complexes, in particular complex I, have been observed and severely impacts upon the ATP
producing capacity of the mitochondria.
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Figure 1.5. Challenging the accepted paradigm of DMD aetiology: the potential for metabolic
therapy to anaplerotically “correct” dystrophin-deficiency-mediated pathology. In the accepted
aetiology of DMD (blue box), the pathophysiology (purple box) and clinical outcomes (orange box) are
2+
the result of dystrophin- and dystrophin-associated protein (DAP)-complex-deficiency-mediated Ca
influx and homeostasis deregulation. Mitochondrial dysfunction is a secondary consequence of
2+
cellular Ca overload. In our hypothesised aetiology of DMD (green box), inherent mitochondrial
dysfunction is the precursor to dystrophic pathophysiology and not a secondary consequence of
dystrophin-deficiency as currently accepted. Inherent mitochondrial dysfunction would limit the ATP
2+
production required to buffer Ca from myofibres and organelles and maintain regenerative capacity,
thus driving the clinical phenotype. The application of metabolic therapy (MT) (green circles) would
2+
2+
target the impaired Ca
homeostasis, increased mitochondrial Ca
load and mitochondrial
2+
dysfunction to effectively buffer the Ca influx induced by dystrophin/DAP-deficiency and prevent the
subsequent pathophysiology.
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The decreased respiration rate of dystrophic mitochondria from both human and
various animal models may be mostly accounted for by the activities of the ETC
enzymes (Figure 1.4B). In mdx fibres of the quadriceps, the activities of rotenonesensitive NADH:cytochrome c reductase, succinate:cytochrome c reductase and
cytochrome c oxidase were found to be 50% of that in normal fibres (Kuznetsov et
al., 1998), with a 20-35% reduction in the activities of complexes I, II and IV in mdx
fibres of the tibialis anterior (Godin et al., 2012) and an ~30% decrease in complex I
activity in 129/ReJ-dy mitochondria following NADH addition (Martens et al., 1980).
Moreover, in both the fast-twitch EDL and slow-twitch soleus (SOL) of the mdx
mouse, NADH activity is reduced (Jahnke et al., 2012), with mdx myoblasts
expressing a decreased complex III and V content (Onopiuk et al., 2009). There is
also a significant decrease in the expression of genes encoding the subunits of
complexes I, II, III and IV in DMD muscle (Chen et al., 2000). Ultimately, the maximal
ATP synthesis rate is reduced by up to 75% in mitochondria isolated from dystrophic
skeletal muscle (Percival et al., 2013, Rybalka et al., 2014). Similar respiratory
dysfunction is observed in the brain of the mdx mouse. Decreased activity of
complexes I and IV is observed throughout various sections of the brain (Tuon et al.,
2010) indicating that despite not being strongly involved in the pathological
progression of the disease, the brain still manifests similar metabolic deficits as per
the skeletal musculature.
In addition to the content and activity of isolated complexes of the
mitochondrial respiratory chain, functional measures of mitochondrial performance
are challenged in dystrophin-deficient skeletal muscle. Dystrophic mitochondria
exhibit reduced respiratory control, ADP/oxygen (O) and P/O ratios (Ionǎşescu et al.,
1967, Olson et al., 1968, Jato-Rodriguez et al., 1972, Wrogemann et al., 1973, Nylen
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and Wrogemann, 1983, Liang, 1986, Glesby et al., 1988, Bhattacharya et al., 1993,
Percival et al., 2013), all of which indicate that dystrophic mitochondria are not as
tightly coupled as healthy mitochondria, thus reducing the phosphorylation potential
(Kemp et al., 1993) as evidenced by the 40% reduction in ATP produced per O2
molecule consumed (Percival et al., 2013). This mismatch of ATP production to O2
consumption infers uncoupled respiration. Uncoupling refers to any process that
impacts upon the P/O ratio and subsequently depletes the potential energy. This
includes loss of protons due to inefficient proton pumping by the ETC complexes,
leak of electrons from the respiratory chain and activity of uncoupling proteins. Both
uncoupling proteins and a leaky inner membrane promote proton loss from the
intermembrane space of the mitochondria resulting in dissipation of the mitochondrial
membrane potential (∆Ψ). While uncoupling is thought to provide protective effects
as it can buffer reactive oxygen species (ROS) produced by electron leak from the
respiratory chain, prolonged uncoupling can lead to severe mitochondrial impairment
and death (as reviewed in (Kadenbach, 2003)).
The NAD/NADH ratio is an important regulator of metabolism (Stein and Imai,
2012). NAD is a cofactor at multiple sites of the TCA cycle and in glycolysis, where it
is reduced to NADH and oxidised at complexes I, III and IV of the ETC. This
generates the ∆Ψ which is the driving force for ATP production. Therefore,
maintaining the NAD/NADH ratio is imperative, albeit seemingly difficult in dystrophic
muscle due to the decreased total intramitochondrial NAD pool (Martens et al.,
1980). Moreover, as the NADH produced at the glycolytic level is dependent upon
the malate-aspartate and glycerol-3-phosphate shuttles to enter the mitochondria,
and these rely on glutamate oxidation (which is notably decreased in dystrophic

33

muscle (Olson et al., 1968, Kuznetsov et al., 1998, Rybalka et al., 2014)), glycolysisgenerated NADH may be largely prevented from contributing to respiration.
Together, this indicates that the NAD/NADH ratio is unable to suitably modulate
metabolic function due to other confounding factors that impair the maintenance of
the NAD and NADH pool at the mitochondrial level.
1.3.4.2

Mitochondrial Morphology & Density

Mitochondria exist in two distinct pools – located beneath the sarcolemma
(subsarcolemmal) and at the I band and intermyofibrillar space of the contractile
apparatus (intermyofibrillar) (Hood, 2001). Subsarcolemmal mitochondria account for
10-15% of the mitochondrial pool and supply ATP for Ca2+ handling, ion transport,
membrane function and the peripheral nuclei while also assisting with glucose
homeostasis and lipid utilisation (Hood, 2001). Intermyofibrillar mitochondria
constitute up to 90% of the mitochondrial pool and provide ATP for contraction.
Intermyofibrillar mitochondria differ from subsarcolemmal mitochondria in that they
maintain a higher respiratory rate via increased mitochondrial enzyme activity (Hood,
2001). Despite their differences, both pools of mitochondria share a networking
system that allows them to translocate to areas of increased metabolic demand.
Thus, mitochondria are extremely responsive to changes in isolated regions of the
intracellular environment.
In mdx skeletal muscle, a decrease in mitochondrial mass has been reported
(Godin et al., 2012, Jahnke et al., 2012). This is partnered with a decrease in the
density of subsarcolemmal mitochondria and the accrual of intermyofibrillar
mitochondria around necrotic and regenerating fibres with no change in overall
mitochondrial number (Percival et al., 2013). This suggests that either the
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subsarcolemmal mitochondria are translocating to support the intermyofibrillar
mitochondrial pool or require the presence of dystrophin for scaffolding to remain at
their

proper

location.

Decreased

density

would

be

detrimental

as

the

subsarcolemmal mitochondria play a role in Ca2+ handling and lipid metabolism,
which may partially explain the inability to appropriately handle the stress applied by
Ca2+ and the deficits observed in β-oxidation. Moreover, in human DMD biopsies, an
increased population of dense and dilated mitochondria have been observed
(Mastaglia et al., 1970, Cullen and Fulthorpe, 1975, Watkins and Cullen, 1987)
along with changes in cristae shape and density (Pearce, 1966). Swollen
mitochondria are also evident in the mdx mouse (Cullen and Jaros, 1988, Tidball et
al., 1995, Pauly et al., 2012) along with morphologically abnormal cristae structure
(Pauly et al., 2012). While morphological changes of the mitochondria are generally
resultant of fibres undergoing degeneration and necrosis, it appears this swollen
morphology may exist outside of an environment conducive to swelling (Rybalka et
al., 2014). Isolated mdx mitochondria bathed in a Ca2+-free environment have been
shown to be more swollen than mitochondria isolated from healthy animals (Rybalka
et al., 2014). While this could be a residual effect of an extreme pre-isolation in vivo
Ca2+ environment, it may also be an inherent feature of the disease as alterations in
mitochondrial architecture, morphology and localisation are apparent in female DMD
carriers that do not manifest dystrophinopathy (Afifi et al., 1973). If so, this inherent
swollen morphology would affect mitochondrial functionality, due to the altered
cristae structure described previously (Afifi et al., 1973), as changes in cristae shape
have recently been shown to alter ETC supercomplex assembly (Cogliati et al.,
2013). Together, this decrease in mitochondrial mass and inherent swollen
morphology strongly suggest that metabolic impairments in DMD are an inherent
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feature of the genotype, and this is worsened by the persistent elevation of Ca2+.

1.3.5 The Creatine Phosphagen System
The creatine phosphagen (Cr/PCr) system is an important buffering system to
maintain ATP levels, especially during exercise (as reviewed in (Clark, 1997)). CK
exists both in the cytosol and mitochondria and reversibly phosphorylates Cr to
produce ADP and PCr at the expense of ATP hydrolysis; and dephosphorylates PCr
to produce ATP and Cr using ADP as a substrate. Activity of the Cr/PCr system
assists metabolism in a couple of ways: (1) mitochondrial CK is coupled to oxidative
phosphorylation, therefore stimulating respiration and (2) phosphorylation of PCr
minimises nucleotide loss by sequestering ADP before it is further dephosphorylated
in the PNC. Thus, it is an important support system in skeletal muscle.
It has been consistently reported that there are significant deficiencies in the
Cr/PCr system within dystrophic skeletal muscle (summarised in Figure 1.6).
Decreases in PCr (Ronzoni, 1958, Vignos Jr and Warner, 1963, Fitch and
Rahmanian, 1969, Samaha, 1981, Newman et al., 1982, Griffiths et al., 1985,
Younkin et al., 1987, Dunn et al., 1991, Pulido et al., 1998, Sharma et al., 2003), Cr
(Vignos Jr and Warner, 1963, Fitch and Rahmanian, 1969, Griffin et al., 2001,
Sharma et al., 2003, Martins-Bach et al., 2012) and total Cr content (Vignos Jr and
Warner, 1963, Ionasescu et al., 1981, Louis et al., 2004), the PCr/Pi (Newman et al.,
1982, Griffiths et al., 1985, Younkin et al., 1987,) and PCr/ATP ratios (Newman et
al., 1982, Kemp et al., 1993 Griffiths et al., 1995), along with increased activity of CK
in blood (Hootan, 1966, Shaw, 1967, Drummond, 1979, Hamada et al., 1981, Zatz et
al., 1991, Felber et al., 2000) indicating its loss from muscle, are common nuances
of dystrophic muscle. Indeed, it has been demonstrated in dystrophic mice (129
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strain) that despite increased Cr uptake by the sodium-dependent Cr transporter
(Fitch and Rahmanian, 1969), urinary Cr excretion is 2-fold greater (reflective of
decreased turnover rate) compared to healthy mice (Fitch et al., 1961), indicating a
deficit in Cr rephosphorylation and retention (Fitch and Moody, 1969). Increased
urinary Cr excretion is also observed in human dystrophic muscle (Benedict et al.,
1955) with shifts in the proportions of the 3 isoenzymes of CK (muscle, mitochondrial
and brain) expressed in dystrophic muscle (Kuby et al., 1977 Ionasescu et al., 1981).
The presence of the brain isoenzyme suggests that dystrophic muscle expresses a
fetal muscle phenotype (Kuby et al., 1977, Ionasescu et al., 1981) which is most
likely reflective of the ongoing regeneration occurring. As the Cr/PCr system assists
in ATP rephosphorylation to fuel contraction and the sequestration of Ca2+ into the
sarcoplasmic reticulum via the linked CK (Spitzer et al., 1981), dysfunction in this
system would be highly detrimental to dystrophic muscle.
The capacity to resynthesise ATP via the Cr/PCr system also appears to be
impaired, as PCr content in dystrophic muscle has been shown to be reduced by up
to 35% (Ronzoni, 1958, Vignos Jr and Warner, 1963, Fitch and Rahmanian, 1969,
Samaha, 1981, Newman et al., 1982, Griffiths et al., 1985, Younkin et al., 1987,
Dunn et al., 1991, Pulido et al., 1998, Felber et al., 2000). PCr is an abundant form
of high-energy in muscle (Clark, 1997), thus reduced PCr content in dystrophic
muscle infers a reduced total phosphate pool. As PCr hydrolysis supports
mitochondrial respiration in times when ATP utilisation outweighs ATP production
(Figure 1.6), diminished substrate availability would exacerbate the capacity of
dystrophic mitochondria to buffer transient metabolic stress. As such, improving the
capacity of the Cr/PCr system to replenish depleted ATP stores and prevent ADP
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loss through the PNC would be beneficial in dystrophic muscle, as has been
consistently proven using dietary Cr supplementation (reviewed in section 1.7.1).

1.3.6

Purine Nucleotide Salvage & De Novo Synthesis

During metabolic stress – such as that evident during high-intensity exercise –
and/or catabolism, when ATP rephosphorylation rate cannot match demand, purine
nucleotides are systematically degraded to hypoxanthine, adenine and guanine
within skeletal muscle (Figure 1.7). Following normal recovery conditions, up to 90%
of them are capably resalvaged via the PNC to replete resting ATP stores.
Consisting of three enzymes: adenosine monophosphate (AMP) deaminase,
adenylosuccinate synthetase and adenylosuccinase; the PNC converts AMP to
inosine monophosphate (IMP) and adenylosuccinate (and back to AMP), producing
ammonia and fumarate in the cytosol (Lowenstein, 1972). Fumarate, which can also
be converted to malate (Flanagan et al., 1986) via cytosolic fumarase, is transported
into the mitochondria via the malate-aspartate shuttle to anaplerotically expand the
TCA cycle and increase ATP production. Further to this, the production of AMP from
adenylosuccinate allows for the rephosphorylation of ADP via the adenylate kinase
(AK) reaction which can then return to the mitochondria for the synthesis of ATP
(Figure 1.7). Therefore, the PNC is an important cytosolic pathway which conserves
purine nucleotides that can expand ATP synthesis.
As with the other metabolic pathways, deficits in enzyme activity of the PNC
have been observed (summarised in Figure 1.8), albeit it has not been investigated
in the mdx mouse model. In 129/ReJ-dy (Pennington, 1963), C57BL/6J-dy/dy
(Sanada and Yamaguchi, 1979), C57BL/6J- dy2Jdy2J (Fitt and Parliament, 1982)
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Figure 1.6. Creatine phosphagen (Cr/PCr) system function in skeletal muscle. The Cr/PCr system is involved in maintaining the energy pool in skeletal muscle, especially
during acute metabolic stress. The translocation of ADP via adenine nucleotide translocase (ANT) into the mitochondrial matrix promotes the rephosphorylation of ATP via
complex V of the ETC. This ATP is then translocated across the inner mitochondrial membrane and utilised by mitochondrial creatine kinase (Mi-CK), along with Cr, to produce
PCr and ADP which can be shuttled back into ATP rephosphorylation at complex V. In the cytosol, CK rephosphorylates ADP produced during cellular work to replenish ATP
stores. In dystrophin-deficient skeletal muscle, CK, PCR, Cr and functional ratios are impaired (as indicated by those enclosed in solid boxes with white writing).
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and Bar Habor (Pennington, 1961) dystrophic skeletal muscle, AMP deaminase
activity demonstrably decreases with age. Similar findings are observed in human
skeletal muscle biopsies from DMD patients (van Bennekom, 1984) in addition to
decreased [IMP] (Camiña et al., 1995). Additionally, the activity of adenylosuccinate
synthetase is decreased (Sanada and Yamaguchi, 1979, Fitt and Parliament, 1982)
subsequently reducing adenylosuccinate content in dystrophic muscle (Fitt and
Parliament, 1982). This indicates a decreased capacity for the conversion of
adenylosuccinate to AMP in the PNC which would (1) reduce the production of
fumarate and anaplerosis of the TCA cycle; (2) reduce cycling of the PNC; and (3)
decrease the availability of AMP for rephosphorylation. Therefore, targeting this
pathway to increase anaplerotic capacity and increase the adenine nucleotide pool
may be beneficial for metabolically impaired dystrophic muscle.
Two products of PNC activity, AMP and IMP, can be utilised as substrates for
ATP (via ADP) resynthesis, or be further degraded if ADP levels exceed
mitochondrial phosphorylation potential. With respect to salvage, AMP is
rephosphorylated to ADP via AK. In dystrophic muscle, both the activity (Pennington,
1963, van Bennekom, 1984, Ge et al., 2003) and content (Ge et al., 2003) of AK is
demonstrably decreased (Figure 1.7). Increased serum activity suggests that AK is
lost from skeletal muscle as a direct consequence of the leaky dystrophin-deficient
membrane (Hamada et al., 1981). Decreased AK activity severely compromises the
cellular capacity for purine salvage, thus increasing the flux of adenine nucleotides
from skeletal muscle and increasing the need for de novo ATP synthesis. As such,
AK is an important metabolic sensor and regulator of adenine nucleotide
homeostasis (Ge et al., 2003). When salvage is insufficient, IMP can be further
degraded to inosine (which is normally absent in healthy muscle but observed in
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50% of dystrophic muscle biopsies (Ronzoni, 1958)) and lost to the bloodstream as
uric acid. This is an unfavourable outcome as both inosine and hypoxanthine can be
resalvaged for upstream ATP rephosphorylation. To ensure cellular energy
homeostasis, adenine nucleotides that are lost from skeletal muscle are repleted via
de novo synthesis which is an extremely energy consuming process. De novo purine
nucleotide synthesis utilises ribose-5-phosphate, a product of the pentose phosphate
pathway, which is sequentially converted in a series of steps to produce IMP, a
precursor for AMP and guanosine monophosphate.
While de novo synthesis does produce intermediates that can be funnelled
into ATP rephosphorylation (i.e. fumarate, ADP and IMP), it also consumes a
considerable amount of ATP (6 molecules). Therefore, the loss of purines would be
highly detrimental as use of this pathway would induce further ATP demand from an
already small ATP pool in dystrophic muscle. Indeed, increased uric acid excretion in
the urine has been reported in DMD (de Bruyn et al., 1980, Bertorini et al., 1981,
Camiña et al., 1995) indicating loss of essential purines from dystrophic muscle, and
perhaps more importantly, a failure of the cellular metabolic systems to maintain
energy homeostasis. As intensely exercised muscle generally exhibits transient
increases in urinary excretion of purines due to higher ATP turnover, this data
suggests that the metabolic profile of dystrophic muscle is consistent with extreme
metabolic stress (Bertorini et al., 1981), albeit persistently.
1.4

Dystrophic muscle does not respond normally to master energy signals
In healthy skeletal muscle, ATP depletion induced by metabolic, nutritional

and/or environmental stressors (including intense exercise and hypoglycaemia)
stimulates ATP-producing pathways to restore energy homeostasis (as reviewed in
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(Viollet et al., 2003)). One important regulator of this switch from ATP-consuming
(anabolic) to ATP-producing (catabolic) pathways is adenosine monophosphateactivated protein kinase (AMPK), a major sensor of cellular energy status. Induced
by rises in the AMP/ATP ratio (Figure 1.7), AMPK stimulates glucose uptake,
glycolysis, fatty acid oxidation (Viollet et al., 2003, Wang et al., 2011) and various
TCA cycle and ETC enzymes (Winder et al., 2000), while also modulating
expression of a suite of genes – including PGC-1α – that increase mitochondrial
biogenesis. Thus, AMPK activation favours the oxidative fibre phenotype, which is
highly beneficial in dystrophic muscle as this fibre type is less affected by the
disease (Webster et al., 1988) and therefore may offer protection from damage. In
addition, AMPK appears to play a significant role in muscle remodelling as it
stimulates autophagy. Autophagy is a catabolic pathway that breaks down cellular
components when they are in excess or damaged, or, to provide fuel sources in
times of metabolic challenge (as reviewed in (Neel et al., 2012)). Therefore, AMPK is
a positive stimulator of metabolism, controlling the supply of fuel to various metabolic
pathways and initiating remodelling to improve muscle structure and function.
Considering that AMPK positively modulates metabolism, stimulates targeted
remodelling of muscle to improve oxidative capacity and is activated by ATP
depletion, AMPK activation should, theoretically, be enhanced in dystrophic skeletal
muscle. Indeed, Pauly et al. demonstrate a higher basal AMPK activation in mdx
diaphragm, highlighting that metabolic stress-induced signalling pathways are
appropriately activated in dystrophic muscle (Pauly et al., 2012). However, when the
AMPK-activator metabolite 5’-aminoimidazole-4-carboxamide-1-β-ᴅ-ribofuranoside
(AICAR) was given to mdx myotubes in vitro and to 6 week old mdx mice via daily
intraperitoneal injection, AMPK activation was further enhanced compared to
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Figure 1.7. Adenylate kinase (AK) dysregulation in dystrophin-deficient skeletal muscle. AK dysfunction leads to the accumulation of AMP during metabolic stress and
the irreversible loss of adenine nucleotides from skeletal muscle as hypoxanthine/inosine. This leads to increased serum concentration and renal excretion of uric acid. High
AMP levels also activate the metabolic sensor molecule AMP-activated protein kinase (AMPK) to inhibit anabolic- and stimulate catabolic-signalling pathways to increase
nutrient availability to metabolism and reduce energy expenditure.
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Figure 1.8. The consequences of dysfunctional Purine Nucleotide Cycle (PNC) activity in dystrophin-deficient skeletal muscle. In healthy skeletal muscle, the PNC
cycles IMP (from degraded adenine nucleotides) to re-salvage AMP, ADP and ATP while stimulating mitochondrial function via fumarate production. In dystrophin-deficient
skeletal muscle, key enzymes of the PNC are dysfunctional (as indicated by those in solid boxes with white writing) which leads to the degradation and loss of IMP from
skeletal muscle as hypoxanthine/inosine and reduced stimulation of the mitochondrial TCA cycle (as indicated by broken arrows). The muscle must then rely on de novo
synthesis to replenish the adenine nucleotide pool at the expense of ATP consumption.
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untreated conditions. In the mdx mice in particular, AICAR treatment had several
beneficial effects including increased activation of autophagic signalling proteins,
maximal force production and time to permeability transition pore opening in
response to Ca2+ challenge (Pauly et al., 2012). Most noteworthy however, was that
despite AICAR inducing an ~50% increase in activated AMPK, only minimal
increases were observed in acetyl CoA carboxylase phosphorylation (the
downstream target of AMPK activity) and this failed to induce any changes in
oxidative metabolism including activity of citrate synthase, cytochrome oxidase and
mitochondrial O2 consumption. This data importantly highlights that while dystrophindeficient muscle can ably detect metabolic stress, the downstream response of the
metabolic systems to AMPK-regulation fails to improve ATP synthesis to abate this
stress.
The plasticity of the skeletal musculature in response to isolated and chronic
exposure to metabolic stress is afforded via the induction of a slow-type oxidative
phenotype. In a study that compared global gene expression responses between
skeletal muscle from metabolically-challenged endurance-trained (6 weeks)
individuals who had been previously sedentary, and DMD patients, ~90 genes were
shown to be modulated identically (Timmons et al., 2005). This highlights that strong
metabolic challenge is a feature of dystrophinopathy and that it invokes similar
responses as per chronic endurance exercise. However, while the expression of
genes regulating oxidative phosphorylation was increased following endurance
training as expected, they were differentially down regulated in muscle from DMD
patients (Timmons et al., 2005). These included genes of carbohydrate, glycogen
and mitochondrial metabolism (Timmons et al., 2005). Thus, while DMD muscle
adapts on a genetic level to metabolic stress as per endurance trained athletes, this
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stress seems not to induce the regular adaptations at the mitochondrial level to
enhance the ATP production capacity of the skeletal musculature. It has been well
established in the literature that inducing type I oxidative fibre type transformations
pharmacologically and genetically, affords therapeutic value to dystrophin-deficient
skeletal muscle by reducing the rate of disease progression (Chakkalakal et al.,
2003, Chakkalakal et al., 2004, Angus et al., 2005, Chakkalakal et al., 2006), as type
II fibres are preferentially affected (Webster et al., 1988, Karpati et al., 1988). This
can be promoted by the activation of AMPK (Ljubicic et al., 2011, Ljubicic et al.,
2012, Jahnke et al., 2012, Ljubicic and Jasmin, 2013, Al-Rewashdy et al., 2014) and
its downstream targets (Handschin et al., 2007, Selsby et al., 2012, Bueno Júnior et
al., 2012, Godin et al., 2012). However, a recent study by Al-Rewashdy et al. (AlRewashdy et al., 2014) suggests that the beneficial effects of a slow type I
phenotype is functionally related to enhanced utrophin A expression as in
dystrophin/utrophin double knock-out mice, AICAR administration afforded no benefit
– in comparison, therapeutic benefit was observed in mdx mice. Thus whether
AMPK activation can suitably induce benefits at the mitochondrial level to buffer
metabolic demand remains unclear.
Another important role more recently identified for AMPK is regulation of the
targeted removal of dysfunctional organelles/structures via autophagy. It has been
observed that mdx diaphragm is laden with dysfunctional mitochondria characterised
by morphological abnormalities and an increased propensity to open the permeability
transition pore (Pauly et al., 2012). The removal of dysfunctional mitochondria is
strongly regulated in healthy skeletal muscle (Sandri, 2010), albeit background
mitophagic activity is typically low due to the relatively low ratio of unhealthy/healthy
mitochondria. However, in dystrophic skeletal muscle, there is reduced propensity for
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sufficient and/or functional mitophagy leading to the accumulation of defective
mitochondria, particularly in the subsarcolemmal pool (De Palma et al., 2014).
Ineffective autophagic signalling induction has been demonstrated in mdx (De Palma
et al., 2014) and human DMD (Pauly et al., 2012, De Palma et al., 2014) skeletal
muscle with AMPK activation seemingly central to the problem. Both AICAR and low
protein diet-induced AMPK activation demonstrably increases the activity of proautophagic pathways and ameliorates the dystrophic condition (Pauly et al., 2012),
indicating that improving the clearance of dysfunctional mitochondria is beneficial.
Thus while Pauly et al. (Pauly et al., 2012) have demonstrated enhanced
endogenous AMPK signalling in dystrophin-deficient skeletal muscle, it appears
insufficient to match the extent of mitochondrial pathology evident in DMD without
therapeutic support.
1.5

The Dystrophin-ATP Connection: Is a mitochondrial disease at the heart
of DMD?
Several hypothetical review and original research papers have both

historically and more recently proposed that the lack of dystrophin protein may not
be the primary cause of the progressive and fatal degeneration observed in DMD,
but rather a co-morbidity (Bonsett and Rudman, 1992, Lucas-Heron, 1995, Onopiuk
et al., 2009, Kelly-Worden and Thomas, 2014, Górecki, 2016). Within this review, a
plethora of mitochondrial defects (in addition to many others of substrate feeder
pathways that are allosterically regulated by the functional capacity of the
mitochondria) have been described that are also commonly observed in
mitochondrial diseases and in senescence. Indeed, DMD shares common metabolic
and mitopathological features with various mitochondrial diseases and with aged
skeletal muscle (Baron et al., 2011), including often comparable symptomology. In
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addition a more recent study has shown that mitochondrial dysfunction exists in “pre”
dystrophin-deficient myoblasts prior to the “typical” cascade of events that are
commonly believed to cause the progressive muscle degeneration and wasting
evident in DMD (Onopiuk et al., 2009). Collectively, this literature importantly
suggests a mitochondrial aetiology of DMD, and is discussed in more detail herein.
Because skeletal muscle accounts for ~40-50% of body weight and ~30% of
oxygen consumption at rest, it is an important regulator of overall metabolism. As
such, mitochondrial deficits manifest vastly in the skeletal musculature (in addition to
brain, heart and liver) and are characteristic of many mitochondrial diseases.
Mitochondrial disease can arise from mutations in the maternally inherited
mitochondrial DNA (mtDNA), and less commonly in the nuclear DNA. mtDNA resides
in the matrix and encodes for the hydrogen pumping regions of the respiratory chain
complexes, highlighting its integral role in the regulation of metabolism (as reviewed
in (Wallace, 1999)). However due to its proximity to the respiratory chain, mtDNA is
extremely vulnerable to mutation, most commonly by ROS produced by the
respiratory complexes (Yakes and Van Houten, 1997, Lin et al., 2003). Initially, this
has minimal effect on mitochondrial function, until the number of mutant mtDNA
outnumbers wild-type mtDNA. As mutant mtDNA accumulates, the bioenergetic
capacity of the cell diminishes. Several diseases including mitochondrial
encephalomyopathy, lactic acidosis and stroke-like episodes (MELAS), Leigh’s
syndrome and the classical mitochondrial dystrophies result from mtDNA mutations
and manifest themselves as multisytemic diseases. These mitochondrial diseases
share common features with DMD including mental impairment, skeletal muscle
weakness, cardiomyopathy and multisystem metabolic dysfunction (as reviewed in
(Wallace, 1999, DiMauro and Davidzon, 2005)). Reduced activities of complex I, III,
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IV and V of the ETC, increased ROS production and decreased ATP synthesis are
common nuances of mitochondrial diseases and DMD (DiMauro and Davidzon,
2005). The fact that dystrophin is encoded and expressed normally in these
diseases, but that they share clinical features with dystrophinopathy indicates the
potential for a common disease origin not relating to dystrophin-deficiency.
As the majority of ETC complexes (excluding complex II) are partially
encoded by mtDNA and reports exist that describe mitochondrial dysfunction in DMD
carriers that express dystrophin (Bonilla et al., 1988), maternal mtDNA inheritance
would be a likely theoretical origin of such a mitochondrial mutation. Female carriers
of the dystrophin gene mutation on one of their X chromosomes commonly express
normal levels of dystrophin (albeit sporadic dystrophin-deficient fibres have been
reported (Bonilla et al., 1988)). As such, they do not manifest DMD. However,
despite lacking phenotypic pathology, deficits in mitochondrial responses to exercise
have been reported. Carriers are unable to perform muscle work at the same level
as controls and their Pi/PCr ratio is higher for corresponding work levels (Barbiroli et
al., 1992a, Barbiroli et al., 1992b). This supports an inability of the mitochondria to
sufficiently replenish the Cr/PCr system during activity. Post-exercise recovery of the
PCr/Pi ratio is also much slower in carriers (Barbiroli et al., 1992b), demonstrating
that mitochondrial insufficiency is also apparent at rest. Additionally, sharp increases
in serum CK activity are observed following exercise in carriers but are absent in
healthy exercised individuals (Stephens and Lewin, 1965, Thomson, 1969). Notably,
the co-occurrence of a mtDNA mutation in a family with extensive history of DMD
has also been observed (Wong et al., 2004), which adds further credence to the
ideation of mtDNA mutation underscoring DMD pathology.
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If not inherited, another likely origin of mtDNA mutation is via the rapidly
progressive accumulation of ROS-induced mutations that are not too dissimilar to
those that underscore senescence as described in the popular mtDNA accumulation
theory of aging (reviewed in (Hiona and Leeuwenburgh, 2008)). Aging muscle
shares many symptomatic characteristics of dystrophic muscle including fatigability,
muscular weakness and atrophy, and mitochondrial dysfunction. In aging muscle, it
appears that accumulation of mutant mtDNA leads to mitochondria that are
characterised by decreased oxidative capacity, increased oxidative stress and
decreased ATP synthesis (as reviewed in (Wallace, 1999, Dirks et al., 2006)) which
impairs muscular function. Of note, a characteristic feature of senescent
mitochondria is a reduction in spare respiratory capacity (Desler et al., 2012) which
renders mitochondria unable to adapt to increased energy demand, thus promoting
fatigue, exercise intolerance and progressive muscle wasting (sarcopenia) which are
all symptoms of DMD. Indeed, both aged and dystrophic muscles display
deregulation of the same genes involved in metabolism (Baron et al., 2011) which
highlights once more the possibility of mtDNA mutation involvement in DMD.
Perhaps one of the more compelling pieces of evidence that mitochondrial
dysfunction is an inherent feature of DMD is a recent finding by Onopiuk and
colleagues (Onopiuk et al., 2009). Using myoblasts from control and mdx mice, it
was observed that mdx myoblasts exhibit changes to several mitochondrial
functional parameters including decreased basal oxygen consumption, increased
mitochondrial membrane potential and ROS production (~70% higher) and
decreased complex III and V content (Onopiuk et al., 2009). Remarkably, these
metabolic changes are observed at a time when dystrophin is yet to be expressed in
myoblasts (Klamut et al., 1989). In both control and mdx myoblasts, dystrophin
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expression was neglible, despite an mRNA transcript evident in control myoblasts
(Onopiuk et al., 2009). Myoblasts express a different metabolic phenotype to
myotubes including a greater dependence on glycolysis (Leary et al., 1998).
Glycolysis pacifies ~60% of energy demand (Leary et al., 1998) and mdx myoblasts
demonstrably produce more lactate (Onopiuk et al., 2009) indicating heavy reliance
on glycolytic flux. This appears to be pertinent to mdx myoblasts as the basal rate of
respiration following the addition of glucose and pyruvate was depressed compared
to controls (Onopiuk et al., 2009), suggesting that further oxidation of intermediates
in the mitochondria is impaired. The authors concluded that the metabolic
dysfunction in mdx myoblasts is independent of dystrophin-deficiency as deficits
were observed in mdx myoblasts prior to the time of dystrophin expression.

1.6

Clinical Case Studies
There are now several case studies in the literature documenting either dual

mtDNA and nuclear dystrophin gene mutations in family pedigrees (Wong et al.,
2004) or dystrophin gene abnormalities with pseudometabolic presentation (Romero
et al., 2001, Veerapandiyan et al., 2010). A case study by Wong and colleagues
(Wong et al., 2004) describes the presentation of an adolescent male with a strong
family history of DMD but who does not express the genotype himself, with
complicated seizure disorder, congenital heart disease and developmental delay.
Suspected mitochondrial respiratory chain disorder was confirmed with sensitive
DNA analysis, in which low levels of heteroplasmic A3243G mutation was detected
in the mtDNA. The diagnosis of MELAS disorder was made following respiratory
enzyme analysis that revealed significantly elevated complex IV activity without
gross mitochondrial cytopathy (albeit some mitochondria displayed altered cristae
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structure and were morphometrically abnormal). The patient carried low mutant
loads in all tissues analysed – 6%, 8%, 12%, 17% and 9% for blood, hair follicle,
buccal mucosa, skeletal muscle and skin fibroblast cultures, respectively. The
mutation appeared to have occurred de novo as it was not detected in the maternal
mtDNA from blood, hair follicle or buccal mucosa cells, albeit this could not be
confirmed given the relatively low mutant load found in the patient. Similar cases of
mtDNA mutation in the background of other, more severe nuclear gene mutations
(such as cystic fibrosis and spinal muscular atrophy) have been reported by the
same group (Lam et al., 1997, Wong et al., 2003) highlighting the propensity for dual
mitochondrial and nuclear gene mutations that are difficult to diagnose due to broad
and often competing symptomologies.
The pseudometabolic presentation of DMD due to missense mutations in the
dystrophin gene has also been documented. Romero and colleagues (Romero et al.,
2001) report three male adolescents presenting with exercise-induced myalgia,
muscle stiffness, and myoglobinuria following strenuous exercise – all symptoms of
metabolic diseases including glycogen storage disorder, fatty acid oxidation disorder
and mitochondrial cytopathy. All patients were found to have a hemizygous T-to-C
mutation in exon 15 of the DMD gene resulting in an amino acid substitution of
leucine to proline at codon 575. Immunohistochemcial staining of dystrophin and
other proteins of the DPC was normal as was western blot analysis for dystrophin
quantity and size. A further two reports of the same missense mutation inducing
recurrent rhabdomyolysis has been reported (Aartsma-Rus et al., 2006). These case
studies highlight symptoms characteristic of metabolic disease that are seemingly
induced by dystrophin gene point mutations but which are not phenotypically
associated with dystrophin protein expression abnormalities.
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Most recently, several studies by the same group have documented the
clinical history of canine models of muscular dystrophy (Zucconi et al., 2010, Zatz et
al., 2015, Vieira et al., 2015b) and dystrophin-deficient human DMD patients (Zatz et
al., 2014) that express a mild disease phenotype and in some instances, a normal
lifespan, despite the absence of dystrophin. Zucconi et al. (Zucconi et al., 2010) and
Zatz et al. (Zatz et al., 2015) describe the clinical history of a golden retriever
muscular dystrophy dog, Ringo, and his male offspring, Sulfair, who display absent
dystrophin production, unremarkable utrophin regulation, hallmark histopathological
features of skeletal musculature and extreme elevations in serum CK levels as per
phenotypically normal severely-affected dogs, but are seemingly able to buffer this to
maintain muscle mass, ambulation and a normal life span. Ringo died at 11 years of
age from dilated cardiomyopathy – this is in stark contrast to the 1-2 year life span of
severely affected littermates. A similar canine colony has been reported in a
Labrador retriever muscular dystrophy model (Vieira et al., 2015b) which also
displays the absence of dystrophin – albeit the precise mutation on the dystrophin
gene was not elucidated in this study – and are asymptomatic. This protection
seems related to the overexpression of the Jagged1 gene which enhances skeletal
muscle proliferative capacity and

therefore repair and regeneration of damaged

muscle (Vieira et al., 2015a). Finally, in human DMD patients, Zatz et al. (Zatz et al.,
2014) have reported half-brothers with comparable, minimal (near absent) levels of
dystrophin expression, elevated serum CK levels and pathological histological
parameters, but who express widely variable phenotypic progression of DMD. While
one brother has progressed through a normal disease course with onset of
symptoms at 3 years, diagnosis at 7 years and loss of ambulation at 9 years, the
older brother shows mild signs of muscle weakness and physical dysfunction with
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mild calf hypertrophy, but maintains normal ambulatory capacity at 16 years of age.
The same paper describes a third case of an unrelated male 16 year old adolescent
who displayed normal phenotypic DMD at age 7 years when diagnosis was made,
but who now displays only mild weakness and calf hypertrophy and is fully
ambulatory. Other isolated case studies exist documenting the complete absence of
dystrophin expression but a mild DMD phenotype (Dubowitz, 2006, Castro-Gago,
2015). Collectively, these clinical cases strongly suggest that the loss of dystrophin
expression is not the sole contributor to the pathological deterioration of skeletal
muscle in DMD, and while indeed promoting sarcolemmal leakiness and significant
damage, dystrophin-deficiency can be effectively buffered by adaptive mechanisms
in some instances.
1.7

Could metabogenic therapy be a plausible DMD treatment avenue?

Although the collective literature over the past 50 years has carefully
documented the plethora of metabolic abnormalities consistently observed in DMD
patients, genetic carriers and genotypically identical animal models of the disease,
the significance of this data has been largely ignored. As a cure for DMD remains
currently elusive, every effort must be made to consider all possibilities for improved
characterisation and treatment of the disease. The literature highlights a very
probable aetiological nuance at the mitochondrial level that manifests in multiple
deficiencies of various metabolic pathways to culminate in severe ATP insufficiency.
Of course, it cannot be denied that changes induced by dystrophin-deficiency,
including disruption of the DPC and failed Ca2+ homeostasis, play a role in the
severe and progressive muscle wasting characteristic of DMD. However, if
mitochondrial defects do underlie DMD aetiology, then re-defining DMD as a
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metabolic myopathy and strategically treating it as such could improve patient
outcomes and quality of life. Thus, there is a need to investigate potential metabolic
therapies to rectify metabolic dysfunction.
In recent years, the investigation of metabolic therapies as viable treatment
options for DMD has increased in popularity. For example within the past 5 years,
treatment with Resveratrol – a red wine polyphenol (Langcake and Pryce, 1977) that
stimulates mitochondrial biogenesis (Selsby et al., 2012) and decreases oxidative
stress (Hori et al., 2013) – in the mdx mouse has shown great promise as it reduces
muscle damage (Hori et al., 2011), muscle inflammation (Gordon et al., 2012) and
promotes mitochondrial biogenesis and a fibre type shift to an oxidative phenotype
(Ljubicic et al., 2014). Similarly, the polyphenol Quercetin improves muscle function,
reduces dystrophic skeletal and cardiac muscle pathology and stimulates the
expression of oxidative genes (Hollinger et al., 2012, Hollinger et al., 2015, Ballmann
et al., 2015a, Ballman et al., 2015b, Selsby et al., 2015). From these limited studies,
it appears that increasing the mitochondrial pool/density/capacity for ATP production
is critical to improving the dystrophic condition, and further investigation of these
compounds in DMD patients is clearly warranted. Other metabogenic therapeutic
options, including creatine, Idebenone and allopurinol, have been more extensively
investigated in both animal models and human patients and the findings are
discussed below.
1.7.1

Creatine supplementation

Given that the Cr/PCr system is an important buffering system that maintains
ATP levels during metabolic stress, Cr supplementation has been investigated to
elucidate its capacity to improve metabolic stress in dystrophic muscle. In healthy
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and exercised skeletal muscle, Cr supplementation has been shown to increase the
total Cr pool (and PCr levels), increase lean tissue content and increase strength
(Kreider et al., 1998, Volek et al., 1999, Cribb et al., 2007a, Cribb et al., 2007b,
Cooke et al., 2009). Similar positive benefits have been observed in clinical trials
with DMD patients, in animal models of DMD and in dystrophin-deficient cell culture.
In a 9 year old DMD boy, oral Cr supplementation reduced the abnormally high
Pi/PCr and ATP/PCr ratios (Felber et al., 2000) that had been described in the
literature previously (Griffiths et al., 1985, Younkin et al., 1987) and observed in the
patient prior to supplementation. In addition, increased muscle strength, decreased
falls and participation in 50m walks and stair climbs was observed (Felber et al.,
2000). Of interest, cessation of Cr supplementation decreased the subjects’
performance, but the benefits were regained when supplementation recommenced
(Felber et al., 2000). This indicates that metabolic support via replenishing the Cr
pool is beneficial to dystrophic muscle.
In mdx mice, Cr supplementation demonstrably increases PCr levels (Pulido
et al., 1998), reduces cytosolic [Ca2+] fluctuations (Pulido et al., 1998), stimulates
myotube hypertrophy (Pulido et al., 1998), decreases muscle necrosis and improves
mitochondrial respiration (Passaquin et al., 2002) and muscle architecture (Louis et
al., 2004). These improvements were observed predominantly in fast-twitch mdx
muscle fibres (Louis et al., 2004, Passaquin et al., 2002) (which are generally
affected first by the dystrophinopathy (Webster et al., 1988)) and attributed to
increased activity of the sarcoplasmic reticulum Ca2+-ATPase and the mitochondrial
adenine nucleotide translocator (Passaquin et al., 2002, Pulido et al., 1998).
Additionally, increased strength (Tarnopolsky and Martin, 1999, Tarnopolsky et al.,
2004), fat-free mass (Tarnopolsky et al., 2004) and increased PCr/Pi ratio, PCr and
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ATP peaks (31P MRS) (Banerjee et al., 2010) have been observed following Cr
supplementation in DMD patients. Together, these results support the theory that the
inability of mitochondria to sufficiently respond to metabolic challenge is a key
contributor to the demise of dystrophic skeletal muscle, but that metabolic support
can improve the condition.

1.7.2 Allopurinol
In an effort to limit the loss of adenine nucleotides from skeletal muscle as
hypoxanthine, allopurinol treatment has been extensively investigated. Allopurinol
works via its metabolite oxipurinol which inhibits the activity of xanthine oxidase in
vascular endothelium (Hellsten-Westing, 1993). This moderates the conversion of
purines to uric acid to maintain relatively high plasma hypoxanthine concentrations
relative to the muscle, thereby theoretically reducing the flux of purines from skeletal
muscle. This would afford beneficial effects to dystrophic skeletal muscle by reducing
the need for purine repletion via de novo synthesis and promoting the re-circulation
of hypoxanthine into ATP-synthesising pathways (Thomson and Smith, 1978). As
there is increased uric acid excretion (and therefore a need for purine salvage) and a
requirement for energy support in DMD patients, supplementation with allopurinol
poses major benefits.
During a 6-12 week trial of 100 mg allopurinol in 16 DMD boys, significant
improvements in manual function was observed which was maintained for a
subsequent 6 months (Thomson and Smith, 1978a). Biochemical studies have
demonstrated similar benefits – following body weight-corrected supplementation of
DMD patients, improvement in levels of metabolites that can stimulate ATP
resynthesis was observed (Castro-Gago et al., 1987). Improvements in the
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concentrations of ATP (Thomson and Smith, 1978a, Camiña et al., 1995), ADP,
GTP, guanosine diphosphate, IMP, adenylosuccinate, adenine, hypoxanthine and
guanine has also been noted following a trial using age-matched patients (Camiña et
al., 1995). This improvement in energy potential was partnered with an increase in
the charge of dystrophic mitochondria from 51% in the placebo group to 83% in
allopurinol-treated patients respectively (Camiña et al., 1995). This data suggests
that the capacity for ATP production is significantly improved by inhibiting purine
catabolism.
In the quadriceps, biceps and adductor muscles, allopurinol treatment of
10mg.kg-1.day-1 showed either stabilisation or improvement in strength of DMD
patients in the earliest phases of the disease (de Bruyn et al., 1980). As expected,
decreased uric acid excretion was observed even in the later stages of the disease.
However, Kulakowski et al. (Kulakowski et al., 1981) and Tamari et al. (Tamari et al.,
1982) only noted functional and biochemical improvement in some patients
(generally in the earlier stage of the disease) following 6 months of therapy
(Kulakowski et al., 1981, Tamari et al., 1982), highlighting that allopurinol treatment
might not afford the widespread benefit that was originally touted.
Numerous researchers have subsequently failed to replicate the beneficial
effects of allopurinol described in previous experiments as an effective treatment for
DMD. One of the first to reject the findings of Thomson and Smith (Thomson and
Smith, 1978a) was Bakouche et al. (Bakouche et al., 1979) who gave a variety of
muscular dystrophy patients (including DMD) 100 mg of allopurinol daily for a month
and 300 mg daily for a subsequent two months and observed no overall
improvement (Bakouche et al., 1979). It should be noted, however, that the age of
patients utilized in this study was in excess of 20 years, which is a significantly older
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cohort compared to any other study that had previously investigated allopurinol.
Given the progressive nature of DMD and the relative lifespan of sufferers, it is
unlikely that this treatment would be beneficial at this stage of disease progression.
However, in ambulatory dystrophic males from 6 to 12 years of age, no
significant improvement in functional muscle tests or serum CK was observed
following supplementation with 100 mg allopurinol daily for one year either (Mendell
and Wiechers, 1979). To increase sample size, all 6 patients received allopurinol for
a further 8 weeks to no avail, therefore the authors concluded allopurinol to have no
therapeutic effect (Mendell and Wiechers, 1979). Similarly, following 8 months of
daily doses of 150 mg allopurinol in DMD boys aged 5 to 13, no clinical improvement
but rather a deterioration was observed in functional and strength tests (Doriguzzi et
al., 1981). Comparable findings were observed following x2-three month trials of 100
mg allopurinol daily (Hunter et al., 1983).
In another trial that supplemented allopurinol based on weight (no dose
exceeding 150 mg daily) for 12 months, no clinical improvement in muscle and
pulmonary function tests and serum CK and PK levels were observed by the authors
despite a decrease in blood uric acid levels (Stern et al., 1981). Furthermore,
following daily 200-300 mg doses of allopurinol for 6 weeks (Griffiths et al., 1985)
and 300 mg daily for 18 months (Bertorini et al., 1985), no improvement in
phosphate metabolites (including ATP levels), functional measurements and strength
were observed again despite decreased excretion of uric acid. Overall, these studies
report comparable findings using similar assessment techniques and were reported
in quick succession indicating that allopurinol therapy may not be a useful adjunct
therapy for the treatment of DMD.
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The majority of studies that have deemed allopurinol therapy to be ineffective
for DMD treatment noted a deterioration of muscle function during and following the
supplementation period (Stern et al., 1981, Doriguzzi et al., 1981, Hunter et al.,
1983, Bertorini et al., 1985, Griffiths et al., 1985). This may be reflective of the age of
participants in these trials and to the extent of disease progression at
commencement of the trial, with the baseline measurements of these studies
indicating that younger patients were able to perform better on functional tests and
generally saw some sort of improvement. It is well-known that as DMD progresses,
muscle wastage intensifies with the culmination of fibrotic, non-functional muscle
tissue and concomitant strength decline (Ziter et al., 1977). Therefore, the inclusion
of DMD patients of older age and who are non-ambulatory (or thereabouts) limits the
potential of such metabolic therapies as there is a significant reduction in treatable
muscle mass. This may explain the conflicting findings and highlights the need for
clinical trials to implement early intervention strategies when considering
metabolically-targeted therapies and their ability to maintain long term efficacy.
While preventing the degradation and loss of hypoxanthine from dystrophic
muscle may not be possible, potentially due to the inability of hypoxanthine to be retaken up into skeletal muscle, targeting the PNC further up the metabolic milieu
could be of therapeutic benefit. A seminal study that illustrates the critical role of ATP
depletion in dystrophinopathy comprised of a 10 year clinical trial of ASA treatment
which maintained muscle function and strength in DMD patients (Bonsett and
Rudman, 1992). This study importantly highlights the necessity for further
investigation into the ways in which metabolic capacity can be enhanced to improve
the phenotypic progression of DMD and the quality of life of patients.
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1.7.3

Idebenone

As discussed in section 1.3.4.1, there appears to be a significant
dysfunction/impairment at the level of complex I of the ETC which results in reduced
oxidation of complex I substrates and mitochondrial ATP production capacity (Olson
et al., 1968, Martens et al., 1980, Glesby et al., 1988, Bhattacharya et al., 1993,
Kuznetsov et al., 1998, Faist et al., 2001, Rybalka et al., 2014). This, however, can
be partially attenuated through the inhibition of complex I and channelling

of

complex II substrates into the ETC (Ionǎşescu et al., 1967, Martens et al., 1980,
Nylen and Wrogemann, 1983, Glesby et al., 1988, Bhattacharya et al., 1993, Chinet
et al., 1994, Kuznetsov et al., 1998, Giorgio et al., 2012, Rybalka et al., 2014)
indicating a potential site for therapeutic intervention to stimulate ATP production in
dystrophic muscle.
Idebenone is a synthetic analogue of coenzyme Q10 (CoQ10) that has
antioxidant properties and can modulate mitochondrial ATP production (as reviewed
in (Gueven et al., 2015)). Idebenone is an inhibitor of complex I (Sugiyama and
Fujita, 1985, Degli Esposti et al., 1996, Brière et al., 2004), therefore eliciting its
effect on respiration in a complex I-independent manner and promoting complex II
and III respiration (Degli Esposti et al., 1996). This feature of Idebenone would be
particularly beneficial in dystrophic muscle considering the overt complex I
dysfunction. Additionally, Idebenone is reduced by NADH-quinone oxidoreductase I,
a cytoplasmic enzyme that is involved in the detoxification of quinones to prevent
ROS production (Haefeli et al., 2011, Giorgio et al., 2012). The reduction of
Idebenone results in an active form which enters the mitochondria and is re-oxidised
by complex III thereby stimulating complex III activity which can improve ATP
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production and the ∆Ψ in the presence of a dysfunctional complex I (Erb et al., 2012,
Haefeli et al., 2011, Giorgio et al., 2012). These characteristics of Idebenone
highlight it as a strong therapeutic candidate for DMD.
Overall, literature regarding Idebenone and DMD is limited. This is perhaps
due to the commercialisation endeavour by Santhera Pharmaceuticals, which has
seen the recent approval of Idebenone (Raxone®) as the first indication specific
treatment for DMD by the European Medical Association (EMA). Long term
administration of Idebenone in the mdx mouse (4 weeks to 10 months of age,
200mg/kg) improved cardiac function, decreased cardiac inflammation and fibrosis
and increased voluntary running capacity (Buyse et al., 2008). From these preclinical
findings, a phase IIa double-blind randomised clinical trial was conducted in DMD
patients to investigate the tolerability and efficacy of Idebenone on cardiac and
respiratory function (Buyse et al., 2011). Daily supplementation of Idebenone
(450mg) in DMD boys aged 8-16 resulted in significant respiratory function
improvements and trends for improved cardiac function compared to the placebo
group. These clinical findings led to a phase III double-masked, randomised,
multicentre clinical trial which investigated the capacity of Idebenone to delay
respiratory decline in DMD patients (Buyse et al., 2015). In these 31 DMD boys, who
were not receiving glucocorticoids, daily administration of Idebenone (900mg) for 12
months mitigated the fall in peak expiratory flow indicating a delay in disease
progression. Considering that Idebenone – a mitochondrial-targeted drug that
demonstrably attenuates a key clinical marker of disease progression – is the only
approved, indication specific treatment for DMD in Europe, and is currently being
evaluated by the Food and Drug Administration (F.D.A) in the U.S., highlights the
value of metabogenic therapies as future treatments for DMD.
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1.7.4

New metabogenic therapies for the treatment of DMD

Considering the vast metabolic impairments in dystrophin-deficient muscle,
and the necessity for adequate ATP production to buffer Ca2+, prevent damage and
facilitate regeneration, metabolically targeted therapies are pertinent to improving the
dystrophic condition and potentially patient quality of life. Stimulating various
metabolic pathways and/or metabolic checkpoints to support mitochondrial function
appears to be crucial to improving the dystrophic condition. Despite the vast
improvements observed following treatment with various metabolic therapies, there
is a need to investigate other candidates which may afford greater therapeutic
benefit. Two potential candidate therapies are: (1) NO therapy and (2) ASA therapy.
1.7.4.1

The dystrophin-metabolism connection – nNOS

An increasingly popular therapeutic target for the treatment of DMD is the
nNOS-NO deficiency. nNOS is an enzyme usually localised to the sarcolemma
attached to the DPC, however in the absence of dystrophin, there is a secondary
reduction of nNOS (Brenman et al., 1995, Chang et al., 1996). The loss of nNOS
from the sarcolemma reduces overall nNOS content in dystrophic muscle (Leary et
al., 1998, Thomas et al., 1998, Vaghy et al., 1998, Judge et al., 2006) resulting in
decreased nNOS activity (Leary et al., 1998, Thomas et al., 1998, Vaghy et al.,
1998, Judge et al., 2006) and NO production (Gücüyener et al., 2000, Kasai et al.,
2004, Barton et al., 2005). The loss of nNOS protein and subsequently NO
production capacity and bioavailability, is detrimental to dystrophic muscle for two
reasons. Firstly, NO is an important signalling molecule involved in many biological
processes including metabolism, blood flow and regulation of muscle function and
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mass (McConell et al., 2012). Secondly, the nNOS protein itself interacts with PFK, a
regulatory enzyme of glycolysis, and is capable of increasing its activity by 60-fold
(Wehling-Henricks et al., 2009) thereby increasing glycolytic rate and capacity. The
loss of association between nNOS and PFK in dystrophin-deficient muscle may help
to explain the fatigability of dystrophic muscle (Frascarelli et al., 1988, Wineinger et
al., 1998) and may partially or fully account for the various glycolytic impairments
observed (Vignos Jr and Lefkowitz, 1959, Chi et al., 1987, Wehling-Henricks et al.,
2009). As it appears that NO plays an important role in metabolism and the
maintenance of skeletal muscle mass, restoring NO bioavailability in dystrophindeficient muscle may be beneficial (summarised in Table 1.2).
NO is an important signalling molecule that elicits a myriad of physiological
effects through the production of cyclic guanosine monophosphate (cGMP) and/or Snitrosylation of thiol residues of cysteine groups. cGMP is a second messenger
produced by the binding of NO to the enzymatic receptor soluble guanylyl cyclase
(sGC) (Buglioni and Burnett Jr, 2015). The increase in cytoplasmic cGMP activates
downstream

cGMP

specific

protein

kinases,

cation

channels

and

phosphodiesterases (PDE) which then exert various biological effects (Buglioni and
Burnett Jr, 2015). NO also mediates its effects through S-nitrosylation, a posttranslational modification of proteins that modulates enzyme activity, protein stability
and localisation (Treuer and Gonzalez, 2015). Since the secondary dissociation of
nNOS from the sarcolemma in dystrophic skeletal muscle reduces NO bioavailability,
which would impair a multitude of physiological processes that may contribute to
disease progression, various techniques to increase NO production have been
investigated.

64

1.7.4.1.1 Increasing NO bioavailability
Considering that nNOS delocalisation from the sarcolemma does not
completely obliterate the nNOS protein in dystrophic skeletal muscle (Chang et al.,
1996), substrate availability, in the form of ˪-arginine, may be a limiting factor to
nNOS-dependent NO production (Figure 1.9). ˪-arginine administration in the mdx
mouse demonstrably improves sarcolemmal integrity as indicated by increased
utrophin (Chaubourt et al., 1999, Voisin et al., 2005, Barton et al., 2005, Hnia et al.,
2008, Vianello et al., 2013, Vianello et al., 2014) and DPC protein expression (Voisin
et al., 2005, Barton et al., 2005, Hnia et al., 2008, Vianello et al., 2013, Vianello et
al., 2014), reduced Evans Blue Dye (EBD) uptake – a marker of skeletal muscle
membrane damage – (Barton et al., 2005, Archer et al., 2006, Vianello et al., 2013,
Vianello et al., 2014) and decreased serum CK levels – a clinical marker of muscle
damage and disease progression (Voisin et al., 2005, Vianello et al., 2013, Vianello
et al., 2014). In DMD patients, the combination of ˪-arginine and the pharmacological
AMPK-activator, metformin, decreased resting energy expenditure, shifted energy
metabolism substrate preference to fatty acids, reduced oxidative stress and
improved motor function (Hafner et al., 2015). NO is a known activator of AMPK,
highlighting that promoting both the production of NO (i.e. with L-arginine) and the
downstream metabolic responses that are normally modulated by NO (i.e. with
metformin) can improve the metabolism and function of dystrophic skeletal muscle.
Histologically, ˪-arginine was also shown to improve many of the characteristic
myopathological hallmarks in mdx mice (a genetically homologous murine model of
DMD) including reductions in fatty and fibrotic tissue and collagen deposition (Voisin
et al., 2005, Hnia et al., 2008, Guerron et al., 2010, Vianello et al., 2013),
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inflammatory cell infiltration (Hnia et al., 2008) and necrosis (Barton et al., 2005,
Voisin et al., 2005, Vianello et al., 2013). Functional improvements in grip strength
(Vianello et al., 2013, Vianello et al., 2014), less decrement in strength with age
(Guerron et al., 2010), and improved respiratory function (Voisin et al., 2005,
Vianello et al., 2013) were also observed. In addition to these functional
improvements, ˪-arginine reduced dystrophic muscle fatigability (Vianello et al.,
2014) and improved contractile function (Voisin et al., 2005, Vianello et al., 2013)
which resulted in an increased capacity to exercise (Archer et al., 2006). Whilst ˪arginine administration appears to be beneficial both in the mdx mouse and DMD
patients, the significantly reduced nNOS content evident in DMD patients suggests
that there is a limited therapeutic application for ˪-arginine unless concomitant
increases in nNOS expression could be achieved. This is especially true since ˪arginine administration alone, especially in high doses, can have adverse side
effects (Böger and Bode-Böger, 2001). Indeed, a recent paper describing metabolic
biomarkers

of

DMD

demonstrates

significantly

elevated

serum

arginine

concentrations in DMD patients as the disease progresses, highlighting the
possibility of an ineffective uptake and metabolism via nNOS at the skeletal muscle
level (Boca et al., 2016).
1.7.4.1.2

Restoring nNOS protein expression

Restoring nNOS levels in dystrophic skeletal muscle has proven to be
beneficial (Table 1.2). Transgenic nNOS overexpressors bred with the mdx mouse
significantly mitigates membrane damage as reflected by a reduction in
inflammation, macrophage and neutrophil infiltration, centronucleation of fibres and
membrane lesions (Wehling et al., 2001, Nguyen and Tidball, 2003). Introduction of
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this nNOS transgene also extends protective effects to the dystrophic heart by
reducing fibrosis and macrophage infiltration in conjunction with improving impulse
conduction (Wehling-Henricks et al., 2005); and to the neuromuscular junction
through improvements in neuromuscular junction size and architecture in the
presence of α-syntrophin (Shiao et al., 2004). Remarkably, nNOS restoration in
dystrophin/utrophin knockout mice (which phenotypically resemble DMD) increased
survival rate while reducing macrophage infiltration and the fibrotic and connective
tissue content of skeletal muscle (Wehling-Henricks and Tidball, 2011). Therefore,
increased expression of nNOS has a protective effect on maintaining muscle
architecture and preventing membrane lysis through the normalised NO production
(Tidball and Wehling-Henricks, 2004). Moreover, transfection with a modified muscle
specific nNOSµ isoform resulted in increased expression of utrophin and other DPC
proteins (including α-syntrophin and β-dystroglycan) which induced localised NO
production at the sarcolemma and protect against contraction-induced damage and
fatigue (Rebolledo et al., 2015). The upregulation of utrophin seems to protect
dystrophic mdx muscle from progressive damage as utrophin expression increases
as mdx mice age (Pons et al., 1994) – this likely explains how the use of this skeletal
muscle-specific nNOS without increased dystrophin expression, improved the
dystrophic phenotype. Additionally, insertion of a mini-dystrophin gene via a dual
adeno-associated viral vector which increases mini-dystrophin expression and
restores nNOS at the sarcolemma (Zhang and Duan, 2011), improved contractioninduced ischemia and mitigated the loss of force production and muscle damage (Lai
et al., 2009, Zhang et al., 2013). Therefore, increased presence of the nNOS protein,
irrespective of localisation within the cell, can improve various characteristics of the
dystrophic condition. However, there may be limited long-term therapeutic potential
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for nNOS overexpression as a delocalised nNOS (from the sarcolemmal DPC)
becomes a substrate of calpains (Laine and de Montellano, 1998). As calpains are
enzymes that stimulate protein damage, and are particularly active in DMD
pathology, increased calpain activity may significantly reduce unbound nNOS
expression. This indicates that there is a necessity for dual upregulation of nNOS
and dystrophin to minimise unbound nNOS as a target for calpains which would
promote the disease phenotype.
1.7.4.1.3

Inhibition of phosphodiesterase activity

Given that enhancing NO production capacity is beneficial in dystrophic
muscle yet there are complexities associated with re-insertion/establishment of
dystrophin and nNOS expression, other mechanisms to increase NO bioavailability
have been investigated. One such avenue is the inhibition of the PDE family which
breakdown phosphodiester bonds in second messenger molecules. Specific PDEs
hydrolyse cGMP thereby degrading it and decreasing cGMP second messenger
capacity. Since NO activates cGMP cycling, and it’s production and bioavailability is
reduced in dystrophic muscle, pharmacologically prolonging/amplifying the cGMP
signal would have likely benefits in NO-deficient cells (Figure 1.9).
Inhibition of PDE5A has been commonly investigated in the mdx mouse as
PDE5A is present not only in vascular smooth muscle (Wallis et al., 1999), but also
skeletal muscle (Bloom, 2002) and to a lesser extent cardiac muscle (Senzaki et al.,
2001), thereby allowing for a systemic effect of a prolonged NO signal. Treatment
with Tadalafil, a pharmacological PDE5 inhibitor, was shown to be beneficial in
overcoming functional ischaemia following contraction and was partnered with
reduced contraction-induced sarcolemmal damage and muscle fibre death (Asai et
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al.,

2007).

Tadalafil

treated

mdx

muscles

also

demonstrated

histological

improvements with a decrease in EBD uptake, fibrotic infiltration, centronucleated
fibres and fibre size variability (Asai et al., 2007, De Arcangelis et al., 2016)
suggesting less damage and prevention of muscle degeneration. Additionally,
exercise-induced damage was minimised in Tadalafil treated mice as evidenced by
reduced Ca2+ accumulation (De Arcangelis et al., 2016). Functionally, time to
exhaustion from treadmill running and EDL strength were concomitantly improved
following Tadalafil treatment (De Arcangelis et al., 2016) in addition to an increase in
post-exercise activity (Kobayashi et al., 2008). PGC-1α expression was also
increased following Tadalafil treatment alongside an enhanced expression of various
ETC genes suggestive of a fibre type shift to an oxidative phenotype (De Arcangelis
et al., 2016). Considering the vast mitochondrial and oxidative metabolism
deficiencies observed in dystrophic muscle (Timpani et al., 2015), upregulation of
mitochondrial and oxidative genes would likely be beneficial to dystrophic muscle.
Similar results have been observed with the alternative PDE5A inhibitor,
Sildenafil. In mdx mice, Sildenafil demonstrably increased specific force, reduced
collagen I, fibronectin and TNFα infiltration, and improved sarcolemmal integrity of
the diaphragm (Percival et al., 2012). However, these improvements did not result in
changes to mitochondrial function nor improvements in ATP production as originally
hypothesised (Percival et al., 2013). In the mdx heart, Sildenafil appears to induce
protective effects by reducing membrane permeability and altering the expression of
proteins implicated in beneficial cardiac remodelling (Khairallah et al., 2008).
Functionally, Sildenafil normalises heart rate responses to increasing workload
(Khairallah et al., 2008) and reverses ventricular dysfunction (Adamo et al., 2010).
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Together, these studies suggest that amplification of the typically NOdependent cGMP signal through PDE inhibition benefits both skeletal and cardiac
function and mitigates various characteristics of the dystrophic condition in the mdx
mouse. Recently, however, a Phase 3 clinical trial of Tadalfil in DMD boys was
prematurely stopped following the absence of improvements in skeletal muscle
function and adverse changes to left ventricle volumes. This indicates that the
specific targeting of PDE receptors is not a translatable therapeutic avenue in human
DMD patients. While the inhibition of PDE5 is seemingly protective against
dystrophin-deficiency-induced damage in mouse models of DMD, it has recently
been demonstrated that BMD patients, who express a truncated version of
dystrophin, are also deficient in PDE5 (Witting et al., 2014). This deficiency suggests
that as per nNOS, the expression of PDE receptors is intimately linked with
dystrophin and/or DPC expression. As such, no improvements in cardiac function,
blood flow to the skeletal muscle during exercise, or quality of life were observed in
BMD patients (Witting et al., 2014). Given the totality of this evidence, the capacity to
exploit PDE’s pharmacotherapeutically is therefore limited.
1.7.4.1.4 NO donors
Since ʟ-arginine and PDE activation are both dependent upon the presence of
key enzymes/proteins associated with the sarcolemma, and more specifically, the
DPC, promoting NO production through the use of NO donors may be of greater
benefit to bypass this defective/inefficient protein system. As there is limited nNOS
present in dystrophin-deficient skeletal muscle, this significantly impairs the capacity
for NO production in the muscle. Therefore, even with PDE inhibition, the availability
of NO would still be significantly diminished. Thus, the use of NO donors is an
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attractive therapeutic treatment option as they have the capacity to markedly
increase systemic NO availability beyond the capacity to endogenously produce it
within dystrophic muscle (Figure 1.9).
Indeed, 6 months delivery of a nitric ester derivative of sedative alkyl alcohol
(administered at 40mg/kg 5 days/week) has been shown to enhance the vascular
density of skeletal muscle, as well as exercise performance and strength in mdx
mice, with a marked decrease in the free intracellular Ca2+ concentration of skeletal
muscle (Wang and Lu, 2013). In addition, the NO-donating nitric ester increased
muscle fibre size while concomitantly reducing the population of regenerating fibres,
suggestive of decreased damage (Wang and Lu, 2013). Similarly, 7 months of
30mg/kg naproxcinod, a non-steroidal anti-inflammatory drug (NSAID) with NOdonating properties, in food, had a beneficial effect on the running capacity of mdx
mice with both time to exhaustion and whole body strength improved (Miglietta et
al., 2015). These functional improvements were partnered with better muscle
architecture displaying decreased inflammation, fibrosis and collagen infiltrate in both
skeletal and cardiac muscle (Miglietta et al., 2015). Longer term administration of
naproxcinod (at 21mg/kg/day in food for 9 months) induced similar improvements in
the strength and histological properties of cardiac muscle leading to the functional
normalisation

of

ejection

fraction

time,

and

systolic

blood

pressure

(Uaesoontrachoon et al., 2014). Considering the anti-inflammatory effects of the
aforementioned NO-donors, combining a NO donor with NSAIDs could enhance the
beneficial effects of NO. Three months of a HCT 1026-enriched diet (NO donor
derived from flurbiprofen; 45mg/kg/day) significantly improved blood flow and
alleviated functional ischaemia in mdx mice (Thomas et al., 2012). A longer term
supplementation regimen of the same drug (30 mg/kg/day in food for 12 months)
71

was shown to reduce muscular damage, with a concomitant decrease in serum CK
levels and improved mobility of mdx mice (Brunelli et al., 2007). Moreover, the
addition of isosorbide dinitrate (30mg/kg/day) with ibuprofen (50 mg/kg/day) has
been shown to induce significant protection of the dystrophic heart by normalising
left ventricle mass and wall thickness, maintaining cardiomyocyte number and
reducing cross sectional area, decreasing fibrotic tissue content and inflammatory
cell infiltration and improving overall cardiac function in the mdx mouse (Sciorati et
al., 2013). Isosorbide dinitrate alone (66mg/kg), or in combination with prednisone
(1mg/kg) for 18 days, also demonstrably improves sarcolemmal integrity, decreases
the presence of calcified fibres and stimulates regeneration in the mdx diaphragm,
however without the addition of ibuprofen, it promoted an increase in heart weight
(Mizunoya et al., 2011) which was not observed previously (Sciorati et al., 2013). An
increase in cardiac mass, without improvements in cardiac function, is considered an
adverse effect of treatment which would promote the normal, progressive cardiac
hypertrophy observed in DMD patients. Ibuprofen seems to abate this adverse effect
since a safety study in DMD patients using 12 months of isosorbide dinitrate
(40mg/day) and ibuprofen (400mg/day) maintained cardiac function and reduced
systemic inflammatory markers (D’Angelo et al., 2012). Given there is the capacity
for non-specific, systemic NO-donors to adversely affect cardiac tissue, the use of
skeletal muscle targeted NO donation would be beneficial. Indeed, oral
administration of MyoNovin (80mg/kg) – a NO donor that specifically donates NO to
skeletal muscle – for 18 days induces similar effects to isosorbide dinitrate in mdx
mice without the adversity of cardiac hypertrophy induction (Mizunoya et al., 2011).
Given that uncontrolled and excessive NO delivery can induce pathological effects
including inflammation, mitochondrial dysfunction and myocardial damage (Pacher et
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al., 2007), these data suggest that manipulation of the NO-donation delivery system
may be pivotal to mitigating the unwanted side effects of NO donor therapy.
1.7.4.1.5 Could nitrate therapy be beneficial?
Recently, it has emerged that dietary supplementation with nitrate increases
endogenous NO production via a nNOS-independent pathway (Figure 1.9). Nitrate is
an inorganic anion that is abundant in green leafy vegetables including beetroot,
lettuce and spinach (Gangolli et al., 1994) and also in carrot, beetroot and
pomegranate juices (Hord et al., 2009). The nitrate anion is inert but once ingested,
nitrate is reduced by the commensal bacteria in the enterosalivary pathway (Doel et
al., 2005) into the bioactive nitrite, which then circulates in the blood. Although
bioactive, nitrite is further converted to NO via several enzymatic pathways in the
blood and tissues, including xanthine oxidase, myoglobin and haemoglobin (KimShapiro and Gladwin, 2014), to exert a range of physiological effects. Thus, this
pathway is complementary to nNOS-derived NO production. Additionally, there is
benefit to this nitrate-nitrite-NO pathway as it is reversible (Lundberg et al., 2015).
NO can be oxidised back to nitrate by myoglobin and haemoglobin and therefore the
capacity to cycle back to nitrate allows for a constant reservoir of NO (Affourtit et al.,
2015). Moreover, since chronic increases in NO bioavailability can be toxic and
induce systemic pathology (Pacher et al., 2007), having an inactive reservoir of
buffered NO would be beneficial. Therefore, enhancing the nitrate-nitrite-NO
pathway represents a potential pathway that could be exploited to significantly
enhance NO availability in dystrophic muscle in a controlled and buffered manner.
Recent studies suggest that nitrate supplementation enhances health and
skeletal muscle performance. A 3 day oral supplementation of sodium nitrate
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(0.1mmol/kg/day) in healthy males revealed that nitrate significantly improved
skeletal muscle mitochondrial bioenergetics by increasing mitochondrial efficiency
and decreasing proton leak; and reduced whole body oxygen consumption following
submaximal exercise (Larsen et al., 2011). Moreover, a 7 day supplementation
regimen in drinking water of healthy mice (~3.75µmol/day) significantly improved
skeletal muscle contractility, particularly of the EDL, by increasing expression of Ca2+
handling proteins and free myoplasmic Ca2+ during contraction (Hernández et al.,
2012). Similar improvements in contractile function have also been observed in
humans following acute supplementation with nitrate-rich beetroot juice (0.6g/300
ml), with the authors noting improved excitation-contraction coupling (at low
frequencies) and increased explosive force production in quadriceps (Haider and
Folland, 2014). Acute beetroot supplementation also demonstrably reduced whole
body oxygen consumption (Lansley et al., 2011b, Cermak et al., 2012b, Bond Jr et
al., 2013, Whitfield et al., 2016), promoted fatigue resistance (Bailey et al., 2009,
Bond et al., 2012, Hoon et al., 2015, Aucouturier et al., 2015) and improved
performance times (Bond et al., 2012, Cermak et al., 2012a, Lansley et al., 2011a).
Similar data has been observed using dietary sodium nitrate supplementation.
Eighteen days of sodium nitrate administered in drinking water (0.7mM), was shown
to stimulate mitochondrial biogenesis (peroxisome proliferator-activated receptor b/d
and PGC-1α expression) which enhanced fatty acid oxidation, indicating that acute
exposure to nitrate supplementation has a modulatory effect on bioenergetics
(Ashmore et al., 2015).
The benefits of nitrate supplementation also extend to disease states. In
chronic

obstructive

pulmonary

disease

patients,

acute

beetroot

juice

supplementation improved exercise capacity and decreased blood pressure (Berry et
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al., 2015, Kerley et al., 2015). Similar findings – in addition to increased tissue
oxygenation – were observed in peripheral artery disease patients (Kenjale et al.,
2011). Considering that dystrophic muscle is in a comparable metabolically-stressed
state to exercising muscle in that there is an increased metabolic demand and
sarcoplasmic [Ca2+], and that nitrate supplementation can elicit positive physiological
responses in diseased tissue, investigating such a therapy for DMD is essential.
Moreover, the positive effects elicited through increased NO bioavailablity in
dystrophin-deficient skeletal muscle highlights the potential for NO donation through
nitrate supplementation as a viable therapeutic option.
1.7.4.2 ASA supplementation
As detailed in section 1.3.6, the PNC is an important metabolic pathway that
assists in the maintenance of the adenine nucleotide pool to ensure ATP production
can match ATP demand at all times. In addition, the PNC plays a supportive role for
oxidative metabolism as it anaplerotically expands the TCA cycle through the
production of fumarate (Figure 1.10). In dystrophic muscle, the compromised
metabolic capacity suggests that exploitation of this pathway may result in
maintenance of the adenine nucleotide pool which could minimise metabolic stress
and support mitochondrial ATP production.
A seminal study that illustrates the critical role of ATP depletion in
dystrophinopathy comprised a 10 year clinical trial of ASA treatment in both DMD
and BMD patients (Bonsett and Rudman, 1992). ASA stimulates the PNC producing
fumarate to fuel TCA cycling and adenine nucleotides that can increase ADP resynthesis and availability to mitochondrial ATP production. Significant improvements
were observed in a patient with BMD, a milder form of DMD in which there is
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Figure 1.9. Schematic of methods utilised to increase NO bioavailability in dystrophic skeletal muscle and the downstream effects. Increasing NO
bioavailability through restoration of nNOS, NO donation and inhibition of PDE has led to increases in mitochondrial function, exercise capacity stabilisation of
the membrane. A potential consequence of increased NO bioavailability is peroxynitrite (ONOO ) formation which can lead to damage.
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Table 1.2. Summary of methods utilised to increase NO production dystrophic muscle.

Method/Mechanism

Dosage
Range

Model

Effects

mdx mouse
Dystrophin/utrophin knockout
mouse

Skeletal muscle: reduces
inflammation, macrophage and
neutrophil infiltration, damage

Other

Reference

nNOS restoration
Breeding with
transgenic nNOS
overexpressors

Wehling et al., 2001;
Nguyen & Tidball, 2003;
Shiao et al., 2004;
Tidball & WehlingHenricks, 2004;
Wehling-Henricks et al.,
2005: Lai et al., 2009;
Wehling-Henricks &
Tidball, 2011; Zhang &
Duan, 2011; Zhang et
al., 2013; Rebolledo et
al., 2015

N/A
Cardiac muscle: reduces fibrosis,
macrophage infiltration, improves
impulse conduction
Transfection with
nNOS

˪-arginine
supplementation

2001000mg
/kg/day

mdx mouse

Skeletal muscle: increases DPC
expression, NO production, reduces
damage and fatigue, prevents force
production loss

DMD patients
mdx mouse

Skeletal muscle: increases DPC
expression, reduces damage, fibrotic
and fatty tissue infiltration,
inflammatory cell infiltration, oxidative
stress, improves grip strength,
contractile function and reduces
fatigability

Administered
in combination
with metformin
and
prednisone

Chaubourt et al., 1999;
Voisin et al., 2005;
Barton et al., 2005;
Archer et al., 2006;
Hnia et al., 2008;
Guerron et al., 2010;
Vianello et al., 2013;
Vianello et al., 2014;
Hafner et al., 2015
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PDE inhibition
Sildenafil

Skeletal muscle: reduces collagen
and inflammatory cell infiltration,
improves sarcolemmal integrity

0.780mg/kg
/day
DMD patients
mdx mouse

Tadalafil

30300mg/
kg/day

Cardiac muscle: reduces membrane
permeability, induces cardiac
remodelling, improves heart function

Skeletal muscle: improves
functional ischaemia, reduces
contraction-induced damage, fibrotic
infiltration, histological variability,
improves exercise performance,
increases expression of ETC genes

NO donation

2180mg/kg
/day

Asai et al., 2007;
Khairallah et al., 2008;
Kobayashi et al., 2008;
Adamo et al., 2010;
Percival et al., 2012;
Percival et al., 2013;
Witting et al., 2014;
De Arcangelis et al.,
2016

mdx mouse

Skeletal muscle: increases
vascularisation, blood flow, exercise
performance and strength, decreases
2+
free Ca concentration, damage,
inflammation, fibrotic and
collagenous infiltration,
Cardiac muscle: decreases
damage, inflammation, fibrotic and
collagenous infiltration, improves
cardiac function and architecture

Administered
in combination
with NSAIDs

Brunelli et al., 2007;
Mizunoya et al., 2011;
D’Angelo et al., 2012;
Thomas et al., 2012;
Sciorati et al., 2013;
Wang & Lu, 2013;
Uaesoontrachoon et al.,
2014; Miglietta et al.,
2015
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reduced, yet present, dystrophin at the sarcolemma. Muscle damage and
degeneration is less severe in comparison to the pathology associated with DMD
however muscle weakness and impaired function is evident. Increasing daily doses
of ASA (30 mg.kg-1.day-1 to 200 mg.kg-1.day-1) reduced serum CK levels in a BMD
patient who commenced supplementation from 6 years of age. Upon discontinuation
of ASA, CK levels increased 70 fold within 2 weeks and the patient resumed daily
ASA administration to maintain CK levels with the normal range. During this time, the
BMD patient was able to participate in exercise due to increased energy levels and
stamina without any muscle weakness or pain. Histologically, following 4 years of
ASA treatment, a reduction in the ratio of regenerating area to necrotic area was
evident in muscle biopsies obtained from the vastus lateralis of the BMD patient
(Bonsett and Rudman, 1992).
Increasing dosage of daily ASA treatment (25mg.kg-1.day-1 to 600mg.kg-1.day1

) induced vast improvements in a DMD patient who commenced supplementation

from 2.5 years of age. Instantaneous increases in energy, endurance and stamina
were observed following commencement of ASA supplementation with significant
maintenance of muscle strength and function (i.e. able to stand erect, walk without
falling and rise from the floor) noted over the supplementation period. In addition,
ASA induced a four-fold reduction in serum CK levels indicative of reduced muscle
damage, and improved the typical DMD histopathological hallmarks including the
ratio of regeneration compared to necrosis (Bonsett and Rudman, 1992). Such
improvements in the dystrophic condition readily subsided upon discontinuation of
ASA supplementation highlighting that ongoing support of the mitochondria is pivotal
to mitigating disease progression.
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A prominent feature of a muscle biopsy taken from the DMD patient some 4.5
years following commencement of ASA supplementation was a lack of fatty tissue
infiltration. Characteristic of dystrophic disease progression is accumulation of fatty
tissue (Pearce, 1966, Harriman and Reed, 1972, Bonsett, 1979) which may be
reflective of a higher propensity for dystrophic muscle to produce lipids. As
mentioned in section 1.2.2., culturing of healthy and DMD human myocytes revealed
that in the presence of decreasing concentrations of FBS, lipid production became
negligible in healthy cultures while DMD cultures continued to produce lipid droplets
irrespective of serum concentration (Bonsett, 1979). The enhanced ability to produce
lipid droplets in DMD myocytes was pinpointed to a dysfunction at the level of IDH in
the TCA cycle which was eliminated following the addition 1.2 x 10-6M ASA (Bonsett
and Rudman, 1984). ASA’s ability to improve multiple facets of the dystrophic
phenotype appears to lie in its capacity to support both the TCA cycle and the
adenine nucleotide pool.
Recently, evidence has emerged in the literature that ASA has a strong
modulatory role over organismal energy storage. There is the potential that
increased production of this metabolite promotes energy utilisation as it has recently
been identified to stimulate exocytosis of insulin from pancreatic β cells (Gooding et
al., 2015). Inhibition of adenylosuccinase, which limits the production of
adeylosuccinate, hindered glucose-stimulated insulin secretion indicating that
adenylosuccinate plays a role in energy sensing. Furthermore, infusion of
adenylosuccinate into patch-clamped pancreatic β cells stimulated insulin secretion
as effectively as glucose, and promoted insulin secretion in glucose-insensitive
human diabetic pancreatic β cells (Gooding et al., 2015). Given adenylosuccinate
plays a role in energy utilisation, and dystrophic muscle is in an energy-deprived
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Figure 1.10. Proposed effects of ASA supplementation. ASA supplementation would stimulate purine nucleotide cycle (PNC) activity which would produce fumarate.
Fumarate can be shuttled into the mitochondria and anaplerotically expand the TCA cycle which would produce reducing equivalents (NADH and FADH2) that are used at the
electron transport chain to increase ATP production. Additionally, stimulation of the PNC would increase adenosine monophosphate (AMP) content activating adenosine
monophosphate-activated protein kinase (AMPK) and promoting catabolic pathways and mitochondrial biogenesis (PGC-1α).
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state there is need to further investigate the ways in which metabolic capacity can be
enhanced by ASA to improve the phenotypic progression of DMD and the quality of
life of patients. Despite the success in the small clinical trial of ASA, the limited
clinical evaluations and anecdotal evidence (increases in energy and stamina), in
addition to the inclusion of only one DMD patient who completed the study long-term,
indicates the need for a re-evaluation of ASA. Specifically, there is a need to assess
the efficiency of ASA therapy in a proof-of-concepts study to fully elucidate the
therapeutic potential of ASA. Reinvestigation of ASA is critical for the DMD
community given the significant findings in the small clinical trial indicate a strong
therapeutic potential.

82

1.8 Concluding comments
From the literature, it is evident that there is extensive metabolic dysfunction
in dystrophin-deficient skeletal muscle that appears to play a significant role in
disease progression. Considering that current treatment options are limited and
associated with various side effects, there is a critical need to develop new treatment
strategies targeting metabolism and mitochondrial function. Metabolic therapy has
the potential to provide energy needed to prevent muscle damage to preserve
muscle architecture leading to maintenance of muscle function and strength. Of
particular interest to us is the extent to which NO signalling and PNC pathways can
be exploited to overcome, or at least enhance, metabolic dysfunction in dystrophic
muscle. This thesis will evaluate the therapeutic potential of two candidate
treatments – sodium nitrate and ASA – in a bid to instigate the availability of new and
effective treatment options for DMD patients.
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Chapter Two
Aims & Hypotheses
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2.1 Principal aim and hypothesis

The principal aim of this thesis is to experimentally evaluate the potential
of two metabolic therapies (nitrate/nitrite and ASA) as treatments for DMD using
the dystrophic mdx mouse. In particular, this thesis will focus on the effects of
the therapies on glucose uptake, mitochondrial metabolism and muscle
architecture. This thesis will also evaluate the potential for nitrate/nitrite and
ASA to ameliorate metabolic dysfunction in immortalised myoblasts derived
from human DMD patients. It is hypothesised that treatment with these
metabolic therapies will improve dystrophic mitochondrial function and thus to
moderate muscle damage and enhance repair.

2.1.1 Part One Aims and Hypotheses

The overarching aim of Part One (Chapters 4 and 5) is to investigate the
effect of enhancing NO bioavailability in dystrophic mdx mice and in cultured
DMD cells, with sodium nitrate/nitrite therapy.
The specific aim of Chapter 4 is to investigate the effect of an 8 week
dietary nitrate supplementation regimen in the dystrophic mdx mouse model of
DMD. In particular, we will examine the effect of increasing NO bioavailability on
glucose uptake, mitochondrial metabolism, oxidative stress (through hydrogen
peroxide (H2O2) and peroxynitrite (ONOO-) formation) and muscle architecture.
It is hypothesised that nitrate therapy will improve glucose uptake in both
dystrophin-negative and -positive EDL and soleus muscles, and that it will
improve mitochondrial respiration in mdx gastrocnemius (both red and white
portions). Additionally, it is hypothesised that nitrate supplementation will reduce
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H2O2 production in mdx gastrocnemius and moderate muscle damage in the
mdx TA as evidenced by reduced fibre size variability, centronucleation of fibres
and immune cell infiltration.
The specific aim of Chapter 5 is to investigate the acute effect of nitrite (a
reduced form of nitrate) treatment in cultured human DMD myoblasts. In
particular, we examined the effect of 24 hours, 3 days and 7 days of nitrite
treatment on mitochondrial respiration, viability and superoxide (O2-) production.
It is hypothesised that acute nitrite supplementation will improve mitochondrial
respiration and mitochondrial viability in control and DMD myoblasts. As a direct
result of improved mitochondrial performance, we hypothesise that acute nitrite
supplementation will decrease mitochondrial O2- production in DMD myoblasts.

2.1.2 Part Two Aims and Hypotheses

The overarching aim of Part Two (Chapters 6 and 7) is to investigate the
effect of ASA therapy in dystrophic mdx mice and in cultured DMD cells, on
metabolism and the progression of muscular dystrophy.
The specific aim of Chapter 6 is to investigate the effect of an 8 week
ASA treatment regimen in the dystrophic mdx mouse model of DMD. In
particular, we will examine the effect of ASA on glucose uptake, mitochondrial
metabolism and superoxide production; the bioenergetic profile of the muscle;
and the various histopathological features of DMD. It is hypothesised that ASA
therapy will improve glucose uptake in both dystrophin-negative and -positive
EDL and soleus and that it will improve mitochondrial respiration in mdx isolated
flexor digitorum brevis fibres. Additionally, it is hypothesised that ASA
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supplementation will reduce mitochondrial (O2-) oxidative stress in mdx flexor
digitorum brevis fibres as a direct consequence of improvements in
mitochondrial

function.

Histologically,

it

is

hypothesised

that

ASA

supplementation will attenuate muscle damage (as evidenced by reduced fibre
size variability and centronucleation of fibres) and reduce fat infiltration and
fibrosis of the mdx TA. As a consequence of an improved bioenergetical profile
and capacity for ATP-dependent Ca2+ buffering, it is also hypothesised that ASA
will reduce Ca2+ accumulation within mdx TA fibres.
The specific aim of Chapter 7 is to investigate the acute effect of ASA
treatment in cultured human DMD myoblasts. In particular, we will examine the
effect of 24 hours, 3 days and 7 days of ASA treatment on mitochondrial
respiration, viability and O2- production. It is hypothesised that acute ASA
supplementation will improve mitochondrial respiration and viability in control
and DMD myoblasts. Additionally, it is hypothesised that acute ASA
supplementation will decrease mitochondrial O2- production in DMD myoblasts.
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Chapter Three
Methods
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3.1 Mdx mouse model experiments
3.1.1 Animals
For both animal studies, the dystrophin-positive C57BL/10ScSn (CON)
mouse and dystrophin-negative C57BL/10mdx (mdx) mouse were utilised
(males only). The mdx mouse is the most commonly utilised model of DMD due
to being genetically homologus and lacking dystrophin at the sarcolemma.
Animals were purchased from The Animal Resources Centre (Western
Australia, Australia) and housed at the Western Centre for Health, Research
and Education animal facility (Sunshine Hospital, Victoria, Australia) on a 12:12
hour light-dark cycle in individually ventilated cages (4-5 per cage). The animal
facility temperature was maintained between 20 and 25°C with humidity
maintained at 40%. All animals were acclimatised for a week prior to the
supplementation period and at all times, animals were permitted ad libitum
access to food and water and were weighed weekly. All experimental
procedures

were

approved

by

the

Victoria

University

Animal

Ethics

Experimentation Committee (ethics numbers 13/003 and 14/003) and
conformed to the Australian Code of Practice for the care and use of animals for
scientific purposes.

3.1.1.1 Dietary supplementation

In both supplementation studies, 3 week old male CON and mdx mice
were randomly assigned into four groups (n=16 per group) by an animal
technician (to remove experimenter bias; Kilkenny et al., 2010, McGrath and
Lilley, 2015) and allowed to acclimatise for one week prior to the
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commencement of the supplementation period (Figure 3.1). Animals assigned
to the unsupplemented groups (CON and mdx UNSUPP) were provided with
non-autoclaved standard rodent chow (Speciality Feeds, Western Australia,
Australia) and RO (reverse osmosis to remove impurities) drinking water.
Animals assigned to the supplemented groups (CON and mdx NITR or ASA)
were provided the same chow but the RO drinking water was supplemented
with either sodium nitrate or ASA. Both food and drinking water were monitored
and replaced weekly, with supplemented water made up fresh on the day of
being changed.

Sodium nitrate (NITR) supplementation
In the NITR supplementation study, RO water was supplemented with
1mM (85mg/mL; equivalent to ~3.75µmol/day) of sodium NITR (S5506, Sigma
Aldrich). This supplementation rate has been previously utilised in mice
(Carlström et al., 2010, Hernández et al., 2012) and has been shown to
significantly increase the pool of nitrogen species in both plasma and tissue
(Carlström et al., 2010) and to have beneficial effects on energy metabolism
and other mitochondrial parameters (Larsen et al., 2011, Ashmore et al., 2015,
Lansley et al., 2011, Bailey et al., 2009).

ASA supplementation
In the first clinical trial to test the efficacy of ASA (Bonsett and Rudman,
1992), the supplementation range approved was 1mg/kg/day to 1g/kg/day. We
aimed to administer a dose of 25mg/kg/day in mice as this was the only
specified dose that was delivered via a non-intravenous route (Bonsett and
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Rudman, 1992). Additionally, as there is no data regarding the half-life,
clearance and toxicity of ASA, we selected this dose to be within the lower half
of the range approved for the clinical trial in DMD boys (Bonsett and Rudman,
1992). After taking into account blood volume and average daily water intake of
a mouse, the dose was calculated to be 3000µg/mL.
A staggered supplementation protocol was employed to enable the
detection of toxic and adverse effects in mice as this has yet to be established
in mice. Mice were initially supplemented with 3µg/mL of ASA for 3 days and
this was increased to 30µg/mL for 4 days, and 300µg/mL of ASA for one week.
Since no adverse effects were observed, a dosage of 3000µg/mL for 6 weeks
was delivered for the remainder of the supplementation period.
3.1.1.2 Surgeries

Following the supplementation period, mice underwent non-survival
surgery. Mice were anaesthetised via intraperitoneal injection of sodium
pentobarbitone (60mg/kg) and surgery was performed once the plantar reflex
could not be detected. Following removal of muscles to be analysed on the day,
the remainder of the muscles and organs (including the heart and diaphragm)
were surgically excised, weighed and snap frozen for future analysis.
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Figure 3.1. Supplementation protocol.

92

3.1.2 Glucose uptake (GU)

3.1.2.1 Muscle dissection and contraction protocol
In deeply anaesthetised mice, the predominantly fast-twitch extensor
digitorum longus (EDL) and predominantly slow-twitch soleus (SOL) proximal and
distal tendons in each hindlimb were tied with 4/0 surgical silk. Once all four muscles
were tied, the right EDL and SOL were surgically excised tendon-to-tendon and
placed in separate muscle baths containing warmed (30°C) Krebs basal buffer
(118.5mM NaCl, 24.7mM NaHCO3, 4.74mM KCl, 1.18mM MgSO4, 2.5mM CaCl2,
8mM mannitol, 2mM Na pyruvate, 0.01% BSA; pH 7.4) bubbled with carbogen (95%
O2, 5% CO2). The left EDL and SOL were then excised and placed into muscle baths
prepared in the same manner. The proximal tendon was attached to a force
transducer with the distal tendon attached to a hook (Figure 3.2) and muscles were
incubated for 20 minutes to equilibrate in the bath.
Single muscle baths were stimulated via square wave electrical pulses
sufficient to recruit all motor units and produce maximum force in the contracting
muscle. Stimulation, delivered by platinum electrodes flanking the muscles, and
subsequent recording of the force output were obtained from a custom-built muscle
analysis system (Zultek Engineering, Victoria, Australia). Following determination of
optimal length (Lo) of each muscle via a succession of isometric twitch contractions,
the left EDL and SOL were stimulated to contract for a total of 10 minutes (pulse
durations of 350msec and 500msec for EDL and SOL, respectively at a frequency of
60 Hz; Figure 3.3 and 3.4). This protocol maintains muscle viability and elicits
maximal GU (Merry et al., 2010). The right EDL and SOL were not stimulated to
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contract during the 10 minute contraction period, and were utilised to measure basal
GU.

3.1.2.2 Radioactive determination of GU
Following 5 minutes of contraction, the Krebs basal buffer was exchanged for
warmed Krebs buffer with the addition of 2-Deoxy-ᴅ-[1,2-3H]glucose (0.128µCi/mL,
Perkin Elmer) and ᴅ-[14H]mannitol (0.083µCi/mL, Perkin Elmer) in both resting and
contracting muscle baths. At the end of the 10 minute contraction protocol, muscles
were placed immediately in ice-cold Krebs basal buffer to stop further GU, blotted on
filter paper and snap frozen in liquid nitrogen. Whole muscles were then weighed,
digested for 10 minutes at 95°C in 135µL of 1M NaOH, neutralised with 135µL of 1M
HCl and centrifuged for 5 minutes at 13,000G. 200µL of supernatant was added to
4mL of inorganic scintillation fluid (UltimaGold, Perkin Elmer) in scintillation vials and
radioactivity was measured in a β-scintillation counter (Tri-Carb 2810, Perkin Elmer).

GU was calculated (Hong et al., 2015) using the formula:
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Figure 3.2. Muscle dissection and contractile bath setup. Panels A and B demonstrate the tied proximal and distal tendons of EDL and
SOL respectively. Panel C shows the contractile baths housing the EDL (bath 1 and 3) and SOL (bath 2 and 4) during equilibration time with
Panels D and E showing close-ups of EDL and SOL, respectively.
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Figure 3.3. Timeline of contraction protocol to determine glucose uptake (GU). Both right and left EDL and SOL were allowed to
equilibrate in the muscle baths for 20 minutes before the optimal length (Lo) of each muscle was determined. At the 30 minute mark, the left
EDL and SOL underwent contractions every 5 seconds while the right EDL and SOL received no stimulation. At the 35 minute mark,
radioactive tracers were added to all muscles and at 40 minutes muscle were snap frozen for later GU analysis.
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Figure 3.4. Examples traces obtained during glucose uptake (GU) experimentation. Following determination of the optimal length (Lo) of
each muscle, twitch and tetanic stimuli were delivered to the muscles to ensure that muscles would not slip during the 10 minute contraction
protocol and that the true optimal length was determined. (Panel A- EDL, Panel C-SOL). During the 10 minutes of contraction, the force
produced decreases in both EDL (B) and SOL (D).
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3.1.3 Mitochondrial respirometry/metabolism

3.1.3.1 Measurement of mitochondrial respiration
Mitochondrial respiration was determined using different methods in each
study. In the NITR supplementation study, mitochondrial respiration was assessed
using the Oxygraph O2K high resolution respirometer (Oroboros Instruments,
Innsbruk, Austria) and was performed by a collaborator at the Institute of Sports,
Exercise and Active Living (ISEAL, Victoria University). This methodology was
employed due to the capacity of measuring mitochondrial respiration and oxidative
stress (in the form of hydrogen peroxide (H2O2) production) simultaneously which is
important considering NO can promote oxidative stress. In addition, this
methodology is advantageous as the permeabilisation of the fibre bundles bypass
deficits in substrate transport across the membrane.
In the ASA supplementation study, mitochondrial respiration was assessed
using the XF24-3 Flux Analyser (Seahorse Bioscience, MA, USA). An advantage of
this method is that both oxidative and glycolytic metabolic function can be assessed
in intact fibres. This is important given ASA influences both anaerobic and aerobic
metabolism.

Mitochondrial respirometry using the Oroboros Oxygraph
For the NITR study, left and right gastrocnemius were excised from
anaesthetised mice and separated into red (slow-twitch; RG) and white (fast-twitch;
WG) portions to allow for comparison with the fast-twitch EDL and slow-twitch SOL
utilised for GU determination. Following separation, red and white portions were
immediately placed into ice-cold BIOPS (7.23mM K2EGTA, 2.77mM CaK2EGTA,
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5.77mM Na2ATP, 6.56mM MgCl2-6H2O, 20mM taurine, 15mM phosphocreatine,
20mM imidizole, 0.5mM dithiothreitol, 50mM K+-MES; pH 7.1). Muscle fibres were
mechanically separated from a small portion of muscle (remaining gastrocnemius
was snap frozen for later western blot analysis and citrate synthase activity) in icecold BIOPS to maximise fibre surface area and transferred into ice-cold BIOPS
supplemented with saponin (50µg/mL) for 30 minutes. Separated fibres were
agitated to permeabilise the sarcolemma and allow diffusion of subsequent assay
substrates before being thrice washed with agitation in ice-cold respiration buffer
(110mM K+-MES, 35mM KCl, 1mM EGTA, 5mM K2HPO4, 3mM MgCl2-6H2O,
0.05mM pyruvate, 0.02mM malate, 5 mg/mL BSA; pH 7.4).
Electron transport chain (ETC) and oxidative phosphorylation (OXPHOS)
function and H2O2 emission was measured by the Oxygraph O2k high resolution
respirometer (Oroboros Instruments, Innsbruck, Austria) via a substrate, uncoupler,
inhibitor titration (SUIT) protocol at 37°C. Briefly, the SUIT protocol commenced with
titrations of complex I substrates malate (2mM final concentration) and pyruvate
(10mM), followed by the complex II substrate succinate (10mM) to determine LEAK
(state 4) respiration. Titrations of ADP (0.25, 1 and 5mM) assessed OXPHOS (state
3) capacity with the addition of cytochrome c (10µM) testing mitochondrial
membrane integrity and titration of FCCP (0.025µM; (carbonyl cyanide-ptrifluoromethoxyphenylhydrazone)) determining maximal respiration. Respiration was
inhibited by the addition of rotenone (1µM) and antimycin A (5µM) to inhibit complex
I and complex III, respectively. Finally, complex IV capacity was evaluated via
addition of TMPD (N,N,N′,N′-tetramethyl-p-phenylenediamine; 0.5mM, Sigma
Aldrich) and ascorbate (2mM, Sigma Aldrich; Figure 3.5).
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Figure 3.5. Representative traces of mitochondrial respiration (A) and hydrogen peroxide
(H2O2) emission (B) from the Oxygraph respirometer.
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Mitochondrial & glycolytic metabolism using the Extracellular Flux
Analyser
Isolation of flexor digitorum brevis (FDB) fibres
FDB fibres were isolated according to procedures described by Schuh et al.
(Schuh et al., 2012). FDB (see Figure 3.6) was surgically excised from both paws of
anaesthetised mice and incubated in 1 mL of pre-warmed dissociation media
(DMEM, Gibco 10566016; 2% FBS, Bovogen Biologicals; 4mg/mL collagenase A,
Roche 10103586001; 50µg/mL gentamycin, Sigma Aldrich G1397) for 1 hour and 45
minutes (37°C, 5% CO2). Following the dissociation period, FDB bundles were
placed into ~1.5 mL of incubation media (DMEM, Gibco 10566016; 2% FBS,
Bovogen Biologicals; 50µg/mL gentamycin, Sigma Aldrich G1397) and bundles were
triturated with pipette tips of decreasing bore size to yield single fibres. To avoid
hypercontraction of fibres, fibres were triturated no more than 10 times before being
retuned into the dissociation media for a further 15 minutes and triturated again to
liberate the remaining fibres. Any undigested FDB bundles or debris were removed
from the media using forceps.

Figure 3.6. Indication of the position of FDB in the sole of the foot
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Seeding of isolated FDB fibres

To facilitate fibre adherence to Seahorse XF24 cell culture V7 microplates
(Seahorse Bioscience, MA, USA), all wells of the microplate were coated with 5µL of
extracellular matrix (Sigma Aldrich, E1270) diluted in DMEM (1:1). Diluted
extracellular matrix was evenly dispersed throughout the wells by tapping the
microplate and then allowed to air dry for 30 minutes in a sterile biohazard hood.
A 75µL aliquot of isolated fibres were placed into the coated wells (all samples
were run in triplicate) and confluency was determined using a light microscope. If
~60% of the well bottom was not covered by isolated FDB fibres, an additional 50µL
aliquot of fibres was dispensed into wells. Isolated fibres were incubated for 30
minutes to promote adherence to the extracellular matrix. When adherence was
achieved, additional incubation media was added to each well to give a final volume
of 180µL and the microplate was returned to the incubator overnight. Four
background control wells (matrigel only) were included on each microplate to serve
as a temperature control for the experiment.

Establishing an energetic profile of isolated FDB fibres

The primary measures of mitochondrial function in isolated FDB fibres
(oxygen consumption rate (indicative of mitochondrial metabolism; OCR) and
extracellular acidification rate (indicative of anaerobic glycolytic metabolism; ECAR))
were performed on the XF24-3 Extracellular Flux Analyser (Seahorse Bioscience,
MA, USA) according to the methods of Schuh et al. (Schuh et al., 2012). The XF24
Flux Analyser employs real-time measurements of dissolved O2 and pH via probes
that emit excitation wavelengths (O2 at 532nm, pH at 470nm) and the fluorescent
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signal is detected by photodetectors (O2 at 650nm, pH at 530nm) (Wu et al. 2007).
OCR and ECAR measurements are taken following the lowering of the probes into a
Sensor Cartridge which forms a temporary micro chamber (~7μL), and following the
probes being raised, the medium is re-oxygenated to allow for multiple
measurements (Rogers et al., 2011).
To obtain the best metabolic profile of the mitochondria, OCR and ECAR is
measured over various respiratory states (Figure 3.7). Basal (state 2) respiration is
substrate-driven (through the addition of glucose in the media) and indicates an
idling ETC using endogenous ADP and includes OCR driven by leak of protons (H+)
through uncoupled mitochondria (i.e. via uncoupling proteins and/or a leaky inner
mitochondrial membrane). State 4 respiration is driven by the addition of oligomycin,
an inhibitor of complex V, and defines the contribution of H+ leak to respiration. State
3 uncoupled respiration is stimulated by FCCP, a known ETC uncoupler that induces
maximal respiration by driving H+ out of the intermembrane space causing the
collapse of mitochondrial membrane potential (ΔΨ) thus driving electron transport at
its maximum. Pyruvate is subsequently delivered to ensure ample substrate
availability to support maximal respiration and ensure that maximal OCR measured
is not limited by substrate. Finally, inhibited respiration is measured following the
addition of rotenone and antimycin A (acting on complex I and III, respectively) which
inhibit electron flow along – and respiration by – the ETC, and enables the
measurement of non-mitochondrial OCR as a background control. Together, these
measurements can be used to calculate the contribution of OCR to ATP production
and the spare respiratory capacity, and to calculate the coupling efficiency of the
mitochondria.
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Additionally, an indication of anaerobic glycolytic metabolism can be obtained
through the measurement of ECAR. The conversion of glucose to lactate produces
H+ ions and the efflux of these H+ ions from the cell results in acidification of the
extracellular environment. Therefore, ECAR is an indirect measurement of glycolytic
flux. Glycolytic flexibility can also be assessed following the addition of oligomycin as
ECAR dramatically increases to compensate for the inhibition of complex V and
therefore oxidative ATP production. The response to this metabolic stress indicates
how well glycolysis can respond to meet ATP demand.
To a pre-hydrated XF24 Sensor Cartridge (Seahorse Bioscience, MA, USA),
75µL of oligomycin (20µg/mL, Sigma Aldrich) was added to injection port A (to give a
final assay concentration of 2µg/mL), 82µL of FCCP (4µM, Sigma Aldrich) and
sodium pyruvate (100mM, Sigma Aldrich) was added to injection port B (to give a
final assay concentration of 400nM and 10mM respectively) and 92µL antimycin A
(10µM, Sigma Aldrich) was added to injection port C (to give a final assay
concentration of 1µM). Into the injection ports corresponding to the background
control wells, equivalent volumes of measurement buffer was added. The cartridge
was incubated at 37⁰C for 10 minutes prior to commencement of the assay.

Following overnight incubation of the microplate with isolated FDB fibres,
105µL of incubation media was removed from each well and replaced with 1000µL of
pre-warmed measurement buffer (120mM NaCl, 3.5mM KCl, 1.3mM CaCl2, 0.4 mM
KH2PO4, 1mM MgCl2, 5mM HEPES, 2.5mM ᴅ-glucose and 0.5mM L-carnitine; pH
7.4) to wash the fibres of any incubation media. One thousand µL was removed from
each well and replaced with 600µL of measurement buffer to give a final volume of
675µL per well. Six hundred and seventy-five µL of measurement buffer was added
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to the background control wells and the microplate was returned to the incubator for
2 hours for pH and temperature equilibration.
OCR and ECAR were determined for various respiratory states via a SUIT
protocol. A SUIT loaded Sensor Cartridge was inserted into the XF24 Analyser and
calibration of the XF24 Analyser commenced. Once calibration was completed, the
loaded microplate was inserted into the XF24 Analyser and the mitochondrial stress
test was commenced (refer to Table 3.1 for complete protocol). Following an
equilibration period, basal OCR and ECAR were measured using a cycle consisting
of a 3 minute mix, 2 minute wait, 3 minute measure cycle, that was looped 3 times.
Following this, Port A, B, C and D were sequentially injected into the wells, with a full
cycle read between each injection.
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Table 3.1. Protocol utilized to measure OCR and ECAR in the XF24 Analyser

Command
Calibrate

Time (min)
10

Port

Stimulator/Inhibitor

Measurement

Equilibrate
Mix
Wait
Measure
Mix
Wait
Measure
Mix
Wait
Measure
Inject
Mix
Wait
Measure
Mix
Wait
Measure
Mix
Wait
Measure
Inject
Mix
Wait
Measure
Mix
Wait
Measure
Mix
Wait
Measure
Inject
Mix
Wait
Measure
Mix
Wait
Measure
Mix
Wait
Measure

3
2
3
3
2
3
3
2
3

Basal Respiration

A

Oligomycin

3
2
3
3
2
3
3
2
3

Uncoupled Respiration

B

FCCP and Pyruvate

3
2
3
3
2
3
3
2
3

Maximal Respiration

C
3
2
3
3
2
3
3
2
3

Antimycin A

Inhibited Respiration
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Figure 3.7. Representative traces of oxygen consumption rate (OCR, A) and extracellular acidification rate (ECAR, B) in isolated FDB fibres. Following basal
respiration (yellow box), stimulators and inhibitors were injected in sequence – oligomycin to induce uncoupled respiration (blue box), FCCP and pyruvate to induce maximal
respiration (purple box) and antimycin A to induce inhibited respiration (green box). CON UNSUPP (red and blue); CON ASA (orange).
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Derivation of data
While the OCR and ECAR readings from the respiratory states can be
analysed and presented, they are not presented in this thesis as there was no
capacity to control for variable fibre number plating in each well, nor could the data
be corrected for protein content (as per Schuh et al., 2012). Therefore, coupling
efficiency, ATP production, spare respiratory capacity, the metabolic potential and
bioenergetic health index have been presented as these parameters are internally
corrected for basal respiration and thus the fibre plating density of each well (see
Table 3.2).

Table 3.2. Metabolic parameters employed to assess the metabolic/mitochondrial
effects of the supplementation periods

Parameter
Coupling
Efficiency

ATP
Production
Spare
Respiratory
Capacity
Metabolic
Potential
Bioenergetic
Health Index

Definition
A marker of how efficiently O2
consumption is matched to ATP
production
Following the addition of oligomycin,
the decrease in OCR represents the
fraction of basal respiration that was
dedicated to ATP production
An indicator of the capacity of the
mitochondria to respond to
metabolic demand
A measure of metabolic flexibility
(via respiration and glycolysis) to
meet energy demand
An indicator of overall bioenergetic
health and dysfunction

Calculation
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3.1.3.2

Mitochondrial content, viability and metabolites

Markers of mitochondrial biogenesis (AMPK, PGC-1α and PGC-1β) and ETC
complex expression
To assess the mitochondrial pool and the stimulation of mitochondrial
biogenesis, AMPK-α (rabbit, 1:1000, Gene Signalling, 2535S)

– and its

phosphorylated form phospho-AMPK (rabbit, 1:1000, Gene Signalling, 2603S) –
PCG-1α (mouse, 1:1000, Merck Millipore, ST1202) and PCG-1β (rabbit, 1:3000,
Abcam, ab176328) were analysed through semi-quantitative western blot analysis.
For this analysis, only quadriceps from the ASA supplementation study were utilised.
To assess if differences in respiration parameters were reflective of changes in
mitochondrial ETC density, subunits of each of the complexes of the ETC were
assessed. The Total OXPHOS Antibody Cocktail (mouse, 1:1000, Abcam,
ab110413) consisted of primary antibodies against the following proteins: NADH
Dehydrogenase (Ubiquinone) 1 Beta Sub-complex, 8 (NDUFB8; Complex I),
Succinate Dehydrogenase Assembly Factor 4 (SDH8; Complex II), UbiquinolCytochrome-C Reductase Complex Core Protein 2 (UQCRC2; Complex III),
Mitochondrially Encoded Cytochrome C Oxidase I (MTOC1; Complex IV) and
Mitochondrial ATP Synthase Subunit Alpha (ATPSA; Complex V). For this analysis,
quadriceps from the ASA supplementation study and red and white gastrocnemius
from the nitrate study were utilised.
Frozen muscles were homogenized with a Polytron homogenizer (Kinematica
AG, Lucerne, Switzerland) for 20 seconds in ice-cold WB buffer (40mM Tris, pH 7.5;
1mM EDTA; 5mM EGTA; 0.5% Triton X-100; 25mM β-glycerophosphate; 25mM
NaF; 1mM Na3VO4; 10μg/ml leupeptin; and 1mM PMSF), and the whole
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homogenate was used for further analysis. Sample protein concentrations were
determined with a DC protein assay kit (Bio-Rad Laboratories, Hercules, CA, USA),
and equivalent amounts of protein (15μg) from each sample were dissolved in
Laemmli buffer, heated for 5 min at 37oC and subjected to electrophoretic separation
on SDS-PAGE acrylamide gels. Following electrophoretic separation, proteins were
transferred to a PVDF membrane, blocked with 5% powdered milk in Tris-buffered
saline containing 0.1% Tween 20 (TBST) for 1 h followed by an overnight incubation
at 4°C with primary antibody dissolved in TBST containing 1% bovine serum albumin
(BSA). After overnight incubation, the membranes were washed for 30 min in TBST
and then probed with the appropriate peroxidase-conjugated secondary antibody
(1:10000 for anti-mouse (ETC complexes), 1:20000 for anti-mouse (PCG-1α) and
1:5000 for anti-rabbit (AMPK-α, phosphor-AMPK, PCG-1β)) for 1 h at room
temperature. Following 30 min of washing in TBST, the blots were developed with a
DARQ CCD camera mounted to a Fusion FX imaging system (Vilber Lourmat,
Germany) using ECL Prime reagent (Amersham, Piscataway, NJ, USA). Once the
image was captured, the membranes were stained with Coomassie Blue to verify
equal loading of total protein in all lanes. Densitometric measurements were carried
out using Fusion CAPT Advance software (Vilber Lourmat, Germany). Coomassie
Blue was utilised to normalise the protein of interest. For all data, except for the
AMPK/Total AMPK ratio, the protein of interest was normalised to the signal intensity
of Coomassie Blue. For the AMPK/Total AMPK ratio, 4 gels were run with 2
sequences of 4 (CON UNSUPP, CON SUPP, mdx UNSUPP and mdx SUPP)
samples and an additional 6 CON UNSUPP samples. Every sample was normalised
to the mean of the 8 controls on the gel.
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Assessment of mitochondrial viability
Mitochondrial viability was assessed using the fluorescent probes MitoTracker
Green and Red (Molecular Probes). MitoTracker Green is a non-selective
mitochondrial dye that labels all mitochondria irrespective of the mitochondrial
membrane potential while MitoTracker Red is only uptaken into actively respiring
mitochondria. Mitochondrial viability is calculated as a ratio of active mitochondria
(MitoTracker Red) to total mitochondrial pool (MitoTracker Green).
One hundred µL of isolated FDB fibres were plated onto a matrigel coated 96
well microplate (all samples were run in triplicate) and confluency was determined
using a light microscope. If ~60% of the well bottom was not covered by isolated
FDB fibres, an additional 50µL aliquot of fibres was dispensed into the well. For wells
that did not receive the additional 50µL of fibres, 50µL of incubation media was
added and the microplate was incubated overnight.
Ten minutes prior to the addition of the MitoTracker dyes, FCCP and
antimycin A (final concentration of 3µM each) were added to the positive control
wells. As FCCP induces the collapse of the mitochondrial membrane potential and
antimycin A inhibits complex III function, mitochondrial viability decreases as
evidenced by a reduction in the intensity of MitoTracker Red fluorescence. Following
this, a cocktail of MitoTracker Green and Red (final concentration of 200nM and
50nM, respectively) in Flurobrite media (100µL total, ThermoFischer) was added to
each well and incubated at 37°C for 30 minutes. Fibres were then washed twice with
Flurobrite media and imaged on an inverted microscope (Olympus, Tokyo, Japan)
using FITC and TRITC filters and standardised exposure time. The intensity of red
and green fluorescence of each image was analysed using ImageJ (NIH, USA).
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Citrate synthase (CS) activity
CS is the first enzyme of the TCA cycle that catalyses the production of citrate
through the reaction of acetyl CoA and oxaloacetate. As CS is localised to the
mitochondrial matrix, it is a marker of oxidative metabolism and thus mitochondrial
density. CS activity can be determined by the following reactions (Srere, 1969):

The by-product of CS activity, CoA-SH, reacts with 5,5'-dithiobis-2nitrobenzoic acid (DTNB) producing the yellow product 5-thio-2-nitrobenzoic acid
(TNB) which is measured spectrophotometrically at 412nm.
The CS assay was run on an X-Mark Microplate Reader (Bio-Rad Laboratories,
Australia) in a 96-well clear-bottom microplate. Samples were added to the
microplate with 230μL of reagent cocktail (100mM Tris Buffer, 1mM DTNB, 3mM
Acetyl CoA) and the reaction was initiated by the addition of 10mM oxaloacetate.
The assay was read at 412 nm for 5 minutes with a reading taken every 30 seconds.
RG and WG from the NITR study and FDB fibres from the ASA study were utilized
for CS activity.
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CS activity was calculated by the following formula:

E

Metabolites
Since ASA reportedly expands the PNC cycle, thereby increasing the
production of AMP and fumarate which can lead to increased ATP production, we
assessed various metabolites in ASA supplemented samples to investigate if there is
changes in the metabolite production and utilisation of other metabolic pathways.

Freeze-drying
At least 20mg of frozen TA were cut in liquid nitrogen to ensure that
approximately 5mg of dry muscle was maintained following the drying process. Cut
samples were placed into cryule tubes and into a -40°C freeze dryer (Edwards
Modulo, Edwards High Vacuum, Britain, England) for a minimum of 48 hours.
Following the freeze-drying process, samples were weighed to determine the dry
weight. Samples were stored in a room temperature dessicator until required.
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Metabolite extraction
ATP-PCr, Cr and Lactate
Two mg of powdered sample was weighed into an eppendorf tube with 250μL
of 0.5M perchloric acid (PCA) and 1mM ethylediniaminetetra-acetic acid (EDTA)
added thereafter. Tubes were vortexed and settled on ice for 10 minutes before
being placed in a 0°C centrifuge and spun for 2 minutes at 28,000 RPM (28,837 g).
Two hundred μL of supernatant was placed into a new eppendorf tube with 50μL of
2.1M KHCO3- and after 5 minutes on ice, the tube was re-centrifuged at the same
settings. Supernatant was collected and stored in cryule tubes at -80°C until
required.

Glycogen
One mg of powdered sample was weighed into an eppendorf tube and 250μL
of hydrochloric acid added thereafter. Tubes were incubated for 2 hours at 100°C
and agitated half way through the incubation period. 750μL of 0.667M sodium
hydroxide was added to tubes to neutralise the reaction. Samples were stored at 80°C until required.

Metabolite analysis
ATP-CP, Cr, lactate and glycogen metabolite analysis was adapted from
Lowry and Passonneau (Lowry and Passonneau, 1972) to be performed in 96 well
plates and measured using a Fluroskan plate reader (Thermofisher, USA). For all
metabolites,

a

NADH

standard

curve

was

established

on

a

UV-visible

spectrophotometer at 340nm to compare the change in fluorescence of the internal
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standards against the standard curve. Internal standards for different for each
metabolite analysis – ATP and PCr for ATP-PCR analysis, PCr for Cr analysis,
lactate for lactate analysis and glucose for glycogen analysis.

ATP-PCr
ATP and PCr content was determined in samples using a three-step
enzymatic process:

Once the standard curve was generated, 10μL of blank, ATP, PCr and NADH
standards and sample were pipetted into 96 well plates in addition to the reagent
cocktail (Table 3.3). The first reading indicates NADPH concentration through the
presence of G-6-P dehydrogenase in the reagent cocktail. The second reading was
recorded following the addition of dilute hexokinase which produces G-6-P – the
substrate for the third reaction – and a 30 minute incubation at room temperature.
The subtraction of reading one from reading two indicates the change in NADPH
concentration which correlates with ATP concentration. Following the addition of CK
and ADP to the well, and a 60 minute incubation at room temperature, the third
reading is recorded. The NADPH produced from this reaction is reflective of PCr in
the sample.
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Table 3.3. Reagent cocktail for ATP-CP metabolite analysis

Reagent
Tris buffer (pH 8.1)
Magnesium chloride
Dithiothreitol
Glucose
Nicotinamide adenine
dinucleotide phosphate (NADP)
G-6-P dehydrogenase

Final Concentration
50mM
1mM
0.5mM
100μM
50μM
-

Cr

Cr content was determined in samples using a three-step enzymatic process:

Following generation of the standard curve, 30μL of reagent blank, PCr
standard or sample were pipetted into 96 well plates in addition to the reagent
cocktail (Table 3.4). The first reading, following a 15 minute incubation at room
temperature, indicates residual NADH concentration. The second reading was
recorded following the addition of CK (in 0.05% BSA) and a 60 minute incubation at
room temperature which produces pyruvate, the substrate for the third reaction,
which is measured 15 minutes after the second reading.
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Table 3.4. Reagent cocktail for Cr metabolite analysis

Reagent
Imidizole (pH 7.4)
Magnesium chloride
Potassium chloride
Phosphoenolpyruvic
acid
ATP
LDH
PK

Final
Concentration
50mM
5mM
30mM
0.1mM
0.2mM
1μg/mL
5μg/mL

Lactate
Lactate content was determined in samples using a two-step enzymatic
process:

The reagent cocktail (Table 3.5) was pipetted into 96 well plates and the
plates were incubated for 30 minutes before the first reading without any samples.
Following this, 5μL of reagent blank, lactate standard or sample were pipetted into
the plate and incubated at room temperature for 60 minutes before the second
reading.
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Table 3.5. Reagent cocktail for lactate metabolite analysis

Reagent
Hydrazine
Glycine
NAD+
Phosphoenolpyruvic
acid
LDH

Final
Concentration
100mM
100mM
0.5mM
0.1mM
25mg/mL

Glycogen
Glycogen content was determined in samples using a two-step enzymatic
process:

Following generation of the standard curve, 5μL of reagent blank, glucose
standard or sample were pipetted into 96 well plates in addition to the reagent
cocktail (Table 3.6) and the first reading was measured. The second reading was
recorded following the addition of dilute hexokinase and a 60 minute incubation at
room temperature.
Table 3.6. Reagent cocktail for glycogen metabolite analysis
Reagent
Tris buffer
Magnesium chloride
Dithiothreitol
ATP
NADP+
G-6-P Dehydrogenase

Final
Concentration
50mM
1mM
0.5mM
0.3mM
50μM
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Oxygen (O2) radical production
Superoxide (O2-)
Uncoupled respiration results in the loss of electrons that can interact with O2
and form O2- anions. Elevated production of this ROS can be detrimental to cellular
function and can be measured by the superoxide indicator MitoSOX Red (Molecular
Probes). MitoSOX is selective to mitochondria and fluoresces red when oxidised by
mitochondrial O2-. Teamed with a MitoTracker Green dye, O2- production, per volume
of mitochondria, can be measured/assessed.
One hundred µL of isolated FDB fibres were plated onto a matrigel coated 96
well microplate (all samples were run in triplicate) and confluency was determined
using a light microscope. If ~60% of the well bottom was not covered by isolated
FDB fibres, an additional 50µL aliquot of fibres was dispensed into the well. For wells
that did not receive the additional 50µL of fibres, 50µL of incubation media was
added and the microplate was incubated overnight.
Five minutes prior to the addition of the MitoTracker dyes, antimycin A (final
concentration of 3µM) was added the positive control wells. Antimycin A inhibits
complex III, inducing reverse electron flow along the ETC which culminates in O 2production at complex I, to drive maximal MitoSox fluorescence. Following this,
MitoSOX (final concentration of 5µM) in HBSS/Ca2+/Mg2+ buffer (10mM HEPES,
150mM NaCl, 5mM KCl, 1mM MgCl, 1.8mM CaCl2, pH 7.4) was added to each well
and incubated at 37°C for 30 minutes. MitoSOX was removed and fibres were
counterstained

with

MitoTracker

Green

(as

described

in

“Assessment

of

mitochondrial viability” (p111). Fibres were then washed twice with Flurobrite and
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imaged on an inverted microscope (Olympus, Tokyo, Japan) using FITC and TRITC
filters and a standardised exposure time. The intensity of red and green fluorescence
of each image was analysed using ImageJ software.

Hydrogen peroxide (H2O2)
H2O2 emission was simultaneously measured throughout the SUIT protocol
via optical sensors (Oroboros O2k-Fluorescence LED-2 Module, Anton Paar, Graz,
Austria). H2O2 emission was quantified via the reaction with Amplex UltraRed (25µM;
Molecular Probes, Invitrogen) and horseradish peroxidase (2.5 U.mL -1) at 525nm
wavelength. Superoxide produced during the SUIT protocol was converted to H 2O2
via the addition of superoxide dismutase (2.5U.mL-1, Sigma Aldrich).

Peroxynitrite (ONOO-)
Increased NO production can lead to formation of reactive nitrogen species
during oxidative stress. The combination of a O2- anion with NO produces ONOO- a
radical that initiates the nitration of tyrosine residues in proteins which mediates
damage. As NITR supplementation increases NO availability and oxidative stress is
a feature of dystrophic muscle, ONOO- levels were indirectly measured through 3nitrotyrosine, a product of ONOO- nitration of proteins.
Embedded TA’s were sectioned as described in “Sample preparation” (p122)
and fixed with 4% formaldehyde for 30 minutes at room temperature. After
incubation with blocking serum (0.1M PBS, 0.1% triton X-100, 10% donkey serum)
for 1 hour at room temperature, sections were then labelled with primary anti-Snitrotyrosine antibody (rabbit, 1:200) overnight at room temperature. After washing
three times with a 0.1M PBS and 0.1% triton X-100 solution, samples were
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incubated with the secondary antibody (anti-rabbit Alexa Fluor 647, 1:100, Abacus
ALS, UK) for 2 hours at room temperature. A pan nuclei marker DAPI (4',6diamidino-2-phenylindole) was added to the tissue sections and incubated for 2
minutes at room temperature, tissues were washed three times with a 0.1M PBS and
0.1% triton X-100 solution and mounted with fluorescent mounting medium.
Confocal microscopy was performed at excitation wavelengths of 640nm for
Alexa 647 and 406nm for Alexa 405. Eight random images (20x magnification, total
2mm2 area) from each animal were captured and the microscope was calibrated to
standardise

the

minimum

baseline

fluorescence

for

imaging

nitrotyrosine

immunoreactivity. Images were analysed using ImageJ software to determine the
number of DAPI positive nuclei and nitrotyrosine positive fibres.

Nuclear factor (erythyroid-derived 2)-like 2 (Nrf2)
Recent observations that enhanced fumarate content can stimulate
antioxidant gene upregulation through stimulation of Nrf2 (Ashrafian et al., 2012) led
us to investigate if ASA therapy had a similar effect. Nrf2 was assessed via semiquantitative western blot analysis as outlined in section 3.1.3.2 (primary antibody,
rabbit, 1:1000, Gene Signalling, 12721; secondary, 1:5000, Vector Laboratories, PI1000).
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3.1.4

Immunolabelling and histology

3.1.4.1 Immunolabelling of dystrophin-associated proteins

Dystrophin and dystrophin-associated proteins were assessed in both the
NITR and ASA studies. Dystrophin-deficiency was confirmed in the mdx mouse and
assessed in NITR and ASA supplemented samples to assess if either NITR or ASA
therapy is a genetic modifier of dystrophin expression. The ablation of dystrophin
from the sarcolemma results in the secondary loss of nNOS. Therefore, we utilised
nNOS staining to assess if increased NO availability through nitrate supplementation
can modulate nNOS protein expression. Finally, utrophin expression was assessed
in the ASA study. The capacity for mdx muscles to escape cumulative damage and
degeneration has been associated with increased utrophin expression. Therefore,
we assessed if ASA has an effect on utrophin expression which may improve
sarcolemmal integrity.
Sample preparation
Following excision, the right tibialis anterior (TA) was covered in optimal
cutting temperature (OCT) compound (Sakura Finetek) and frozen in liquid nitrogencooled isopentane (Sigma Aldrich). Frozen muscles were stored at –80°C until
required.
On the day of experimentation, embedded TA’s were cryo-sectioned at -20°C
on a cryostat microtome (LeicaMicrosystems, Wetzlar, Germany). TA’S were cut at
the mid-belly of the muscle using a scalpel and one half was mounted onto a chuck
using OCT. 10µm transverse sections were mounted onto glass slides (Menzel-
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Glaser, Braunschweig, Germany) and fixed for 5 minutes using the Cytofix/Cytoperm
Plus kit (BD Biosciences).
After incubation with blocking serum (0.1M PBS, 0.1% triton X-100, 10% FBS)
for 1 hour at room temperature, sections were then labelled with the primary
antibody (dystrophin and nNOS from Abcam, utrophin from Santa Cruz Technology,
Table 3.7) overnight at room temperature. After washing three times with a 0.1M
PBS and 0.1% triton X-100 solution, samples were incubated with the secondary
antibody (Jackson ImmunoResearch, Table 3.7) for 2 hours at room temperature.
Tissues were washed three times with a 0.1M PBS and 0.1% triton X-100 solution
and mounted with fluorescent mounting medium (DAKO, Australia). Slides were
dried overnight in a container to prevent photo-bleaching.

Microscopy
Confocal microscopy was performed on an Eclipse Ti confocal laser scanning
system (Nikon, Tokyo, Japan). Fluorophores were visualized using a 488 nm
excitation filter for Alexa 488 or FITC and a 559 nm excitation filter for Alexa 594 or
Rhodamine Red. Z-series images were acquired at a nominal thickness of 0.5μm
(512x512 pixels). The intensity of dystrophin and nNOS fluorescence was measured
with ImageJ software from eight randomly captured images (total area size 2mm 2)
per animal at 20x magnification (Figure 3.8).

Table 3.7. Antibody details for immunolabelling.
Primary Antibody
rabbit anti-dystrophin
goat anti-nNOS
goat anti-utrophin

Dilution
1:400
1:200
1:200

Incubation
Time
Overnight
Overnight
Overnight

Secondary Antibody

Dilution

donkey anti-rabbit Alexa 488
donkey anti-goat Alexa 594
donkey anti-goat Alexa 488

1:200
1:200
1:100

Incubation
Time
2 hours
2 hours
2 hours
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Figure 3.8. Representative images of immunohistolochemical analysis of TA.
Representative images of dystrophin (A), nNOS (B) and utrophin (C) in CON UNSUPP TA. .
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3.1.4.2 Histology
Sample preparation and microscopy
Embedded TA’s were prepared as outlined in section “Sample preparation”
(p122) but were not fixed. Images were captured either using the Zeiss Axio Imager
Z2 microscope (Carl Zeiss MicroImaging GmbH, Germany) at 20x magnification or
on an inverted microscope (Olympus, Tokyo, Japan) at 4x magnification using a
standardised exposure time. For each slide, three random images were taken in a
blinded fashion.
Haematoxylin & Eosin (H&E)
Slides were stained using a standard H&E staining protocol as outlined in
Table 3.8 and mounted with DPx (BDH, Poole, UK; Figure 3.9). To determine mean
fibre size and frequency distribution of fibre size, 200 fibres (or as many whole fibres
in the image) were individually circled on the three random images of each slide on a
Microsoft Surface tablet using ImageJ. If there was not 200 fibres in the image, all of
the whole fibres in the image were circled. Damaged area, as indicated by areas of
mass nuclei infiltration, were traced and % of damaged area was calculated using
the total area of muscle. Finally, of all the measured fibres, centronucleated fibres
were counted to determine % of regenerating fibres (Shavlakadaze et al., 2004).
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Table 3.8. Protocol utilised for Haematoxylin & Eosin staining of TA

Solution
100% ethanol
90% ethanol
Tap water
Hematoxylin
Tap water
Tap water
Scott’s tap water
Eosin (1%)
Tap water
100% ethanol
100% ethanol
Histolene

Time
2 mins
2 mins
30 secs
30 secs
30 secs
Rinse
1 min
1 min 45 secs
1 min
1 min
1 min
4 mins

Oil Red O (ORO)
Lipid infiltration and accumulation in dystrophic muscle is a characteristic of
disease progression. In studies by Bonsett (Bonsett and Rudman, 1984, Bonsett and
Rudman, 1992), ASA administration significantly reduced lipid production and
therefore we employed ORO (Abcam) staining to assess the effect of ASA
supplementation on lipid infiltration and accumulation in dystrophic muscle.
Slides were stained using an ORO protocol as outlined in Table 3.9 and
mounted with 10% glycerol in PBS. Analysis was performed in two ways: (1)
counting ORO-positive fibres in 3 random sections of the sample and (2) quantifying
staining intensity of the whole muscle. Both analyses were performed on ImageJ.
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Table 3.9. Protocol utilised for Oil Red O staining of TA
Solution
3.7% formaldehyde
Milli Q
Oil Red O
Milli Q
Haematoxylin
Tap water

Time
60 mins
1 min 30 secs
30 mins
1 min 30 secs
45 secs
Rinse

Alizarin Red
The loss of dystrophin from the sarcolemma leads to overwhelming Ca 2+
accumulation in dystrophic fibres which stimulates a myriad of damage pathways.
Therefore, Ca2+ content of muscle fibres from the TA was assessed using Alizarin
Red (TMS-008-C, Merck Millipore), a dye which chelates with calcium to form
Alizarin Red S-Ca2+ complexes. Slides were stained as outlined in Table 3.10 and
mounted with DPx. Staining intensity of three random areas was assessed on
ImageJ.

Table 3.10. Protocol utilised for Alizarin Red staining of TA
Solution
Alizarin Red
100% Acetone
1:1 Acetone-Xylene
Xylene

Time
2 mins
20 dips
20 dips
1 min
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Succinate Dehydrogenase (SDH)
As mitochondrial oxidative capacity is affected in DMD, we assessed the
oxidative nature of TA muscle fibres to elucidate if ASA supplementation has an
effect through the activity of SDH. SDH is an enzyme located in the mitochondria
that oxidises succinate to fumarate. This reaction, in the presence of nitro blue
tetrazolium, is demonstrated by the formation of a blue-purple product with fibres
more intensely coloured indicating highly oxidative fibres.
Slides were incubated in working solution (0.05M sodium succinate, 0.05M
PBS, 0.05% nitro blue tetrazolium, pH 7.6, Sigma Aldrich) for 60 minutes at 37°C,
fixed in formal saline (0.9% NaCl, 10% formaldehyde, Sigma Aldrich) and mounted
with glycerol jelly (Sigma Aldrich, Table 3.11). Analysis was performed by quantifying
the staining intensity of the whole muscle on ImageJ.

Table 3.11. Protocol utilised for SDH staining of TA

Solution
SDH working solution
Milli Q
Formal saline
Milli Q

Time
60 mins
Wash
10 dips
Wash
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Gomori Trichrome
Since connective/fibrotic tissue infiltration occurs as DMD progresses, we
assessed the presence of connective/fibrotic tissue within the muscle using a Gomori
Trichrome (LG) stain (HT10316, Sigma Aldrich). Gomori Trichrome stain
distinguishes three muscle components: (1) muscle (red/pink), (2) nuclei (blue/black)
and (3) collagen (green-blue).
Slides were stained as outlined in Table 3.12 and mounted with DPx. The
intensity of red (muscle), blue (nuclei) and green (collagen) staining of three random
areas of each image was analysed using an automated RGB histogram on ImageJ.
The proportion of green staining (fibrotic area) was calculated as a percentage of
total RGB staining (Lee et al., 2013).

Table 3.12. Protocol utilised for Gomori Trichrome staining of TA.
Solution
Haematoxylin
Tap water
Gomori Trichrome
stain
Tap water
0.2% acetic acid
95% ethanol
95% ethanol
100% ethanol
100% ethanol
Xylene

Time
1 min
Wash
30 secs
20 dips
20 dips
30 secs
30 secs
30 secs
30 secs
1 min
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Figure 3.9. Representative images of histological analysis. Representative images of
H&E (A), ORO (B), Alizarin Red (C), SDH (D) and Gomori Trichrome (E).
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3.2 Cell experiments
Cell culture experiments were performed for further investigation of the acute
metabolic effects of ASA and nitrate. In the following experiments, sodium nitrite was
utilised in lieu of nitrate to overcome any limitations in the conversion of nitrate to
nitrite (and finally to NO) as this conversion process is generally performed by the
commensal bacteria. Therefore, we administered nitrite in the following cell
experiments, as it is a known NO donor (Hindley et al., 1997).
Immortalised human skeletal muscle cell lines were generously donated by
Drs. Vincent Mouly and Gillian Butler-Browne of the Institut de Myologie (Paris,
France) via Dr. Jason White (Murdoch Children’s Research Institute, Melbourne,
Australia). Dystrophin-positive (CON) muscle cells were derived from the paraspinal
muscles of a 12 year old female and the dystrophin-negative (DMD) muscle cells
derived from the fascia-lata of a 10 year old male with a deletion in exon 52 of the
dystrophin gene. These human skeletal muscle cells were immortalised via
transfection of the telomerase gene.
For all assays, excluding the determination of ASA and nitrite dosages and
mitochondrial respiration assay, 3 time-points were utilised (24 hours, 3 days and 7
days of supplementation). This was performed to assess the acute effects of ASA
and nitrite treatment.
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3.2.1 Cell culture maintenance
Both CON and DMD cells were grown and maintained in growth medium
containing low glucose 199 media (1:5, Gibco 11150059), high glucose Dulbecco’s
modified eagle medium (DMEM) (4:5, Gibco 10566016), fetuin (25µg/mL; Sigma
Aldrich F2379), human epidermal growth factor (5ng/mL; Sigma Aldrich E9644),
basic human fibroblast growth factor (0.5ng/mL; Sigma Aldrich F0291), insulin
(5µg/mL; Sigma Aldrich I5500), dexamethasone (0.2µg/mL; Sigma Aldrich D4902),
gentamycin (50µg/mL; Gibco 15750060) and FBS (20%; Bovogen Biologicals). Cells
were seeded at 90-100,000 cells per well of a 24 well cell culture plate and passaged
every 3 days. All cell experimentation was performed on undifferentiated myoblasts.

3.2.2 Determination of ASA and nitrite dosages
Assays were performed in CON myoblasts to establish the maximum tolerable
dose of both ASA and nitrite to be utilised in all cell culture experiments. For both
ASA and nitrite, a range of concentrations between 10nM and 1mM were
investigated. Two methods were employed to determine the optimal concentration:
(1) crystal violet staining, which binds to DNA to indicate cell viability and (2) realtime monitoring of cell proliferation using the xCELLigence Real Time Cell Analysis
(RTCA) system (ACEA Biosciences, San Diego, CA).

3.2.2.1 Crystal violet assay
CON myoblasts were grown for 4 days in either media only, media with milli Q
(MQ; vehicle) or increasing concentrations of ASA or nitrite. Cells were washed with
PBS and then incubated with 0.1% crystal violet solution for 10 minutes. The staining
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solution was removed and 1% SDS was added to solubilise the stain. Absorbance
was read at 570 nm on an X-Mark Microplate Reader (Bio-Rad Laboratories,
Australia) with a higher absorbance indicating higher cell viability.

3.2.2.2 Cell proliferation assay

The xCELLigence RTCA MP system is a non-invasive and label-free method
used to quantify cell viability through calculation of the Cell Index. The Cell Index is
determined by the measurement of electrical impedance across the microelectrodes
on the bottom of the 16 well E-plates and therefore changes in cell adherence and
proliferation are reflected by the Cell Index. For example, during the initial adhesion
of cells to the bottom of the plate, electrical impedance across the microelectrodes
increases significantly. This is reflected by a rapid increase in the Cell Index. In
contrast, the detachment of cells from the plate due to cellular death is reflected by a
significant decrease in the Cell Index. This occurs as the electrical impedance of the
microelectrodes is reduced. This method overcomes limitations to other cell viability
assays as it is non-invasive, does not require addition of reagents and the
measurement of electrical impedance occurs in real-time within the incubator
environment, without experimental interference.
CON myoblasts were seeded at a density of 5000 cells per well and plates
were inserted into the xCELLigence RTCA MP system. Cells were allowed to adhere
for 24 hours, after which time 50µL of either media only, media with MQ or
increasing concentrations of ASA or nitrite were added. The Cell Index was
measured every 30 minutes for 4 days.
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3.2.3 Determination of mitochondrial viability
Mitochondrial viability was assessed by the same method employed in
“Assessment of mitochondrial viability” (p111). CON and DMD myoblasts were
seeded at a density of 5000 cells per well and either 1mM of ASA or nitrite was
added to the wells. Plates were left to incubate for either 24 hours, 3 days or 7 days
with media replaced every 3 days. The same protocol was followed as in section
“Assessment of mitochondrial viability” (p111) however the positive controls were left
to incubate for 15 minutes before the addition of the MitoTracker dyes.

3.2.4 Determination of mitochondrial O2- production
Mitochondrial O2- production was assessed by the same method
employed in “Superoxide (O2-)” (p119) CON and DMD myoblasts were seeded at a
density of 5000 cells per well and either 1mM of ASA or nitrite was added to the
wells. Plates were left to incubate for either 24 hours, 3 days or 7 days with media
replaced every 3 days.

3.2.5 Mitochondrial & glycolytic metabolism using the Extracellular Flux
Analyser
Mitochondrial respiration and glycolytic flux was assessed using the Extracellular
Flux Analyser as outlined in “Mitochondrial & glycolytic metabolism using the
Extracellular Flux Analyser” (p101) with some minor modifications. On gelatin-coated
(0.5%) Seahorse XF24 cell culture V7 microplates, CON (25,000 cells per well) and
DMD myoblasts (15,000 cells per well) were seeded and incubated with 250µL of
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either 1mM ASA or nitrite for 24 hours. Myoblasts were seeded at different densities
due to the observation that 25,000 DMD myoblasts per well depleted O 2 in the wells
and therefore affected the measurement of OCR. Thus, after experiments to
determine optimal seeding density (data not shown), 15,000 myoblasts per well was
determined to be the highest number of cells possible with inducing O 2 depletion. In
addition, CON seeding density could not be reduced to match DMD myoblasts as the
OCR would be lower than required. Following the 24 hour incubation period, 200µL
of media was removed from each well and replaced with 1000 µL of pre-warmed
assay buffer (DMEM XF assay media (Seahorse Bioscience, 102365-10), 25mM
glucose and 1mM sodium pyruvate; pH 7.4) to wash the cells of any growth media.
1000 µL was removed from each well and replaced with 625 µL of assay buffer to
give a final volume of 675 µL per well. 675 µL of assay buffer was added to the
background control wells and the microplate was returned to a non-CO2 incubator for
1 hour for pH and temperature equilibration.
To a pre-hydrated XF24 Sensor Cartridge, 50µL of oligomycin (30µM) was
added to injection port A (to give a final assay concentration of 3 µM), 55µL of FCCP
(30µM) was added to injection port B (to give a final assay concentration of 3µM)
and 60µL antimycin A (10µM) and rotenone (20µM) was added to injection port C (to
give a final assay concentration of 1µM and 2µM, respectively). The loaded Sensor
Cartridge was incubated at 37°C for 10 minutes and then inserted into the XF24
Analyser for calibration. Once calibration was completed, the loaded microplate was
inserted into the XF24 Analyser and the mitochondrial stress test was commenced
(refer to Table 3.1 for complete protocol). The OCR and ECAR readings from the
various respiratory states were analysed as described in “Derivation of data” (p108).
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3.3 Statistical analysis

All results are presented as mean ± standard error of the mean in the text,
tables and figures. Two-way ANOVA was utilised to detect between strain (animal
and cell) and supplementation differences and a three-way ANOVA was utilised to
detect between strain, supplementation and GU type (basal vs contraction)
differences. When a main effect or an interaction was detected, unpaired T-tests
were used to determine differences between individual groups using SPSS (version
21). An α value of 0.05 was considered significant.
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Part One
Nitrate/Nitrite Therapy
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Chapter Four
Evaluation of Nitrate Therapy in the mdx Mouse
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2. Timpani et al. (2015) Glucose uptake & mitochondrial function following 8 weeks of
dietary nitrate supplementation in the dystrophin-deficient mdx mouse. Neuromuscular
Disorders Supplement: World Muscle Society Proceedings, 25(2).

Presentations from this chapter:
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dietary nitrate supplementation in the dystrophin-deficient mdx mouse. Melbourne,
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2. Timpani et al. (2015). Glucose uptake & mitochondrial function following 8 weeks of
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4.1 Introduction
DMD is a progressive X-linked (Monaco et al., 1985) neuromuscular
disease affecting 1 in 3,500 live male births (Emery, 1991), which arises from
the ablation of the cytoskeletal protein, dystrophin (Hoffman et al., 1987).
Dystrophin deficiency causes alterations to the myofibre architecture leading to
membrane lesions, Ca2+ accumulation, muscular weakness and cyclic bouts of
degeneration and regeneration until the regenerative capacity of the muscle is
unable to match demand for repair (Heslop et al., 2000). Damaged muscle is
eventually replaced with fibrous and/or fatty connective tissue leading to a
decrease in muscle function, with cardiorespiratory failure ensuing by the third
decade of life (Eagle et al., 2002).
Mitochondrial and metabolic dysfunction have been increasing implicated
in the pathogenesis of DMD although it is not known if these abnormalities are
associated with dystrophin deficiency, the pathophysiological sequelae caused
by dystrophin deficiency, or completely independent of dystrophin deficiency
(Timpani et al., 2015). Indeed, the only obvious physical link between
dystrophin and the intracellular metabolic pathways is via nNOS whereby
ablation of dystrophin from the sarcolemma induces the secondary loss of the
dystrophin-associated proteins (Ohlendieck and Campbell, 1991) including
nNOS (Brenman et al., 1995, Chang et al., 1996). nNOS produces NO, a key
signalling molecule in skeletal muscle that regulates various biological
processes including blood flow, contraction, mass, satellite cell activation, Ca2+
handling and GU, in addition to mitochondrial metabolism, gene expression and
ROS production (McConell et al., 2012). In dystrophic muscle, the dissociation
of nNOS from the sarcolemma results in reduced nNOS content (Leary et al.,
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1998, Thomas et al., 1998, Vaghy et al., 1998, Judge et al., 2006), activity
(Chang et al., 1996, Kameya et al., 1999, Li et al., 2011) and NO production
(Gücüyener et al., 2000, Kasai et al., 2004, Barton et al., 2005). Importantly, this
loss of nNOS has been shown to contribute to the progression of the dystrophic
condition and to the deficits in metabolic function. For example, nNOS is a
positive allosteric regulator of PFK, the rate limiting enzyme of the glycolytic
pathway (Wehling-Henricks et al., 2009), and therefore plays a critical role in
regulating glucose metabolism. Interestingly, DMD is not only associated with
impairments in glycolysis (Vignos Jr and Lefkowitz, 1959, Chi et al., 1987,
Wehling-Henricks et al., 2009) but also in β-fatty acid oxidation, the TCA cycle
and the electron transport system (ETS) (for detailed reviewed see (Timpani et
al., 2015)). Collectively, these metabolic impairments result in reduced energy
production (Rybalka et al., 2014), with reports of ATP content being 50% lower
under resting conditions (Austin et al., 1992, Cole et al., 2002). Given that
nNOS localisation and NO signalling are known to be important for metabolic
control, the loss of nNOS and NO bioavailability might be key to metabolic
deregulation in dystrophic skeletal muscle. Therefore, increasing NO availability
has the potential to be of therapeutic benefit.
In an attempt to normalise NO production, several studies have
reintroduced nNOS into dystrophic skeletal muscle which demonstrably reduces
muscle damage and inflammation (Wehling et al., 2001, Tidball and WehlingHenricks, 2004). As gene therapy for nNOS transfection is not yet available in
humans, other strategies to restore NO availability have been investigated.
Several studies have shown that supplementation with NO donors, often
combined with anti-inflammatory drugs, results in reduced damage, necrosis
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and inflammation and improved muscle blood flow, function/strength and repair
(Voisin et al., 2005, Brunelli et al., 2007, Mizunoya et al., 2011, Vianello et al.,
2014, Archer et al., 2006, Uaesoontrachoon et al., 2014, Thomas et al., 2012,
Anderson and Vargas, 2003) in dystrophin-deficient skeletal muscle. While
these findings may suggest a positive effect of increasing NO availability, it is
difficult to control the delivery of NO to the skeletal muscle with pharmacological
donors and also to separate the effects of the NO donor from those of the antiinflammatory co-treatment. Another approach to increase NO availability has
been to supplement with the nNOS substrate, ʟ-arginine (Barton et al., 2005);
however, the potential for ˪-arginine to increase NO production is limited by the
lowered nNOS protein in dystrophic skeletal muscle. An alternative method to
increase

NO

availability,

that

is

independent

of

nNOS

activity,

is

supplementation with nitrate (NITR). Specifically, dietary NITR can be reduced
to nitrite by commensal bacteria of the oral cavity and gastrointestinal tract, with
nitrite being subsequently reduced to NO via several enzymatic pathways in the
blood and tissues (Lundberg et al., 2008). This mechanism is complementary to
NOS-derived NO production and, importantly, represents a pathway that could
be exploited to increase NO availability in dystrophic muscle.
To date, no studies have investigated the effect of NITR supplementation
on metabolic function in dystrophic muscle; however, recent studies suggest
that NITR supplementation has the potential to improve metabolic function in
skeletal muscle. For example, Larsen et al. demonstrated that NITR
supplementation in healthy, young males led to increased plasma NO
concentration and subsequently, downstream metabolic adaptations including
increased mitochondrial efficiency, reduced proton leak and ultimately
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increased ATP production capacity (Larsen et al., 2011). Similar data has been
derived in mice during fatty acid oxidation (Ashmore et al., 2015). In addition,
there is some evidence that NITR supplementation can increase exercise
efficiency in humans (Bailey et al., 2009, Larsen et al., 2007, Bailey et al., 2010)
and exercise capacity in some disease conditions such as peripheral arterial
disease, where NO production is reduced (Kenjale et al., 2011). Most
pertinently, increasing NO bioavailability through administration of sodium nitrite
mitigates functional ischemia in Becker Muscular Dystrophy patients (Nelson et
al., 2015) suggesting that expansion of the NITR-nitrite-NO pool in DMD may
also be beneficial. The results from these studies prompted us to investigate
whether increasing NO availability via NITR supplementation, which has been
previously proven to increase plasma (Larsen et al., 2011, Carlström et al.,
2010) and skeletal muscle (Ashmore et al., 2015) NO levels and elicit beneficial
mitochondrial adaptations at the skeletal muscle level (Larsen et al., 2011,
Carlström et al., 2010), would improve mitochondrial function and rectify energy
homeostasis dysregulation in dystrophic muscle. Therefore, we investigated
whether an established dietary NITR supplementation regimen (Carlström et al.,
2010) could improve GU, mitochondrial function, ROS emission and muscle
architecture in healthy (control; CON) and dystrophic (mdx) mouse models. We
hypothesised that NITR supplementation would (1) increase GU in the
contracting muscles from CON and mdx mice; (2) improve mitochondrial
function in mdx mice and; (3) improve the muscle architecture of mdx mice.
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4.2 Methods
4.2.1 Ethical approval
All experimental procedures were approved by the Victoria University
Animal Ethics Experimentation Committee and conformed to the Australian
Code of Practice for the Care and Use of Animals for Scientific Purposes.
4.2.2 Animals and supplementation
Three week-old male C57Bl/10ScSn (normal wild-type strain; CON;
n=32) and C57Bl/10mdx (mdx; n=32) mice were randomly assigned into four
groups: unsupplemented (CON UNSUPP (n=16) and mdx UNSUPP (n=16))
and supplemented (CON NITR (n=16) and mdx NITR (n=16)). Mice in the
supplemented groups were given 85mg.L-1 (1mM) sodium NITR (Carlström et
al., 2010) ad libitum in drinking water for 8 weeks and mice in the
unsupplemented groups were given drinking water without NITR. The dose of
NITR is comparable to doses studied in human experiments, is achievable
through a normal diet (Hernández et al., 2012), and is proven to increase the
plasma NITR-nitrite-NO pool (Carlström et al., 2010, Larsen et al., 2011).

4.2.3 Muscle dissection and contraction protocol
White EDL and red SOL muscles were surgically extracted in deeply
anaesthetised mice and placed into individual muscle baths containing Krebs
basal buffer bubbled with carbogen (95% O2, 5% CO2) at 30°C. Optimal length
(Lo) for each muscle was determined using a custom built muscle analysis
system and the left EDL and SOL were then stimulated to contract for a total of
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10 minutes (pulse durations of 350msec and 500msec for EDL and SOL,
respectively at a frequency of 60 Hz).The right EDL and SOL were not
stimulated in order to measure basal GU. See section 3.1.2.1 for more detail.

4.2.4 Glucose uptake (GU)
Following 5 minutes of contraction, the Krebs basal buffer was
exchanged for Krebs buffer with 2-Deoxy-ᴅ-[1,2-3H]glucose (0.128µCi/mL) and
ᴅ-[14H]mannitol (0.083µCi/mL) in both resting and contracting muscles. At the
end of the 10 minute contraction protocol, muscles were immediately
submerged in ice-cold Krebs basal buffer to stop further GU. Radioactivity and
GU was calculated as previously in section 3.1.2.2.
4.2.5 Mitochondrial respiration and hydrogen peroxide (H2O2) emission
measurements
Muscle fibres from white and red portions of the gastrocnemius were
mechanically separated and agitated to permeabilise the sarcolemma to allow
diffusion of subsequent assay substrates. ETS respiration, OXPHOS and H2O2
emission were measured by the Oxygraph O2k high resolution respirometer
(Oroboros Instruments, Innsbruck, Austria) via a SUIT protocol at 37°C as
described in section 3.1.3.

4.2.6 Western blot analysis of mitochondrial respiratory chain proteins
Mitochondrial respiratory chain proteins were analysed in homogenised
gastrocnemius samples as described in section 3.1.3.2. Images were captured
on a DARQ CCD camera mounted to a Fusion FX imaging system and once the
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images were captured, the membranes were stained with Coomassie Blue to
verify equal loading of total protein in all lanes.

4.2.7 Citrate Synthase (CS) Activity
Homogenised RG and WG samples were utilised to measure CS activity
as described in section 3.1.3.2. CS activity was calculated using the extinction
coefficient of 13.6 (Srere, 1969) and CS activity was normalised to whole
muscle protein concentration.

4.2.8 Histological Analysis
Embedded TA’s were cryo-sectioned (10µm) at -20°C using a Leica
(CM1950) cryostat and mounted onto glass slides (Menzel-Glaser).

4.2.8.1 Dystrophin, nNOS and nitrotyrosine immunolabelling
Dystrophin and nNOS immunolabelling was performed on fixed slides as
described in section 3.1.4.1. Confocal microscopy was performed on an Eclipse
Ti confocal laser scanning system (Nikon, Japan) and the intensity of
dystrophin, nNOS and nitrotyrosine fluorescence was quantified using ImageJ
software (NIH, USA).
4.2.8.2 Haematoxylin & Eosin Staining
Air-dried slides were using a haematoxylin and eosin (H&E) staining
protocol described in section 3.1.4.2. Slides were imaged using a Zeiss Axio
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Imager Z2 microscope at 20x magnification and images were analysed using
ImageJ software.

4.2.9 Statistics
Results are presented as mean ± standard error of the mean. Two-way
ANOVA was utilised to detect between strain and supplementation differences.
A three-way ANOVA was utilised to detect differences between strain,
supplementation and GU type. When a main effect or an interaction was
detected, unpaired T-tests were used to determine differences between
individual groups using SPSS (version 21). An α value of 0.05 was considered
significant.
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4.3 Results

4.3.1 Effect of NITR supplementation on body weight, food and water
consumption and muscle weights
Throughout the 8 week supplementation period, greater weight gains
were observed in the mdx groups compared to CON (p<0.0001; Figure 4.1),
with NITR having no effect in mdx mice (p>0.05). NITR did, however, stimulate
weight gain in CON (p<0.05). No significant difference in food or water
consumption was observed between any group over the supplementation
period (Figure 4.2A & B, respectively; p>0.05) except at week two where food
consumption was greater in CON UNSUPP compared to all groups (p<0.05).
Overall, individual hind limb muscle weights were greater in the mdx compared
to CON strain (p<0.0001; Table 4.1) with NITR having minimal effects (p>0.05;
except for right plantaris and lungs, p<0.05).

4.3.2 Immunolabelling of dystrophin and nNOS

To confirm the deficiency of both dystrophin and nNOS in mdx skeletal
muscle, the presence of dystrophin and nNOS protein (Figure 4.3) was
determined in the TA. Indeed, dystrophin was only evident in CON TA (Figure
4.3A and C) and was absent from mdx TA (p<0.0001 compared to CON).
Similarly, nNOS was only evident in CON TA (Figure 4.3AI and CI) and was
completely absent from dystrophin-deficient mdx fibres (p<0.0001). Colocalisation of dystrophin and nNOS was only observed in CON (Figure 4.3AII
and CII) and NITR had no effect on either dystrophin or nNOS staining (p>0.05).
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Figure 4.1. Body weight of unsupplemented (UNSUPP) and NITR-supplemented mice over the supplementation period. Changes in body weight are
shown as a percentage of pre-supplementation weight. Overall, mdx mice gained more weight over the 8 week supplementation period compared to control
(CON) (p<0.0001). NITR had no effect on mdx weight gain but did increase weight gain in CON compared to CON UNSUPP (p<0.05). n= 14-16 per group.
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Figure 4.2. Average food and water consumption of unsupplemented (UNSUPP) and NITR
supplemented mice over the supplementation period. Over the 8 week supplementation period,
food and water consumption did not differ between unsupplemented and supplemented animals
(p>0.05) except for food consumption during week two where CON UNSUPP consumed more than all
groups (p<0.05). n= 14-16 per group.
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Table 4.1. Weights of muscles and organs from unsupplemented and NITR supplemented mice over the supplementation period.

Overall, the weights of muscles and organs from mdx mice were different from control (CON) mice. All weights are expressed in mg. ^significant difference from CON mice
p<0.05; ^^^significant difference from CON mice p<0.01; ^^significant difference from CON mice p<0.0001; # significant difference from UNSUPP mice p<0.05. n= 12-16
per group.
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Figure 4.3. Proportion of dystrophin and neuronal nitric oxide synthase (nNOS)
immunoreactivity in unsupplemented (UNSUPP) and supplemented control (CON) and mdx
tibialis anterior (TA). Dystrophin (green) was evident in both CON UNSUPP (A) and CON NITR (B)
but not in mdx UNSUPP (C) and mdx NITR (D) sections. Similarly, nNOS was only evident in CON
I
I
I
I
UNSUPP (A ) and CON NITR (B ) but not in mdx UNSUPP (C ) and mdx NITR (D ) sections. Merged
II
II
images A and B indicate co-localisation of dystrophin and nNOS in CON UNSUPP and CON NITR
II
II
but not in mdx UNSUPP (C ) and mdx NITR (D ) sections. The proportion of dystrophin and nNOS
was significantly higher in CON compared to mdx (p<0.0001, E & F). NITR had no effect in either
dystrophin (E) or nNOS (F) expression in CON or mdx mice. Scale bars= 100 µm, n= 3-4 per group.
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4.3.3 Effect of NITR supplementation on GU

NO has been proposed to play a role in contraction-stimulated GU and as
such, we first investigated the effect of NITR supplementation on GU in CON and
mdx muscles. This is the first instance of contraction-induced GU being measured in
the mdx mouse and we demonstrated no difference in basal- or contraction-induced
GU between CON and mdx UNSUPP EDL (p>0.05, Figure 4.4A). As expected,
contraction induced an increase in GU in the EDL’s of CON UNSUPP (55%), CON
NITR (61%), mdx UNSUPP (35%) and mdx NITR (51%) compared to basal
conditions (p<0.05, Figure 4.4A). NITR supplementation significantly increased
contraction-induced GU in CON EDL muscles (p<0.05; Figure 4.4A) however in
contrast, NITR reduced both basal- and contraction-induced GU in mdx muscles
(p<0.05; Figure 4.4A). Contrary to the EDL, contraction did not stimulate further GU
beyond that observed in basal conditions for any group in the SOL (all less than
20%, p>0.05, Figure 4.4B). While NITR had no effect on basal or contractioninduced GU in CON SOL muscles (p>0.05; Figure 4.4B), NITR further reduced both
basal and contraction-induced GU in mdx SOL muscles (p<0.05). Combined, these
data suggest that NITR supplementation has a negative effect on GU in both mdx
EDL and SOL which may lead to impairments in downstream glycolysis and
oxidative metabolism.
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Figure 4.4. Glucose uptake (GU) in isolated extensor digitorum longus (EDL) and soleus (SOL)
from unsupplemented (UNSUPP) and NITR supplemented control (CON) and mdx mice. In all
groups, contraction-induced GU significantly compared to basal conditions (p<0.05, A). NITR
increased contraction-induced GU in CON EDL (p<0.05) but in contrast, reduced both basal- and
contraction-induced GU in mdx EDL (p<0.05). For the SOL, both basal- and contraction-induced GU
(B) were comparable (p>0.05). NITR reduced basal GU in mdx SOL (p<0.05) but had no effect in
CON SOL. CON UNSUPP n=9-13; CON NITR n=11-; mdx UNSUPP n=11; mdx NITR n=10-12.
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4.3.4 Effect of NITR supplementation on mitochondrial function
4.3.4.1 Respirometry
Next, we examined the effect of NITR on parameters of mitochondrial
function. First, we measured state 4 leak respiration which, in the absence of ADP,
indicates the contribution of proton leak to respiration. In the presence of pyruvate
and malate (CI), state 4 leak respiration was significantly lower in mdx white (WG)
(p<0.05; Figure 4.5A) and red gastrocnemius (RG) (p<0.01; Figure 4.6A) muscles
compared to their respective controls. In the presence of pyruvate, malate and
succinate (CI+II), state 4 leak respiration was significantly higher than CI respiration
across all groups, in both WG and RG muscles (p<0.0001; Figure 4.5A and 4.6A,
respectively). NITR supplementation had no effect on either CI or CI+II state 4 leak
respiration in CON or mdx muscles (Figure 4.5A and 4.6A).
Next, the effect of NITR on coupled OXPHOS capacity was examined in WG
and RG muscles by assessing maximal ADP-stimulated state 3 respiration in the
presence of excess malate, pyruvate and succinate (complex I and II (CI+II)
substrates). As shown in Figure 4.5, state 3 respiration was significantly depressed
in mdx WG by ~20% (p<0.05; Figure 4.5A) and in mdx RG by 25% (p<0.001; Figure
4.6A) compared to CON. NITR supplementation, however, had no effect on State 3
respiration in either muscle (Figure 4.5A and 4.6A).
Maximal ETS capacity was then assessed by the addition of the uncoupling
agent FCCP, which dissipates the mitochondrial membrane potential (ΔΨ). This
parameter gives an indication of the maximal respiration in the uncoupled state.
FCCP-induced maximal uncoupled respiration was significantly lower in mdx WG
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(p<0.05; Figure 4.5A) and RG (p<0.001; Figure 4.6A) compared to their respective
controls; however, there was no effect of NITR on this parameter.
Next, we measured the activity of CIV (cytochrome C oxidase), the terminal
oxidase of the ETS and the site of O2 reduction to water. As shown in Figure 4.6,
CIV activity was not different between UNSUPP CON and mdx WG muscles (Figure
4.5A); however, in the RG muscles, CIV activity was significantly lower in mdx
UNSUPP compared to CON UNSUPP (p<0.01; Figure 4.6A). NITR induced a
significant increase in CIV activity in CON WG muscles (p<0.01; Figure 4.5A) but
reduced CIV activity in both CON and mdx RG muscles (p<0.01; Figure 4.6A).
Finally, the respiratory control ratio (state 3 respiration divided by state 4
respiration; RCR) was calculated. The RCR is an indicator of the extent to which
oxygen consumption is coupled to ATP production and therefore mitochondrial
efficiency, with a higher RCR indicating better coupling. No difference in RCR was
observed between CON and mdx WG (p>0.05, Figure 4.5B). In contrast, mdx RG
respiring on CI+II had a significantly lower RCR compared to CON (p<0.0001) and
NITR decreased the RCR further (p<0.01, Figure 4.6B). This highlights that in
oxidative red muscle at least, mdx mitochondria are more uncoupled and that this
uncoupling is exacerbated by NITR.
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Figure 4.5. Mitochondrial function in intact, permeabilised muscle fibres from the white portion
of gastrocnemius (WG) from unsupplemented (UNSUPP) and NITR-supplemented control
(CON) and mdx mice. State 4 leak respiration (A) is significantly reduced in mdx compared to CON
WG, irrespective of substrate combination (p<0.05). ADP-stimulated state 3 respiration (A) is
significantly reduced in mdx compared to CON WG (p<0.05) with NITR having no effect. FCCPstimulated uncoupled respiration (A) is significantly reduced in mdx WG compared with CON
(p<0.05). CIV activity (A) was significantly reduced in mdx UNSUPP compared to CON UNSUPP
(p<0.01). The respiratory control ratio (RCR; B), an indicator of the coupling of O2 consumption and
ATP production at the ETS, was comparable between CON and mdx WG. n=11-13 per group.
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Figure 4.6. Mitochondrial function in intact, permeabilised muscle fibres from the red portion
of gastrocnemius (RG) from unsupplemented (UNSUPP) and NITR supplemented control
(CON) and mdx mice. State 4 leak respiration (A) is significantly reduced in mdx compared to CON
RG, irrespective of substrate combination (p<0.01). ADP-stimulated state 3 respiration (A) is
significantly reduced in mdx compared to CON RG (p<0.001) with NITR having no effect on
phosphorylating respiration. FCCP-stimulated uncoupled respiration (A) is significantly reduced in
mdx compared with CON (p<0.001). CIV activity (A) is significantly reduced in mdx UNSUPP
compared to CON UNSUPP (p<0.01) with NITR inducing a significant decrease in both CON and mdx
(p<0.01). The respiratory control ratio (RCR; B) in mdx RG during CI+II-stimulated respiration is lower
compared to CON (p<0.0001) with NITR decreasing the RCR in mdx muscle (p<0.01 and p<0.001
respectively). n= 11-13 per group.
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4.3.4.2 Electron transport chain complex expression

To determine whether the genotypic differences and NITR supplementationinduced changes in respiration parameters were associated with differences in
mitochondrial ETS complex densities, the abundance of representative proteins from
each of the five ETS complexes were measured using semi-quantitative Western
blotting (Figure 4.7 and 4.8). In WG muscles, despite state 3, state 4 and maximal
uncoupled respiration being lower in mdx muscles (Figure 4.5), the relative
abundance of representative proteins from complexes I to V were not lower. In fact,
to the contrary, proteins from CII, CIII, CIV and CV were significantly elevated in mdx
UNSUPP WG muscles compared to CON UNSUPP muscles (Figure 4.7).
Interestingly, the NITR-induced increase in CIV respiratory activity (Figure 4.5A) was
not associated with a significant increase in the abundance of the CIV protein (Figure
4.7D). NITR supplementation did, however, lead to an increase in representative
proteins in WG muscles for CI, CII, CIII and CV in CON but not mdx muscles (Figure
4.7).
Unlike the WG muscles, the lower state 3, state 4, uncoupled respiration and
CIV activity found in RG mdx muscles (Figure 4.6) was accompanied by a reduction
in representative proteins for CI, CII, CIV and CV compared with CON; however,
NITR supplementation had no effect on any of these proteins in either CON or mdx
RG muscles (Figure 4.8).
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Figure 4.7. Mitochondrial respiratory chain complex proteins, and citrate synthase (CS) activity, from the
white portion of gastrocnemius (WG) from unsupplemented (UNSUPP) and NITR-supplemented control
(CON) and mdx mice. In mdx UNSUPP WG, expression of CII (p<0.05; B), CIII (p<0.01; C), CIV (p<0.05; D) and
CV (p<0.01; E) were greater compared to CON UNSUPP. NITR induced an increase in CI (p<0.01; A), CII
(p<0.01; B), CIII (p<0.05; C) and CV (p<0.05; E) subunits in CON WG but not in mdx WG. NITR also increased
CS activity (F) in both CON and mdx WG (p<0.05) with a trend for CS activity to be higher in mdx UNSUPP
compared to CON (p=0.07). Representative western blots of proteins from each of the five mitochondrial
respiratory complexes (G) with coomassie blue stains of the respective western blots to demonstrate equal
loading of the total protein (H). n= 8 per group.
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Figure 4.8. Mitochondrial respiratory chain complex proteins, and citrate synthase (CS) activity, from the
red portion of gastrocnemius (RG) from unsupplemented (UNSUPP) and NITR supplemented control
(CON) and mdx mice. Overall, expression of CI, CIII, CIV and CV subunits were decreased in mdx RG
compared to CON (p<0.05; A, C, D, E respectively). NITR increased CS activity in mdx RG but not in CON
(p<0.05; F). Representative western blots of proteins from each of the five mitochondrial respiratory complexes
(G) with coomassie blue stains of the respective western blots to demonstrate equal loading of the total protein
(H). n= 8 per group.
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4.3.4.3 Citrate synthase activity
Finally, we measured citrate synthase (CS) activity in WG and RG muscles as
a co-marker of mitochondrial content alongside mitochondrial ETC proteins (Larsen
et al., 2012) (Figure 4.7F and 4.8F, respectively). As shown in Figure 4.7F, there
was a trend for CS activity to be higher in mdx UNSUPP compared to CON
UNSUPP WG muscles. Moreover, NITR increased CS activity in both CON and mdx
WG muscles. In the RG muscles there was no difference in CS activity between
UNSUPP CON and mdx mice; however, NITR increased CS activity in RG muscles
from mdx mice. Overall, NITR did not improve the capacity to phosphorylate ATP or
maximal respiratory capacity in dystrophic muscle despite increasing CS activity,
suggesting that NITR may have an alternative effect on mitochondrial function such
as ROS generation.

4.3.5 Effect of NITR supplementation on ROS production in red and white
gastrocnemius
The effect of NITR supplementation on the production of the mitochondrial ROS
superoxide (O2-), was measured in intact and permeabilised fibres from WG and RG
simultaneously with respiration. In the presence of excess O2- dismutase, O2- is
converted to hydrogen peroxide (H2O2), which reacts with Amplex Red to produce
the red fluorescent product, resorufin. A trend for decreased H2O2 emission was
detected in mdx UNSUPP WG during state 3 respiration compared to CON UNSUPP
muscles (p=0.065; Figure 4.9A) with NITR having no effect in either strain (p>0.05;
Figure 4.9A). NITR did, however, induce a decrease in H2O2 emission during state 4
leak respiration in CON WG muscle fibres respiring on CI substrates (p<0.05; Figure
4.9A). When respiring on CI+CII substrates, there was significantly greater H2O2
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emission in all groups during state 4 leak respiration compared to CI substrates only
in WG fibres (p<0.0001; Figure 4.9A). Importantly, NITR significantly decreased
H2O2 emission in both CON and mdx WG muscles respiring on CI+II substrates
(p<0.05; Figure 4.9A). There was no difference in H2O2 emission in WG between any
groups during FCCP-stimulated maximal uncoupled respiration (p<0.05; Figure
4.9A).
In mdx RG fibres, there was significantly less H2O2 emission during state 3
respiration (p<0.05; Figure 4.9B) compared to CON fibres; however, there was no
effect of NITR on this parameter (p>0.05). Similar to WG fibres, H2O2 emission was
higher when respiring on CI+CII substrates compared to CI substrates across all
groups during state 4 leak respiration (p<0.0001), however, NITR only reduced H2O2
emission in mdx fibres (p<0.001; Figure 4.9B). NITR also reduced H2O2 emission in
mdx RG fibres during FCCP uncoupled respiration (p<0.05; Figure 4.9B). While our
data suggests that NITR reduces mitochondrial ROS production in dystrophic
muscle, it is possible that increased NO bioavailability may sequester O2- from the
O2- dismutase reaction to increase reactive nitrogen species (RNS).
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Figure 4.9. Hydrogen peroxide (H2O2) emission in intact fibres from the white (WG; A) and red
(RG; B) portions of gastrocnemius from unsupplemented (UNSUPP) and NITR-supplemented
control (CON) and mdx mice. In WG, NITR induced a decreased H2O2 emission during state 4 leak
respiration (A) in CON during CI-stimulated respiration and in both CON and mdx during CI+IIstimulated respiration (p<0.05). In WG, no significant difference was detected in H2O2 emission during
ADP-stimulated state 3 respiration (A). There was no significant difference in H2O2 emission during
FCCP-stimulated uncoupled respiration (A) in WG. In RG (B), NITR induced a decrease in H2O2
emission during state 4 leak respiration in mdx muscle during CI+II-stimulated respiration (p<0.001).
In mdx RG (B), H2O2 emission during ADP-stimulated state 3 respiration was significantly less
compared to CON WG (p<0.05) with NITR having no effect (p>0.05). H2O2 emission during FCCP
respiration was significantly lower in mdx RG (B) compared to all other groups (p<0.05). n= 11-13 per
group.
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4.3.6

Effect of NITR supplementation on peroxynitrite production

NO is known to rapidly react with O2- resulting in the production of the highly
RNS, peroxynitrite (ONOO-), and given that elevated ROS is present in mdx muscle
(Disatnik et al., 1998), we investigated whether ONOO- production could account for
the reduced H2O2 emission observed in our study. Increased ONOO- can result in
increased protein nitration of tyrosine residues, potentially leading to altered protein
function. Therefore, as an indirect marker of oxidative/nitrosative stress, we
measured the effect of NITR on levels of nitrotyrosine via immunohistochemical
staining of TA muscles. Mdx muscles had significantly higher nitrotyrosine staining
compared to CON muscles (p<0.0001) and NITR increased nitrotyrosine staining in
both CON (p<0.05) and mdx (p<0.0001) TA (Figure 4.10E). Importantly, NITR
induced a dramatically greater increase in nitrotyrosine production in mdx muscles
(2775% in mdx versus 82% increase in CON) which was associated with increased
DAPI-stained nuclei in NITR supplemented mdx TA (p<0.0001, Figure 4.10F).

4.3.7 Effect of NITR supplementation on muscle architecture
Finally, we assessed the effect of NITR on muscle fibre histopathology. As
expected, intact mdx muscle fibres were significantly larger than fibres from CON
muscles (Figures 4.11B and C) which is representative of pseudohypertrophy, a
hallmark histopathological feature of dystrophin-deficient muscle. Interestingly, there
was a strong trend for NITR supplementation to increase the number of fibres
between 6000 and 7499 μm2 (p=0.068; Figure 4.11B) and increase total mean fibre
size (p=0.093; Figure 4.11C). The area of damage, as indicated by areas of
inflammatory cell/nuclei infiltration, was significantly higher in mdx (p<0.01; Figure
4.11D) compared to CON TA sections and NITR significantly increased the damage
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area in mdx muscle (p<0.01). Centronucleated fibres, a marker of muscle cell
regeneration, were significantly higher in mdx muscle (p<0.0001; Figure 4.11E) with
NITR further increasing regeneration area in mdx sections (p<0.01). These results
suggest

that

NITR

supplementation

enhances

muscle

damage,

but

also

regeneration, in mdx TA but not in CON, which seems reflective of the increased
ONOO- production.
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Figure 4.10. Immunohistological analysis of tibialis anterior (TA) from unsupplemented (UNSUPP) and
NITR supplemented control (CON) and mdx mice. Sections were labelled with nitrotyrosine (green) and DAPI
(blue) and merged to identify co-localisation. Representative images reveal nitrotyrosine present in CON NITR,
I
mdx UNSUPP and mdx NITR (B, C and D respectively) with DAPI positive nuclei in all groups (A-D ). NITR
increased nitrotyrosine in CON (p<0.05) and mdx (p<0.0001; E) TA with NITR increasing DAPI-positive nuclei in
mdx TA (p<0.0001; F). Scale bars= 100 µm, n= 3-4 per group
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Figure 4.11. Histological analysis of tibialis anterior (TA) from unsupplemented (UNSUPP) and NITR supplemented control (CON) and mdx mice. The frequency histogram (B)
indicates an increase in fibre size of mdx TA with fibres more frequent from 6000-12000 µm (p<0.0001). NITR had no effect on the distribution of CON or mdx fibres but there was a trend
for an increased number of fibres around 6000 µm (p=0.068). Mean fibre size (C) was significantly greater in mdx TA (p<0.01) with a trend for NITR to increase fibre size in mdx TA
(p=0.093). Damaged area (D) and percentage of centronucleated fibres (E) was significantly higher in mdx TA (p<0.01 and p<0.0001 respectively) with NITR stimulating further damage
and regeneration (p<0.01). n= 10-12 per group.
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4.4 Discussion
Mutation of the dystrophin gene presents a clinical phenotype of
muscular atrophy, physical impairment and premature death, with underlying
dysregulation of Ca2+ homeostasis and metabolism implicated in promoting the
cycle of damage. While the absence of dystrophin causes DMD, it appears that
severe metabolic impairments play a key role in exacerbating disease
progression. Considering NO can modulate metabolism and the enzymatic
source of skeletal muscle NO production (nNOS) is reduced with dystrophin
deficiency, we questioned whether promoting NITR-derived NO bioavailability,
which has been previously proven to increase plasma NO levels (Larsen et al.,
2011) and elicit mitochondrial adaptations in skeletal muscle (Larsen et al.,
2011, Carlström et al., 2010), could overcome this metabolic dysfunction. This
is the first study to date to investigate NITR supplementation as a potential
therapy for DMD and we show that the severe metabolic perturbations in
dystrophin-deficient skeletal muscle could not be overcome by enhancing
nNOS-independent NO production. Instead, our data suggests that chronically
increasing NO bioavailability without restoring nNOS protein expression and its
regulatory role on metabolism, in fact, promotes pathological muscle damage,
potentially via a peroxynitrite (ONOO-)-dependent mechanism.
In this study we investigated if impaired macronutrient uptake may be a
contributing factor to the mitochondrial dysfunction in dystrophic muscle, as
compromised transport of substrates across the sarcolemma could be a
consequence of the loss of dystrophin and its associated complex which
includes nNOS, from the membrane. Specifically, we have investigated glucose
uptake (GU) as it is well established that GU during rest and contraction is
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regulated by NO (Merry et al., 2010b). The secondary loss of dystrophinassociated nNOS was confirmed in mdx TA via immunolabelling.
Concurrently, we have demonstrated that both basal- and contractioninduced GU in both mdx UNSUPP EDL and SOL is comparable to CON. We
have demonstrated in our study that NITR increases contraction-induced GU in
CON EDL but has no effect in CON SOL. Indeed, we have shown previously
that there are greater effects of NOS inhibition on EDL than SOL (Merry et al.,
2010a), likely because of a greater comparative nNOS expression in fast-twitch
versus slow-twitch muscles (Merry et al., 2010a, Kobzik et al., 1994) and the
higher antioxidant enzymes in slow-twitch muscles which may buffer the effects
of NO (Ji et al., 1992). In both CON EDL and SOL muscles, however, NITR did
not affect basal GU rate. This could infer that the NITR dosage administered in
our study is sufficient to modulate non-cGMP-dependent contraction-induced
GLUT-4 mediated GU (Richter et al., 2013) but perhaps not cGMP-dependent
GLUT-1 basal (Ren et al., 1993) events. A notable limitation of our study is that
we did not quantify cGMP levels in EDL and SOL muscles. However, in light of
a recent study which demonstrated that even low dose (0.35mM) NITR therapy
for ~2 weeks (in comparison to the 1mM NITR dosage for 8 weeks administered
in our study) was sufficient to induce ~3-fold increases in cGMP levels in rat
skeletal muscle, this seems unlikely. Rather, basal GU is likely regulated in the
first instance by glucose utilisation, thus increasing NO signalling without the
normal simultaneous increase in muscle work (and thus glucose utilisation)
results in an unchanged basal GU. Unexpectedly and in contrast to CON EDL,
NITR reduced basal GU in mdx EDL and SOL. Taken with the fact that NITR
stimulated contraction-induced GU in CON but further depressed it in mdx
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muscle, our data suggests that NITR-derived NO is being diverted away from its
bio-modulatory effects on GU. Presumably, this is because in mdx muscle, in
which O2- production is notoriously increased (Disatnik et al., 1998), NITRgenerated NO is being sequestered into ONOO- production instead of cGMP
activation, thus reducing the proportional NO available to GU signalling, despite
an increased NITR-nitrite-NO pool.
We have assessed various indices of mitochondrial respiratory function
in permeabilised red (RG) and white (WG) gastrocnemius fibre bundles.
Permeabilisation of intact muscle bundles and delivery of optimal substrate
concentrations allows for the measurement of the mitochondrial capacity
independent of substrate delivery capacity. Indeed, even in this optimised
environment, we demonstrate a severely reduced capacity (up to 25% of CON)
to phosphorylate ADP in both WG and RG from the mdx mouse. This is
consistent with others (Kuznetsov et al., 1998, Passaquin et al., 2002) who
have

reported

similar

depressions

in

ADP-stimulated

phosphorylating

respiration in mdx skeletal muscle fibres. When the ΔΨ is collapsed via FCCPinduced uncoupling, mdx mitochondria from the RG responded with a lower
maximal respiration. Together with a reduced CIV activity, our data suggest that
mitochondria from dystrophic muscle are less metabolically flexible compared
with their healthy counterparts and may indicate a failure to buffer metabolic
stress associated with dystrophinopathy, and explain the exercise intolerance
observed in DMD patients (Kemp et al., 1993). NITR did not improve
phosphorylating or maximal uncoupled respiration in either CON or mdx skeletal
muscle but did decrease CIV activity in both CON and mdx RG. CIV inhibition is
an established effect of reversible competitive binding of NO to heme-copper
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sites in lieu of O2, on CIV, in addition to CI and CIII (Brown and Borutaite, 1999,
Brunori et al., 2004, Sarti et al., 2003). Despite the inhibitory effect of NITRderived NO on CIV activity and therefore ETS respiratory capacity, the lack of
effect on phosphorylating and maximal uncoupled respiration was unexpected,
since NITR has been previously shown to improve various mitochondrial
properties through stimulation of mitochondrial biogenesis and improved
coupling of O2 consumption to ATP production (Larsen et al., 2011). Since NO
is a highly reactive molecule that, to exert its biological role, must be produced
in close proximity to its effector targets, the exogenous NO source afforded by
NITR supplementation in our study may not be penetrating the muscle fibres
sufficiently, or in sufficient concentration, to modulate mitochondrial function.
This is particularly true of the mitochondrial function governed by nuclear gene
regulation such as mitochondrial biogenesis and uncoupling. Aquilano et al. for
instance, have demonstrated that the loss of nNOS-generated NO production
nearby the nucleus is a causative factor of the impairment of mitochondrial
biogenesis in skeletal muscle (Aquilano et al., 2014). Thus, while we have
evidence of NITR-derived NO penetrating the mitochondria to induce regulatory
adaptations such as inhibition of CIV activity, overall respiratory capacity, which
is dictated predominantly by mitochondrial density and coupling, is seemingly
unaffected, even in CON mice. This is likely due to the chronic supplementation
period and particular dosage employed in our study. For example, similar to our
study, Hezel et al. did not observe any changes in mitochondrial parameters
following 17 months of NITR supplementation in healthy mice (Hezel et al.,
2015). In contrast, others have shown beneficial mitochondrial modulation
following much shorter supplementation periods (Larsen et al., 2011, Nisoli et
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al., 2004). In particular, Ashmore et al. have demonstrated that NITR dosage is
important to the control of the nuclear signalling of mitochondrial biogenesis in
which a low (0.35mM) dose increased peroxisome proliferator-activated
receptor (PPAR)b/d signalling but not mitochondrial functional adaptations; a
medium (0.7mM) dose increased PPARb/d signalling, PPARγ-coactivator 1a
(PGC-1a) expression and mitochondrial fatty acid oxidation; while a high
(1.4mM) dose reduced PPARb/d, increased CS activity but had no additive
effect on mitochondrial fatty acid oxidation over the medium dose following 1418 days supplementation (Ashmore et al., 2015). These data highlight that the
promotion of mitochondrial biogenesis might be an acute, dose-specific
response to shorter-term increases in skeletal muscle NO signalling which may
switch off or become desensitised in response to more chronic, prolonged
increases in NO production.
The reduced capacity for mdx skeletal muscle to phosphorylate ADP and
to ramp up respiration during times of metabolic stress may be reflective of
uncoupled respiration. It would be expected that state 4 respiration is greater in
dystrophic muscle to act as a buffering mechanism (Brand and Esteves, 2005)
to mitigate increased ROS production (Disatnik et al., 1998, Whitehead et al.,
2008). However, state 4 respiration was significantly less in both WG and RG of
mdx mice. While the RCR was comparable to CON in mdx WG, it was lower in
mdx RG respiring on CI+II substrates highlighting that respiratory control is
compromised in the muscle that is most dependent upon mitochondrial
oxidative ATP production (i.e. red oxidative muscle). When considered in
context of a depressed state 3 and 4 respiration, tighter respiratory control
would be required to maintain the ΔΨ and drive for ATP synthesis, especially
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given the heightened energy requirements of dystrophic muscle. Indeed, our
observations of a depolarised ΔΨ in isolated mdx mitochondria (C.A. Timpani,
A. Hayes and E. Rybalka, unpublished observations) indicate insufficient
coupling to maintain the drive for ATP synthesis in red muscle at least.
Intriguingly, NITR decreased the RCR only in mdx RG under both CI and CI+IImediated respiration. As CIV activity and expression are reduced in mdx
gastrocnemius (Kuznetsov et al., 1998, Jongpiputvanich et al., 2005), the
further suppression of CIV activity via NITR-derived NO may induce
hyperpolarisation of the mitochondrial membrane potential as the reduced
consumption of O2 at CIV would lead to accumulation of protons in the
intermembrane space. If this were the case, inducing uncoupling (an suggested
by the decreased RCR) may be a beneficial adaptation to ETS dysfunction, to
prevent potential hyperpolarisation of the ΔΨ which is an initiator of
mitochondria-mediated apoptosis (Nagy et al., 2007). Certainly, the role of
NITR-derived NO in the regulation of mitochondrial coupling efficiency is
unclear since some studies have demonstrated an enhanced coupling efficiency
of human skeletal muscle (Larsen et al., 2011) while others have shown a
reduced coupling efficiency of rodent skeletal muscle (Ashmore et al., 2015).
Despite the obvious species differences between these studies, these data
highlight that NITR-derived NO has a modulatory role on the expression of
uncoupling protein 3 and adenine nucleotide translocase expression, and
seemingly regulates the leakiness of several respiratory complexes – all of
which contribute to the coupled state of skeletal muscle mitochondria. However,
this role requires further elucidation.
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A reduced mitochondrial pool (particularly viable mitochondria) could also
explain the decreased OXPHOS capacity of dystrophic skeletal muscle in our
study, and should be positively modulated by NITR-induced NO signalling of
nuclear factors associated with mitochondrial biogenesis (Ashmore et al., 2015).
As such, we have assessed mitochondrial complex protein (I-V) expression and
citrate synthase (CS) activity as markers of mitochondrial density. While we saw
no differences in CS activity of RG and WG between mdx and CON strains in
our study, we did see a reduction in the expression of CI, CII, CIV and CV in
mdx RG compared to CON. This could reflect a reduced mitochondrial pool or
at the very least, a reduced propensity for mitochondrial respiration. In WG
however, mitochondrial ETC complex expression and CS activity was
comparable between mdx and CON strains suggesting a reduced respiratory
capacity despite comparable mitochondrial density in mdx muscle. We (Rybalka
et al., 2014) and others (Chi et al., 1987, Jongpiputvanich et al., 2005,
Kuznetsov et al., 1998) have previously reported this, highlighting that a
reduced

mitochondrial

density

does

not

account

for

the

decreased

mitochondrial respiration associated with dystrophin-deficiency but rather, that
the mitochondrial pool is intrinsically defective. While NITR had no effect on
complex expression in RG from either strain, most complexes, except CIV, were
upregulated in NITR-supplemented CON but not NITR-supplemented mdx WG.
In fact, the only observed effect of NITR in WG that was consistent across
strains was an increased CS activity, and this was reproducible in the RG from
mdx but not CON mice. Our finding is curious since a recent study has
demonstrated that a high (1.4mM) NITR diet increases CS activity in red SOL
muscle from healthy mice, albeit a low (0.35mM) and medium (0.7mM) diet did
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not (Ashmore et al., 2015). The current study supplemented mice with 1mM
NITR, in between the medium and high dose used by Ashmore et al.,
suggesting that there are variations in the response of different fibre types to
NITR-derived NO dosages, in which type II fibres are more responsive to a
lower NO concentration. Irrespective, changes in mitochondrial CS activity and
ETC complex expression induced by NITR did not translate to improved
mitochondrial respiration in either CON or mdx muscles. For CON muscle, this
likely reflects the chronic nature of the supplementation protocol in which
persistently increased NO within the skeletal muscle both enhances the
capacity for mitochondrial respiratory function (i.e. via upregulated ETC
complex expression) but simultaneously inhibits the activity of ETC complex
proteins (such as CIV activity observed in our study) with the net effect being an
unchanged mitochondrial respiration. For dystrophic muscle, the failure of the
mitochondria to respond to metabolic regulation might be due to defective
mitochondria with a fundamentally supressed respiratory – and subsequently
ATP synthesis – capacity as described by us previously (Rybalka et al., 2014).
This idea is supported by the data of Pauly et al. which demonstrated that the
pharmacological

activation

of

AMPK,

a

known

positive

regulator

of

mitochondrial biogenesis, increased autophagy, force production and Ca2+
handling but had no typical downstream effect on oxidative metabolism in mdx
mice (Pauly et al., 2012). Taken with our data, this suggests that downstream
metabolic processes, particularly at the level of the ETS, are unable to respond
to metabolic regulation due to an inherent defect in mdx mitochondria.
We found in various respiratory states that NITR reduced H2O2
production in mdx but not CON skeletal muscle. This would immediately seem
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to be beneficial, as ROS production is elevated in dystrophic muscle (Disatnik et
al., 1998) and NO reduces oxidative stress at the level of the ETS (Cho et al.,
2001). However excessive NO can lead to the generation of RNS in the
presence of O2-. In addition to the inhibition of CIV, NO inhibits electron transfer
at CI and CIII of the ETS (Poderoso et al., 1996), producing O2- anions that
interact with NO to produce ONOO- which can induce cellular damage
(Beckman et al., 1990). In our study, we have demonstrated elevated
nitrotyrosine content in mdx muscle, which is consistent with increased ONOOproduction, and this was dramatically exacerbated by NITR (2775% increase).
The increased nitrotyrosine labelling corresponded with an increased area of
damage in NITR-supplemented mdx TA sections. In previous studies, NO donor
therapy has been shown to reduce the area of damage in dystrophic muscle,
but as NO donors are typically given in combination with anti-inflammatories
(Brunelli et al., 2007, Uaesoontrachoon et al., 2014), our data suggests that the
anti-inflammatory component of these co-compounds is perhaps the more
pertinent effector. NITR also increased the proportion of centronucleated fibres
in mdx muscles, which has been previously observed with NO donors (Brunelli
et al., 2007, Mizunoya et al., 2011) and is reflective of an enhanced
regenerative capacity in response to NITR-induced damage. NO is a known
stimulator of satellite cell proliferation, which is crucial to skeletal muscle
regeneration following damage (Anderson, 2000) and is notably defective in
dystrophin-deficient muscle. As dystrophic muscle is in a state of enhanced
oxidative stress, and has no nNOS protein to modulate metabolic flux,
superfluous NITR-derived NO bioavailability appears detrimental to dystrophic
muscle by promoting excess ONOO- formation which, in turn, may exceed
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antioxidant buffering capacity to promote muscle damage and escalate
pathology. It is also possible that the absence of nNOS protein expression, its
translocational capacity to deliver NO to specific intracellular sites and the
metabolic modulatory effects it exerts, may account for the deleterious effect
that NITR had on dystrophic muscle histopathology in our study, since breeding
transgenic overexpressing nNOS mice with the mdx strain results in significant
improvements to dystrophic muscle architecture (Wehling et al., 2001, Tidball
and Wehling-Henricks, 2004). NITR therapy, however, might be beneficial for
the stimulation of satellite cell replication and dystrophic skeletal muscle
regeneration,

especially

if

mitochondrial

O2-

production

could

be

pharmacologically attenuated and RNS-induced damage prevented (such as
with antioxidant therapy).
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4.5 Conclusion
In summary, our study is the first to demonstrate that an 8 week
supplementation regimen of NITR in drinking water cannot overcome the
metabolic dysfunction observed in the mdx mouse model of DMD. We are the
first to examine contraction-induced GU in the mdx model and to demonstrate
that NITR supplementation reduces otherwise normal GU in mdx muscles and
cannot

positively

modulate

mitochondrial

function.

Although

NITR

supplementation reduced mitochondrial H2O2 emission, it induced mitochondrial
uncoupling in RG, increased muscle fibre nitrosylation (and therefore ONOOradicals) and promoted skeletal muscle damage. Our data is consistent with
recent literature linking NO to muscle soreness (Radak et al., 2012). Together
this suggests that enhancing endogenous NO production via exogenous NITR
therapy is contraindicative for the treatment of DMD. This is potentially due to
the fact that there is no concomitant increase in nNOS protein expression and
its regulatory role over metabolic flux control, and, that excessive ROS
promotes RNS production which actually reduced NO bioavailability. This is in
stark contrast to previous findings of significant improvements in the dystrophic
condition following NO donor therapy, and in Becker patients following nitrite
supplementation, suggesting that long-term NITR/NO supplementation requires
better characterisation, particularly in conditions of heightened oxidative and/or
metabolic stress such as in DMD. Our data is of particular importance because
NITR therapy is currently in clinical trials for the treatment of DMD patients.
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Chapter Five
Evaluation of Nitrite Therapy in Human DMD
Myoblasts
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5.1 Introduction

The imbalance between muscle damage and muscle repair (Decary et
al., 2000) in DMD favours the replacement of functional muscle with nonfunctional fatty and connective tissue. Such a loss of skeletal muscles leads to
muscle weakness and poor quality of life with DMD sufferers becoming
wheelchair bound by early adolescence. It has been hypothesised that the
inability to adequately regenerate damaged muscle is through the exhaustion of
the satellite cell pool (Blau et al., 1983, Sacco et al., 2010). Satellite cells are
quiescent stem cells located between the basal lamina and sarcolemma of
muscle fibres (Mauro, 1961) and are responsible for adult muscle growth and
regeneration (Lepper et al., 2011, Sambasivan et al., 2011). Satellite cells are
activated in response to muscle injury and, once they enter the cell cycle, they
proliferate into myoblasts, the myogenic progenitors, which fuse into myotubes
and with damaged myofibres, to repair them (Yin et al., 2013).
While the satellite cell exhaustion hypothesis provides a rational
explanation for the reduced regenerative capacity of dystrophic muscle, it is in
contrast to the observation that satellite cell number is increased in both DMD
patients (aged 2-13 years; Kottlors and Kirschner, 2010, Bankolé et al., 2013)
and aged (15 month old) mdx EDL (Boldrin et al., 2015). This suggests that
depletion of the satellite cell pool is not the origin of impaired muscle
regenerative capacity. The recent observations that dystrophic satellite cells
have a reduced capacity to commit to myogenic lineage (Biressi et al., 2014,
Dumont et al., 2015) but rather promote a fibrogenic program (Biressi et al.,
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2014), suggests that dystrophic satellite cells are dysfunctional and have a
reduced capacity to induce muscle repair. In addition to these observations, the
increased number of satellite cells in dystrophic muscle indicates that there may
be an impairment in the satellite cells capacity to participate in cell cycle
progression to form myoblasts. Quiescent satellite cells are characterised by
low mitochondrial number, activity and exhibit a depressed metabolic state
(Inoue et al., 2010, Mantel et al., 2010, Norddahl et al., 2011) which must be
overcome during satellite cell activation to support satellite cell progression
through the cell cycle. As we (Rybalka et al., 2014) and others (Passaquin et
al., 2002, Onopiuk et al., 2009) have demonstrated impaired metabolism in
differentiated muscle which culminates in reduced ATP content (Austin et al.,
1992, Cole et al., 2002), it is plausible that dystrophic mitochondria cannot
respond appropriately to the increased metabolic demand of active satellite cell
cycling, thereby inhibiting appropriate cell progression into myoblasts. In
addition, NO plays a pivotal role in the activation of satellite cells (Anderson,
2000, Anderson and Pilipowicz, 2002, Tatsumi et al., 2006, Wozniak and
Anderson, 2006) and therefore reduced NO production by nNOS in dystrophindeficient skeletal muscle may to contribute to reduced satellite cell activity. As
myoblasts are important for repairing muscle damage, which is a substantial
characteristic of dystrophic muscle, it is essential that there is sufficient energy
and NO bioavailability to support satellite cell activity and to ensure myoblasts
have the bioenergetical and chemical means to adequately repair damaged
muscle.
In chapter 4, we investigated the effect of increasing NO bioavailability
via an 8 week nitrate NITR supplementation regimen in the mdx mouse and
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demonstrated this chronic NITR supplementation protocol was detrimental, in
particular to skeletal muscle histology. Our observations are in contrast to those
who have documented beneficial effects of NITR supplementation (Carlström et
al., 2010, Larsen et al., 2011, Ashmore et al., 2015) but may be accounted for
by the differences in supplementation time. More importantly, the differences
may be reflective of the utilisation of dystrophin- and nNOS-positive muscle in
the aforementioned studies. Given that dystrophin-deficient cells have an
associated secondary reduction of nNOS (Leary et al., 1998, Thomas et al.,
1998, Vaghy et al., 1998, Judge et al., 2006) – and therefore may not be able
to handle chronic NO production without a concomitant increase in nNOS
protein as observed in Chapter 4 – an acute supplementation regimen to
increase NO bioavailability may be better tolerated by DMD myoblasts and elicit
positive effects on mitochondrial function. Therefore, we investigated the effects
of an acute (24 hours, 3 days and 7 days) nitrite exposure on mitochondrial
function and superoxide (O2-) production in dystrophin-positive and dystrophinnegative myoblasts. We hypothesised that acute nitrite exposure would (1)
improve mitochondrial function and (2) decrease mitochondrial O2- in
dystrophin-negative myoblasts.
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5.2 Methods
5.2.1 Cell culture maintenance
As described in section 3.2.1, dystrophin-positive (CON) and dystrophinnegative (DMD) immortalised human skeletal muscle cells were grown at a
density of 90-100,000 cells per well. Every 3 days, the skeletal muscle cells
were passaged.

5.2.2 Determination of nitrite dosage
In the following myoblast experiments, sodium nitrite was utilised in lieu
of nitrate. The conversion of nitrate to nitrite typically occurs via commensal
bacteria in the oral cavity upon dietary consumption. As this is absent in a cell
culture model, we administered nitrite as it is a known NO donor.
To establish the maximal tolerable dose of nitrite to be employed in the
myoblast experiments, we performed dose response curves (10nM to 1mM) on
CON myoblasts via two methods – (1) crystal violet staining to assess cell
viability and (2) the xCELLigence system (ACEA Biosciences, San Diego, CA)
to assess real-time monitoring of cell proliferation.
5.2.2.1 Crystal violet assay
For 4 days, CON myoblasts were grown in either media, media with MQ
H2O (vehicle) or increasing concentrations of nitrite (10nM-1mM). Crystal violet
staining was performed and absorbance was read at 570 nm on an X-Mark
Microplate Reader (Bio-Rad Laboratories, Australia) as described in section in
3.2.2.1.
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5.2.2.2 Cell proliferation assay
CON myoblasts were seeded at a density of 5000 cells per well and
plates were inserted into the xCELLigence RTCA MP system. Once myoblasts
were adhered to the plate, 50µL of either media, media with MQ H2O (vehicle)
or increasing concentrations of nitrite were added to the well. The Cell Index
was measured every 30 minutes for 4 days as described in section 3.2.2.2.

5.2.3 Determination of mitochondrial viability

Mitochondrial viability of untreated (UNSUPP) and treated CON and
DMD myoblasts was assessed by the fluorescent MitoTracker dyes Green and
Red. Myoblasts (5000 per well) were incubated with or without 1mM of nitrite for
24 hours, 3 days or 7 days with media replaced every 3 days. Mitochondrial
viability was assessed as described in section 3.2.3 and myoblasts were
imaged on an inverted microscope (Olympus, Tokyo, Japan). Images were
analysed using ImageJ software and mitochondrial viability was calculated (the
ratio of red (live) to green (total) fluorescence).

5.2.4 Determination of mitochondrial superoxide (O2-) production
Mitochondrial O2- production of untreated and treated CON and DMD
myoblasts was assessed using the fluorescent probe, MitoSOX Red. Myoblasts
(5000 cells per well) were incubated with or without 1mM of nitrite for 24 hours,
3 days or 7 days with media replaced every 3 days. Mitochondrial O2production was determined as described in section 3.2.4 and myoblasts were
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imaged as stated in section 5.2.3. Mitochondrial O2- production was calculated
as the ratio of red (O2-) to green (mitochondrial density) ratio.

5.2.5 Measurement of mitochondrial & glycolytic metabolism using
the Extracellular Flux Analyser

CON and DMD myoblasts were plated (25,000 and 15,000 cells per well,
respectively, to prevent O2 depletion in wells with DMD myoblasts) on gelatincoated (0.5%) Seahorse XF24 cell culture V7 microplates. Following 24 hours
of incubation either with or without 1mM nitrite, media was removed from each
well and replaced with pre-warmed assay buffer. Mitochondrial (oxygen
consumption rate; OCR) and glycolytic (extracellular acidification rate; ECAR)
metabolism was measured as described in section 3.2.5.

5.2.6 Statistics

Results are presented as mean ± standard error of the mean. Two-way
ANOVA was utilised to detect between genotype (i.e. CON and DMD) and
treatment (i.e. vehicle and nitrite) differences. When a main effect or an
interaction was detected, unpaired T-tests were used to determine differences
between individual groups using SPSS (version 21). An α value of 0.05 was
considered significant.
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5.3 Results
5.3.1 Effect of acute nitrite supplementation on cell viability

We first needed to establish the maximal dose of nitrite that was tolerable
in myoblasts to determine what dose would be utilised in the proceeding
experiments without causing cellular dysfunction and death. To determine this,
we employed two methods: (1) crystal violet staining and (2) real-time cell
monitoring.
Compared to unsupplemented myoblasts (both untreated and vehicletreated), nitrite increased the crystal violet absorbance reading, but it was not
dose-specific (p<0.01, Figure 5.1). While crystal violet staining is a simple and
efficient method to measure cell viability, it has limitations in that it is an endpoint assay and only reveals what is occurring at that time point. Therefore, we
employed

an

additional

method

which

involves

real

time

(temporal)

measurements of cell viability to complement the crystal violet assay and to
confirm that there is no detrimental effect of nitrite (up to 1mM) on the
myoblasts.
The xCELLigence system utilises microelectrodes on well bottoms to
sense changes in impedance. These impedance readings are converted by the
software into the Cell Index with a higher Cell Index reflecting a greater cell
number (Kho et al., 2015). We present the Cell Index over a total of 60 hours,
during the proliferative phase of cell growth and 24 hours after the addition of
nitrite, in 12 hour blocks (Figure 5.2). At 0 hours, no significant difference was
observed between unsupplemented myoblasts (both untreated and vehicletreated) and nitrite supplemented myoblasts at any concentration (p>0.05,
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Figure 5.2A). A trend, however, was detected for 100nM nitrite to decrease the
cell index from 10nM nitrite supplemented myoblasts (p=0.053). At 12, 24, 36,
48 and 60 hours, no difference in the cell index was observed between
unsupplemented and nitrite-supplemented myoblasts (p>0.05, Figure 5.2B-F).
As we observed no detrimental effects of nitrite on cell viability in either method,
we proceeded with the maximal tolerable dose (that we investigated) of 1mM
nitrite for the following experiments.
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Figure 5.1. Cell viability, as determined by crystal violet staining, in unsupplemented and nitrite supplemented control (CON) myoblasts. Following
4 days of nitrite supplementation, cell viability increased compared to unsupplemented (media and media + Milli Q (MQ)) myoblasts (p<0.01). n= 3 per group.
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Figure 5.2. Cell Index (viability), as determined by real-time monitoring, in unsupplemented
and nitrite supplemented control (CON) myoblasts. Cell Index, which was determined every 12
hours for 60 hours during the proliferative phase of cell growth, was not significantly different between
unsupplemented (media and media + Milli Q (MQ)) and nitrite supplemented myoblasts (p<0.01, A-F).
n= 3 per group.
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5.3.2 The effect of acute nitrite supplementation on mitochondrial viability
As NO has been documented to modulate mitochondrial function (Larsen et
al., 2011), we first assessed the effect of acute nitrite supplementation on
mitochondrial viability using the fluorophores MitoTracker Red (active, healthy
mitochondria) and MitoTracker Green (total mitochondrial pool). At the 24 hour time
point, mitochondrial viability was 38% less in DMD compared to CON myoblasts
(p<0.0001, Figure 5.3A), however nitrite increased mitochondrial viability by 14% in
DMD myoblasts only (p<0.01). At 3 days, mitochondrial viability was 27% less in
DMD myoblasts compared to CON (p<0.0001, Figure 5.3B). As observed at the 24
hour time point, nitrite treatment improved mitochondrial viability in DMD myoblasts
by 15% (p<0.01), however, it was detrimental in CON myoblasts and reduced
mitochondrial viability by ~10% (p<0.01). At 7 days, no difference in mitochondrial
viability was observed between CON and DMD myoblasts (p>0.05, Figure 5.3C),
however nitrite treatment was capable of increasing the mitochondrial viability in both
CON and DMD myoblasts by ~4% and ~2%, respectively (p<0.05).
As MitoTracker Green accumulates in all mitochondria irrespective of the Δψ,
we utilised this fluorophore to examine the effect of acute nitrite treatment on the
total mitochondrial pool, since NO is a reported stimulator of mitochondrial
biogenesis (Nisoli et al., 2004). At 24 hours, the total mitochondrial pool was ~17%
greater in DMD myoblasts compared to CON (p<0.01, Figure 5.4A) with nitrite
treatment having no effect in either CON or DMD myoblasts (p>0.05). The
mitochondrial pool, at 3 days, was still larger in DMD myoblasts (by ~72%) compared
to CON (p<0.05, Figure 5.4B). Nitrite treatment enhanced mitochondrial pool density
at 3 days in both CON and DMD myoblasts by 58% and 21% respectively (p<0.01).
Interestingly, by 7 days, the mitochondrial pool was 15% lower in DMD myoblasts
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compared to CON (p<0.0001, Figure 5.4C). While 7 days of nitrite treatment
increased the mitochondrial pool by ~6% in CON myoblasts (p<0.05), there was no
significant effect observed in DMD myoblasts – albeit a trend for nitrite treatment to
reduce the mitochondrial pool at 7 days was detected (p=0.055).

5.3.3 The effect of acute nitrite supplementation on mitochondrial
superoxide (O2-) production
As we observed in Chapter 4 that NO has a regulatory role on cellular radical
production, we assessed the effect of acute nitrite treatment on mitochondrial O2production. At 24 hours, mitochondrial O2- production was 78% higher in DMD
myoblasts compared to CON (p<0.01, Figure 5.5A), and nitrite treatment stimulated
further O2- production in both CON and DMD myoblasts by 40% and 83%,
respectively (p<0.05). At 3 days, O2- production was again higher in DMD UNSUPP
myoblasts (by 77%) compared to CON (p<0.001, Figure 5.5B). In both CON and
DMD myoblasts, nitrite treatment significantly reduced mitochondrial O2- production
by 72% and 66%, respectively (p<0.01). Similar to 3 days, at 7 days, mitochondrial
O2- production was 194% higher in DMD UNSUPP myoblasts compared to CON
UNSUPP (p>0.01, Figure 5.5C) and nitrite treatment was able to reduce
mitochondrial O2- production in both CON and DMD myoblasts by 49% and 93%,
respectively (p<0.001).

193

Figure 5.3. Mitochondrial viability of unsupplemented and nitrite supplemented control (CON) and DMD
myoblasts. Positive control of FCCP and antimycin A. Mitochondrial viability was reduced in DMD myoblasts at
24 hours (A) and 3 days (B) compared to CON (p<0.0001) with nitrite supplementation increasing mitochondrial
viability at both time points in DMD myoblasts (p<0.01, A & B). At 3 days, nitrite reduced mitochondrial viability in
CON myoblasts (p<0.01, B). At 7 days, no difference in mitochondrial viability was observed between CON
UNSUPP and DMD UNSUPP myoblasts (p>0.05, C) with nitrite increasing mitochondrial viability in both CON
and DMD lines (p<0.05). n= 4 per group.
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Figure 5.4. Total mitochondrial pool of unsupplemented (UNSUPP) and nitrite supplemented control
(CON) and DMD myoblasts. The mitochondrial pool was greater in DMD UNSUPP myoblasts at 24 hours
compared to DMD UNSUPP (p<0.01, A) and nitrite had no effect in either cell type (p>0.05). At 3 days, the
mitochondrial pool was greater in DMD myoblasts compared to CON (p<0.05, B) with nitrite increasing the
mitochondrial pool in both CON and DMD myoblasts (p<0.01). At 7 days, the mitochondrial pool was significantly
less in DMD myoblasts compared to CON (p>0.0001, C) with nitrite increasing mitochondrial pool in CON
myoblasts (p<0.05). In contrast, a trend for nitrite to decrease the mitochondrial pool was detected in DMD
myoblasts (p=0.055). n= 4 per group.
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Figure 5.5. Mitochondrial superoxide (O2 ) production of unsupplemented (UNSUPP) and nitrite
supplemented control (CON) and DMD myoblasts. Positive control is antimycin A. Mitochondrial O2
production was greater in DMD myoblasts compared to CON at 24 hours (p<0.01, A) with nitrite increasing O2
production in both CON and DMD myoblasts (p<0.05). At 3 days, mitochondrial O2 production was greater in
DMD UNSUPP myoblasts compared to CON UNSUPP (p<0.01, B) with nitrite supplementation decreasing O2
production in both CON and DMD myoblasts (p<0.001). At 7 days, O2 production was elevated in DMD UNSUPP
compared to CON UNSUPP myoblasts (p<0.01, C) with nitrite decreasing O2 production in both CON and DMD
myoblasts (p<0.001). n= 4 per group.
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5.3.4 The effect of acute nitrite supplementation on oxidative and
glycolytic metabolism

In Chapter Four, we demonstrated that chronic NITR supplementation in the
mdx mouse was unable to modulate mitochondrial respiration parameters in red and
white gastrocnemius fibre bundles. One limitation of the methods we employed in
Chapter Four, however, was that NITR/nitrite was not provided in the assay medium.
As NO is a very transient molecule, and fibre bundles were assayed ~2-4 hours after
surgical excision from the blood supply containing the NITR, there is the potential
that NO levels decreased during this time. Therefore, in this chapter we have
assessed oxidative and glycolytic metabolic indices in the presence of nitrite to
elucidate if acute (24 hour) increases in NO availability are able to positively
modulate mitochondrial function. In our preliminary studies, we observed that
comparable seeding densities of 25,000 myoblasts were not a viable plating density
of DMD myoblasts since 25,000 myoblasts induced O2 depletion during respiration
(data not shown). Therefore, we have utilised different seeding densities in these
experiments to overcome this, and we have presented these data corrected for a
plating density of 5,000 myoblasts.
Using a mitochondrial stress test, we first investigated oxidative metabolism
via the measurement of OCR in myoblasts across various respiratory states. Basal
respiration was 192% higher in DMD myoblasts compared to CON (p<0.001, Figure
5.6A) and nitrite treatment had no effect on this measure in either CON or DMD
myoblasts (p>0.05). Remarkably, a 6.5-fold higher proton leak was observed in DMD
myoblasts compared to CON (p<0.0001, Figure 5.6B), and nitrite was unable to
reduce this in DMD myoblasts. As we observed with basal and proton leak OCR,
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maximal and non-mitochondrial respiration was 190% and 178% higher,
respectively, in DMD myoblasts compared to CON (p<0.0001, Figure 5.6C & D,
respectively). Nitrite treatment had no effect on maximal respiration in either CON or
DMD myoblasts (p>0.05, Figure 5.6C), however, nitrite did further stimulate nonmitochondrial respiration in DMD myoblasts by 63% (p<0.05, Figure 5.6D).
Next, we assessed anaerobic glycolytic flux through the measurement of the
ECAR in myoblasts across the various respiratory states. In DMD myoblasts, basal
ECAR was 110% higher compared to CON myoblasts (p<0.01, Figure 5.7A) and
nitrite treatment stimulated this measure further in DMD myoblasts (by 96%; p<0.05)
but had no effect in CON (p>0.05). Associated with increased basal ECAR, was a
210% increase in ECAR during oligomycin-induced inhibition of Complex V in DMD
myoblasts compared to CON (p<0.0001, Figure 5.7B). While nitrite had no effect on
this measure in CON myoblasts (p>0.05), nitrite further stimulated ECAR by 86% in
DMD myoblasts (p<0.05). During maximal (Figure 5.7C) and complete inhibition of
oxidative metabolism (Figure 5.7D), ECAR was 123% and 114% higher,
respectively, in DMD myoblasts compared to CON (p<0.0001 and p<0.001,
respectively). Acute nitrite treatment had no effect on maximal ECAR in CON
myoblasts (p>0.05, Figure 5.7C) but did further increase the ECAR in DMD
myoblasts (by 81%; p<0.05). Similarly, nitrite had no effect on ECAR during the
inhibition of oxidative metabolism in CON myoblasts (p>0.05, Figure 5,7D) but did
increase ECAR in DMD myoblasts 2-fold (p<0.01, Figure 5.7D).
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Figure 5.6. Oxygen consumption rate (OCR) of unsupplemented (UNSUPP) and nitrite (NIT) supplemented control (CON) and Duchenne Muscular Dystrophy (DMD)
myoblasts. Data is presented as per 5000 myoblasts due to different plating densities of CON and DMD myoblasts following 24 hours of incubation with and without NIT. Basal
respiration was significantly higher in DMD myoblasts compared to CON (p<0.001, A) and nitrite had no effect in either cell line (p>0.05). OCR during proton leak was higher in
DMD myoblasts compared to CON (p<0.0001, B) with nitrite having no effect in either cell line (p>0.05). In DMD myoblasts, maximal OCR (C) and non-mitochondrial respiration
(D) was also greater in DMD myoblasts (p<0.0001) and nitrite further increased non-mitochondrial respiration in DMD myoblasts (p<0.05). n=7-8 CON UNSUPP, n=6 CON NIT,
n=5 DMD UNSUPP, n=5 DMD NIT.
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Figure 5.7. Extracellular acidification rate (ECAR) of unsupplemented (UNSUPP) and nitrite (NIT) supplemented control (CON) and Duchenne Muscular Dystrophy
(DMD) myoblasts. Data is presented as per 5000 myoblasts due to different plating densities of CON and DMD myoblasts following 24 hours of incubation with and without
NIT. Basal ECAR (A) and ECAR driven by inhibition of Complex V (B) was significantly higher in DMD myoblasts compared to CON (p<0.01 and p<0.0001 respectively) and
nitrite further stimulated ECAR in both measures in DMD myoblasts only (p<0.05). Maximal ECAR was higher in DMD myoblasts compared to CON (p<0.0001, C) and nitrite
stimulated maximal ECAR further in DMD myoblasts (p<0.05). In DMD myoblasts, ECAR driven by inhibition of oxidative metabolism was greater in DMD myoblasts (p<0.05
respectively) and nitrite further increased non-mitochondrial respiration in DMD myoblasts (p<0.01). n= 7-8 CON UNSUPP, n= 6 CON NIT, n=5 DMD UNSUPP, n=5 DMD NIT.
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We next calculated several mitochondrial functional indices using the OCR
and ECAR measurements derived over the various respiratory states. In DMD
myoblasts, the proportion of respiration attributed to ATP production (expressed as a
% of basal respiration) was severely reduced (by 40%) in DMD myoblasts compared
to CON (p>0.0001, Figure 5.8A) and nitrite treatment exacerbated this by a further
48%; p<0.05). Next, we determined the spare respiratory capacity of myoblasts to
elucidate the maximal capacity of the mitochondria to respond to depletion of the Δψ
following chemical uncoupling i.e. a simulation of metabolic stress. Interestingly, and
despite the depression of ATP production-associated mitochondrial respiration in
DMD myoblasts, the spare (reserve) respiratory capacity was comparable to CON
myoblasts (p>0.05, Figure 5.8B). Nitrite treatment increased the spare respiratory
capacity in DMD myoblasts by 28% (p<0.05), but in contrast, had no effect on the
spare respiratory capacity in CON myoblasts (p>0.05). Next, we determined the
coupling efficiency, which is a measure of the degree to which mitochondrial
respiration is coupled to ATP production. The coupling efficiency of DMD myoblasts
was one-third of compared to CON myoblasts (p<0.0001, Figure 5.8C), highlighting a
significant electron and proton leak from the mitochondrial respiratory chain. While
nitrite had no effect on the coupling efficiency of CON myoblasts (p>0.05), acute
nitrite supplementation further uncoupled the mitochondria of DMD myoblasts (by
82%; p<0.0001). Reflective of the reduced ATP production rate and coupling
efficiency in DMD myoblasts, the bioenergetical health index (BHI) was only 10% of
that observed in CON myoblasts (p<0.0001, Figure 5.8D). While acute nitrite
treatment was unable to improve the BHI of DMD myoblasts (p>0.05, Figure 5.8D), it
reduced the BHI of CON myoblasts by 15% (p<0.01). Next, we determined the
metabolic potential of the OCR and ECAR, which demonstrates the flexibility of
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response to FCCP-induced mitochondrial uncoupling and depletion of the ∆Ψ for
mitochondrial oxidative and cytosolic anaerobic metabolism, respectively. Both the
oxidative and the glycolytic metabolic potential was comparable between CON and
DMD myoblasts (p>0.05, Figure 5.9A and B, respectively) and acute nitrite
supplementation had no effect on either measure (p>0.05).
Finally, we created metabolic phenograms to show the overall metabolic
phenotype of FDB fibres under basal (resting) and stressed (FCCP-induced)
conditions and to highlight the transitional capacities of mitochondrial respiration and
glycolytic flux. At rest, untreated CON and DMD myoblasts resided in a low
metabolic activity state and acute nitrite treatment had no effect on the metabolic
phenotype in CON myoblasts (Figure 5.10A). In contrast, nitrite treated DMD
myoblasts shifted their basal/resting metabolic state to a higher (more metabolic)
phenotype (Figure 5.10A) which is reflective of the increased basal ECAR (Figure
5.7). Under metabolic stress (FCCP-induced), untreated CON myoblasts remained in
a low metabolic state with nitrite transitioning the metabolic phenotype to a more
aerobic one (Figure 5.10B). No differences between the rise (change in OCR), run
(change in ECAR) or gradient was detected between untreated and nitrite treated
CON myoblasts (p>0.05, Figure 5.10B). During metabolic stress, untreated DMD
myoblasts transitioned to a predominantly aerobic state and nitrite treatment
transitioned DMD myoblasts to a more metabolically active phenotype compared to
untreated myoblasts (Figure 5.10B). This was highlighted by a 79% incremental
increase in the rise (OCR) during metabolic stress-induced transition in nitrite-treated
compared to untreated DMD myoblasts (p<0.05). The transition gradients (basal to
stressed) were higher in DMD myoblasts compared to CON (p<0.05) and this was
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resultant of DMD myoblasts relying more heavily upon increases in glycolysis, as
evidenced by the larger run compared to untreated DMD myoblasts (p<0.05).
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Figure 5.8. Mitochondrial function of unsupplemented (UNSUPP) and nitrite (NIT) supplemented control (CON) and Duchenne Muscular Dystrophy (DMD)
myoblasts. ATP production was significantly less in DMD myoblasts compared to CON (p<0.0001, A) with nitrite decreasing ATP production further (p<0.05). Spare respiratory
capacity was not different between CON UNSUPP and DMD UNSUPP myoblasts (p>0.05, B) and while nitrite had no effect in CON (p<0.05), nitrite decreased spare
respiratory capacity further in DMD myoblasts (p<0.05). In DMD myoblasts, coupling efficiency was less compared to CON myoblasts (p<0.0001, C) and nitrite decreased this
further (p<0.0001). The bioenergetic health index (BHI) of myoblasts was significantly lower in DMD compared to CON (p<0.0001, D) with nitrite decreasing the BHI in CON
myoblasts. n=7-8 CON UNSUPP, n=6 CON NIT, n=5 DMD UNSUPP, n=5 DMD NIT.
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Figure 5.9. Metabolic potential of unsupplemented (UNSUPP) and nitrite (NIT) supplemented
control (CON) and Duchenne Muscular Dystrophy (DMD) myoblasts. No significant difference in
oxidative (A) or glycolytic metabolic potential (B) was observed between CON and DMD myoblasts
(p>0.05). Nitrite had no effect in either cell line (p>0.05). n=7-8 CON UNSUPP, n=6 CON NIT, n=5
DMD UNSUPP, n=5 DMD NIT.
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Figure 5.10. Metabolic phenograms of unsupplemented (UNSUPP) and nitrite (NIT) supplemented control (CON) and Duchenne Muscular Dystrophy (DMD)
myoblasts. During basal respiration (A), CON UNSUPP, CON NIT and DMD UNSUPP myoblasts resided in a less metabolic phenotype with DMD NIT myoblasts residing in a
more metabolic state. Under stressed conditions (B), CON UNSUPP and DMD NIT myoblasts remained in their basal phenotypes (less metabolic and more metabolic
respectively) with CON NIT and DMD UNSUPP shifting to an aerobic phenotype. Rise, changes in oxygen consumption rate (OCR), was higher in nitrite treated DMD
myoblasts compared to DMD UNSUPP (p<0.05) with run (change in extracellular acidification rate (ECAR)) greater in DMD myoblasts compared to CON (p<0.05). Overall,
gradient was greater in DMD myoblasts compared to CON (p<0.05). ^ significant difference from CON myoblasts p<0.05, # significant difference from UNSUPP mice p<0.05.
n= 7-8 CON UNSUPP, n= 6 CON ASA, n=5 DMD UNSUPP, n=5 DMD ASA.

206

5.4 Discussion
The well-documented metabolic dysfunction in dystrophin-deficient skeletal
muscle (Timpani et al., 2015) may be a significant contributing factor to the inability
to adequately repair muscle damage in dystrophin-deficient muscle. As muscle
damage is a predominant pathological feature of the disease which drives the loss of
functional muscle and the gain of non-functional fatty and fibrotic tissue –
potentiating the clinical symptoms of progressive decline of physical function and
quality of life – there is a need to facilitate/support reparative pathways in a bid to
overcome this. One such way could be by improving the metabolic ATP producing
capacity of myoblasts, since ATP content is an important regulator of satellite cell
activity. Given NO is a known modulator of mitochondrial function (Larsen et al.,
2011), and it plays an important role in satellite cell activation (Anderson, 2000,
Anderson and Pilipowicz, 2002, Tatsumi et al., 2006, Wozniak and Anderson, 2006),
we investigated an acute nitrite treatment protocol in human dystrophin-positive
(CON) and dystrophin-negative (DMD) myoblasts. We demonstrated that DMD
myoblasts are metabolically compromised and that acute nitrite supplementation
cannot modulate this to culminate in enhanced ATP production capacity despite
increased glycolytic flux and mitochondrial viability and reduced mitochondrial O2production.
In accordance with previous studies (Olson et al., 1968, Martens et al., 1980,
Bhattacharya et al., 1993, Glesby et al., 1988, Kuznetsov et al., 1998, Faist et al.,
2001, Griffin et al., 2001, Rybalka et al., 2014), this study has demonstrated that
dystrophic mitochondria are significantly impaired. When exposed to the
mitochondrial stress test, the OCR of DMD myoblasts was significantly higher
compared to CON myoblasts over all respiratory states (basal, proton leak, maximal
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and non-mitochondrial), and this was evident in a mitochondrial pool that was less
viable. In this instance, radical-induced proton leak would drive a higher respiratory
rate (i.e. OCR) in an attempt to maintain the ∆Ψ and ATP-production capacity.
However, the severely reduced ATP production capacity, coupling efficiency and BHI
suggests that the ∆Ψ cannot be maintained, thus reducing the viable mitochondrial
pool (i.e. MitoTracker Red fluorescence). Thus, respiratory drive favours proton leak
in DMD myoblasts, apparently via leaky ETC complexes and/or heightened activity
of inducible uncoupling (i.e. via adenosine nucleotide translocase (ANT) in response
to elevated O2- production). Either of these are likely mechanisms since Percival et
al. have shown no changes in the skeletal muscle uncoupling protein isoform, UCP3
(Percival et al., 2013). Complex I of the ETC is considered to be the main source of
O2- production in the mitochondria (Turrens et al., 1980, Hansford et al., 1997, Liu et
al., 2002, St-Pierre et al., 2002, Han et al., 2003, Talbot et al., 2004). We have
previously demonstrated that Complex I in isolated mitochondria from the mdx
mouse is dysfunctional and, when it is the main catalyst of mitochondrial respiration,
ATP production is severely impaired. However, when Complex I is inhibited (with
rotenone), and Complex II-driven respiration is predominant, this deficiency is
ameliorated. When considered in context with the findings of this chapter and the
recent identification of a novel protein that regulates the assembly and maturation of
Complex I (Fiedorczuk et al., 2016), as well as the pace of electron transport and
oxidative phosphorylation which is deficient in Complex I-related mitopathologies,
our data highlight that a Complex I electron leak is a likely promoter of O2- production
and mitochondrial dysfunction. For dystrophin-deficient myoblasts, mitochondrial
dysfunction
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would
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proliferative capacity and the capacity for skeletal muscle repair. Previous studies
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have highlighted the importance of functional mitochondria and adequate energy
production for the proliferation, differentiation and fusion of myoblasts into myotubes
which is an important step in the repair process (Herzberg et al., 1993, Korohoda et
al., 1993, Rochard et al., 1996; 2000).
Contrary to our hypothesis that acute nitrite treatment could improve the
mitochondrial dysfunction evident in DMD myoblasts, our data shows that nitrite
further enhances O2- production and reduces the mitochondrial coupling efficiency in
DMD myoblasts. While it is postulated that mild uncoupling of mitochondrial
respiration is protective against oxidative stress (Skulachev, 1996), we have
demonstrated that DMD myoblasts are extremely uncoupled to begin with and nitrite
treatment further reduces the mitochondrial coupling efficiency to a mere ~5% of
CON. Naturally, this was reflected by a low BHI of DMD myoblasts. It is curious that
we observed these effects alongside a heightened nitrite-induced mitochondrial
viability. Perhaps an explanation could be that nitrite concomitantly increases
autophagic clearance of “dead” mitochondria while at the same time inducing
mitochondrial biogenesis of “new” mitochondria, such that the total pool remains
constant. However, since DMD mitochondria appear to be intrinsically defective,
mitochondrial dysfunction persists and continues to be promoted by nitrite in a futile
cycle. Clearly, a thorough investigation of the regulatory role nitrite-generated NO
plays in the modulation of mitochondrial dysfunction and pool cycling, is required to
confirm this idea.
Aside from reducing the BHI, and in stark contrast to DMD myoblasts, nitrate
had no effect on mitochondrial respiration parameters in CON myoblasts. Our
findings are in contrast to Larsen et al. who demonstrated that increased NO
bioavailability induced beneficial modulation of respiration in the vastus lateralis of
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healthy humans (Larsen et al., 2011). However, this discrepancy may be explained
by the difference in treatment time which was 3 days in Larsen et al. (Larsen et al.,
2011) compared to 24 hours at which time we measured respiration. Moreover, our
conflicting results may reflect the use of a cell line that is derived from only one
person. It is unknown if this individual has a genetic particularity that prevents the
“normal” responses to increased NO bioavailability.
Dystrophin-deficient myoblasts appear to compensate for mitochondrial
dysfunction through the enhancement of anaerobic glycolysis (ECAR) in a bid to
protect against bioenergetical crisis. ECAR was higher under all respiratory states in
DMD myoblasts, and, during FCCP-induced stress, a greater reliance on ECAR was
evident (as indicated by the larger run during metabolic transition from resting to
stressed states). In the resting state, glycolytic enhancement does not appear to
benefit downstream oxidative ATP production since we did not observe an increased
ATP production capacity despite elevated ECAR and OCR in DMD myoblasts.
Rather, pyruvate is converted to lactate and the glycolytic flux rate is significantly
enhanced. Interestingly, nitrite treatment of DMD myoblasts further enhanced
glycolytic flux, an affect that was not observed in CON myoblasts suggesting a
genotype-specific effect. It is plausible that nitrite-derived NO might specifically act
on a deficient dystrophin-nNOS-phosphofructokinase (PFK) system in DMD muscle
(Leary et al., 1998, Thomas et al., 1998, Vaghy et al., 1998, Firestein & Bredt, 1999,
Judge et al., 2006, Wehling-Henricks et al., 2009) as opposed to an intact system
capable of independent and localised NO production (as would be the case in CON
myoblasts), to enhance anaerobic glycolysis. PFK is the rate-limiting enzyme of
glycolysis and reduced activity of PFK has been documented in DMD patients (Chi et
al., 1988) which is potentially due to the loss of allosteric regulation by nNOS, and
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therefore NO, in dystrophin-deficient muscle (Wehling-Henricks et al., 2009).
Alternatively or complementarily, an enhanced drive to maintain the bioenergetical
status of DMD myoblasts in the face of mitochondrial dysfunction which was
promoted by nitrite treatment could be the primary regulator of nitrite-induced
glycolytic flux enhancement observed in our study. In this instance, stimulating
glycolytic flux would mitigate the impaired ATP production rate at the mitochondrial
level. Such a scenario is unlikely in CON myoblasts and, without an appropriate
stimulus, they would not need to enhance glycolysis as ATP demand is adequately
being matched by oxidative metabolism.
Such an increase in glycolytic flux should lead to enhanced delivery of
pyruvate into the mitochondria and therefore enhanced respiration in DMD
myoblasts, however we did not observe this in nitrite-treated DMD myoblasts, except
for an increase in spare respiratory capacity. While improved spare respiratory
capacity following NO donor administration has been previously documented
(Cerqueira et al., 2012), the mechanism behind this is unclear. It is peculiar that
nitrite treatment only modulated one mitochondrial parameter and in a stimulatory
manner, since NO is known to inhibit respiration through its competitive, yet
reversible, binding to Complex IV of the ETC (Cleeter et al., 1994, Brown and
Cooper, 1994, Boveris et al., 2000, Poderoso et al., 1996). Larsen et al. has
demonstrated an improved coupling efficiency of skeletal muscle mitochondria
following 3 days of nitrate supplementation of healthy humans (Larsen et al., 2011),
which could explain an improved spare capacity (i.e. less background proton leak
thus a higher ∆Ψ to deplete and drive maximal OCR following FCCP administration).
However, we have shown that acute 24 hour exposure enhances mitochondrial
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uncoupling in DMD myoblasts. Notably, this effect was only observed in DMD
myoblasts, and thus seems likely related to the mitochondrial pathology.
A characteristic of dystrophin-deficient skeletal muscle is oxidative stress
(Hauser et al., 1995, Ragusa et al., 1997, Disatnik et al., 1998, Rodriguez and
Tarnopolsky, 2003, Tidball and Wehling-Henricks, 2007, Selsby, 2011, Terrill et al.,
2012) which leads to lipid and protein peroxidation (Haycock et al., 1996, Disatnik et
al., 1998, Dudley et al., 2006, Messina et al., 2006) and muscle damage. In the
present study, our data highlights that dystrophin-deficient myoblasts have a
propensity to produce O2- over ATP due to poor coupling efficiency at 24 hours. Our
assessment of mitochondrial O2- production indicates that O2-, remains elevated at
both 3 and 7 days. Nitrite treatment ameliorated the mitochondrial O2- production at 3
and 7 days in DMD myoblasts and similarly, reduced O2- production in CON
myoblasts at these time points. While supraphysiological NO concentrations are
typically considered to stimulate a pro-oxidant environment (Joshi et al., 1999), NO
has been shown to promote antioxidant gene expression through upregulation of
inducible-NOS (iNOS) (Yu et al., 2008). iNOS is typically expressed in response to
immunostimulatory signalling (Aktan, 2004) which is absent in an in vitro skeletal
muscle cell culture environment. However, iNOS expression is demonstrably
induced in cultured muscle cells via a TNF-a-dependent pathway (Yu et al., 2008). In
the presence of a NO donor, TNF-α induced the expression of iNOS and the
antioxidant genes Sod3 and Cat, which transcribe the proteins superoxide dismutase
and catalase, respectively, resulting in reduced oxidative stress (Yu et al., 2008). A
similar mechanism may be occurring in our study particularly since we demonstrated
increased non-mitochondrial respiration in nitrite treated DMD myoblasts. Nonmitochondrial respiration refers to cytosolic O2 consumption and it has been
213

documented that upregulation of antioxidant activity, to buffer radicals, increases
cytosolic O2 consumption (Winterbourn and Metodiewa, 1994, Kesler et al., 2010). If
nitrite treatment is inducing the upregulation of antioxidant expression though the
TNF-α/iNOS pathway, then this may explain the elevated non-mitochondrial OCR in
DMD myoblasts. However, for this to have occurred a similar increase in cytosolic O2
consumption would also need to be evident in nitrite treated CON myoblasts, and it
was not. Another potential reason for the amelioration of O2- production following
nitrite treatment in CON and DMD myoblasts is the formation of other radicals,
namely ONOO-. In Chapter 4, while we observed that NITR reduced H2O2
production, this was actually accompanied by a drastic increase in ONOOproduction in mdx TA. Similar sequestration of O2- into ONOO- formation may also be
occurring in CON and DMD myoblasts and accounting for non-mitochondrial O2
consumption. While we have not examined nitrite radical production in this study,
such experiments seem a likely future direction.
In DMD myoblasts, the impaired metabolic integrity (in the form of elevated
O2- production, reduced ATP production capacity and coupling) was reflected as
reduced mitochondrial viability (at 24 hours). Changes in mitochondrial viability can
be an indicator of impending mitochondrial demise and induction of cellular
apoptosis (Liu et al., 1996, Susin et al., 1999). The reduced mitochondrial viability in
DMD myoblasts suggests possible initiation of apoptosis. As myofibre death leads to
functional muscle loss in DMD, mitigating this mitochondrial dysfunction may limit the
induction of apoptosis. We demonstrated that acute nitrite supplementation at all
time points (24 hours, 3 days and 7 days), enhanced mitochondrial viability in DMD
myoblasts, albeit this did not correlate with improved coupling or ATP production rate
following 24 hours of nitrite treatment. This improvement in mitochondrial viability
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was, however, associated with an increase in the total mitochondrial pool at 24 hours
suggesting that mitochondrial biogenesis may have been stimulated by nitrite
treatment. Indeed, it has been well established that increasing NO bioavailability
(between 1-14 days) induces PGC-1α expression (Nisoli et al., 2004, Lira et al.,
2010, Mo et al., 2012, Ashmore et al., 2015) and may be the mechanism for the
increased mitochondrial pool observed at 24 hours and 3 days in nitrite treated DMD
myoblasts. However, it is peculiar that we did not observe a nitrite-induced increase
in the mitochondrial pool at 7 days but rather a trend for nitrite to reduce the
mitochondrial pool. This seems to be a genotype-specific effect as nitrite treatment in
CON myoblasts expanded the mitochondrial pool at both 3 and 7 days. The
observations of Ljubicic et al. have demonstrated elevated basal levels of PGC-1α in
the mdx mouse (Ljubicic et al., 2011), which we too have confirmed (see Chapter 6).
This may suggest that there is limited scope to further upregulate PGC-1α and
downstream mitochondrial biogenesis signalling past the 3 day time point. It would
be interesting to investigate this via western blot analysis to confirm this hypothesis.
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5.5 Conclusions

In summary, our study demonstrates that DMD myoblasts exhibit severe
metabolic perturbations that acute nitrite supplementation cannot overcome to
improve ATP production capacity. This is despite comparable oxidative and
glycolytic metabolic potentials to CON myoblasts, highlighting that the mitochondria
of dystrophin-deficient myoblasts are intrinsically defective. Importantly, this data
provides a mechanistic explanation for the observed reductions in proliferative and
reparative capacity of DMD myoblasts (Blau et al., 1983, Melone et al., 2000) and
highlights the key role that mitochondria play in supporting these processes. Nitrite
treatment improved mitochondrial viability at all time points and ameliorated
mitochondrial O2- production at 3 and 7 days in DMD myoblasts. Despite this, nitrite
had no positive modulation on downstream mitochondrial respiration, but rather
promoted the already severe uncoupling and reduced capacity for ATP production
observed. Together, these data suggest that, although beneficial effects on
mitochondrial pool density and viability were observed at some time points,
enhancing NO bioavailability in DMD myoblasts may be detrimental at the level of
respiratory chain. This may be due to either (1) the lack of nNOS protein expression,
which exerts a modulatory role on metabolism; or (2) an intrinsically defective
mitochondria associated with the DMD pathology and/or aetiology; particularly since
nitrite treatment was not detrimental to dystrophin- and nNOS-positive CON
myoblasts. In addition to our observations of the detrimental effects of chronic NO
supplementation in the mdx mouse, our data strongly indicates that NITR/NIT
therapy is contraindicative for the treatment of DMD.
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Part Two
ASA Therapy
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Chapter Six
Evaluation of ASA therapy in the mdx Mouse
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6.1

Introduction
Characterised by muscular weakness and degeneration, DMD is a rare

neuromuscular disorder that arises from the loss of dystrophin at the
sarcolemma (Hoffman et al., 1987). Ca2+ dysregulation appears to contribute to
the pathology of DMD (Bodensteiner and Engel, 1978, Jackson et al., 1985,
Turner et al., 1991, Imbert et al. 1996, Alderton and Steinhardt, 2000, Robert et
al. 2001, Vandebrouck et al., 2002, William et al. 2007) which leads to activation
of Ca2+-dependent enzymes (Haycock et al., 1996, Disatnik et al., 1998, Dudley
et al., 2006a, Messina et al., 2006) and the stimulation of muscle damage and
degeneration. The replacement of muscle with fatty and/or fibrous connective
tissue consequentially leaves DMD sufferers wheelchair bound by early
adolescence (Eagle et al., 2002). A characteristic of dystrophin-deficient muscle
is metabolic dysfunction that is evident in various metabolic pathways (Dreyfus,
1954, Chi et al., 1987, Chinet et al., 1994, Glesby et al., 1988, Kuznetsov et al.,
1998, Rybalka et al., 2014). While it is widely accepted that this metabolic
dysfunction is a secondary consequence of the disease sequalae, we have
published a hypothesis that places metabolic, and in particular mitochondrial
dysfunction, as a core aetiological problem. Emerging evidence suggests that
this dysfunction may be an inherent feature of the disease. In particular, the
observations of Onopiuk et al. that metabolic dysfunction is present in
dystrophic myoblasts (Onopiuk et al., 2009) and Rybalka et al. that ATP
production rate is affected in dystrophic mitochondria in the presence of a
healthy and optimal extracellular environment (Rybalka et al., 2014).
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Decades ago, before the discovery of the ablation of dystrophin as the
cause of DMD, metabolic therapy was extensively investigated as DMD was
considered to be a predominantly metabolic myopathy. One such metabolic
therapy of interest is the purine nucleotide ASA which was briefly investigated in
a Phase I clinical trial for both Duchenne and Becker MD (Bonsett and Rudman,
1992). Following administration of this component of the PNC, which produces
fumarate that can be shuttled into the mitochondria to expand the TCA cycle,
patients anecdotally reported instantaneous increases in energy, stamina and
endurance. Functionally, ASA supplementation maintained the ability to stand
erect, rise from the floor and walk without falling which was accompanied with
decreased serum CK levels and improvements in histopathological hallmarks
indicating a reduction in muscle damage (Bonsett and Rudman, 1992).
Strikingly, a significant reduction in fatty tissue infiltration was observed in
muscle biopsies taken at multiple time points during the 4 year ASA trial. The
replacement of functional muscle with fatty and connective tissue is a feature of
disease progression and leads to reduced physical capacity. Indeed, explants of
dystrophic muscle from DMD patients produce excessive lipid compared to
healthy muscle cells (Bonsett, 1979) however this was ameliorated in the
presence of ASA (Bonsett et al,. 1984).
The ability of ASA to improve key features of DMD, including the maintenance
of muscle function, may arise from its capacity to promote purine salvage and
anaerobic metabolism via purine nucleotide cycling and anaplerotic expansion
of the TCA cycle. Together, this would converge to increase substrate delivery
to the ETC and promote ATP production. Recently, it has been demonstrated
that ASA stimulates exocytosis of insulin from pancreatic β cells, and that
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inhibition of adenylosuccinase, the enzyme that produces ASA in the PNC,
impairs glucose-stimulated insulin secretion (Gooding et al., 2015). This
suggests that ASA may play a role in enhancing the activation of energy
producing pathways which would be beneficial to overcome the chronic
metabolic compromise observed in Chapters 4 and 5, and by us (Rybalka et al.,
2014) and others (Olson et al., 1968, Martens et al., 1980, Bhattacharya et al.,
1993, Glesby et al., 1988, Kuznetsov et al., 1998, Faist et al., 2001, Griffin et al.,
2001, Rybalka et al., 2014).
A major limitation in the clinical trial investigating ASA is that the clinical
evidence is very much anecdotal in that only one DMD patient completed the
study long term. Thus, properly evaluating the efficacy of ASA therapy to
ameliorate muscular dystrophy is timely. Thus, the aim of this study was to
experimentally evaluate, in a proof-of-concept study, the therapeutic potential of
ASA for the treatment of DMD. We investigated the effects of an 8 week ASA
supplementation regimen in healthy (control; CON) and dystrophic (mdx) mouse
models and specifically, assessed whether ASA supplementation could improve
GU, mitochondrial function and muscle architecture. We hypothesised that
expansion of the TCA cycle through ASA supplementation would: (1) enhance
GU in contracting muscles of both CON and mdx mice; (2) improve
mitochondrial respiration and reduce mitochondrial O2- production in mdx mice
and; (3) reduce the histological hallmarks of DMD including muscle damage and
lipid and fibrotic infiltration in mdx mice.
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6.2

Methods
6.2.1

Ethical approval

All experimental procedures were approved by the Victoria University
Animal Ethics Experimentation Committee and conformed to the Australian
Code of Practice for the Care and Use of Animals for Scientific Purposes.

6.2.2
Male

Animals and supplementation
C57Bl/10ScSn (normal wild-type

strain;

CON;

n=32) and

C57Bl/10mdx (mdx; n=32) mice were randomly assigned into four groups:
unsupplemented (CON UNSUPP (n=16) and mdx UNSUPP (n=16)) and
supplemented (CON ASA (n=16) and mdx ASA (n=16)). Mice in the
supplemented groups were given 3000µg/mL ASA ad libitum in drinking water
for 8 weeks. This dose of ASA reflects the only recorded dose administered to
DMD patients via a non-intravenous dose (25mg/kg/day) (Bonsett and Rudman,
1992).

6.2.3

Muscle dissection and contraction protocol to induce GU

The muscle dissection and contraction protocol was performed as
previously described in section 3.1.2.1. (Timpani et al., 2016). White EDL and
red SOL muscles were utilised for radioactive GU analysis following
determination of optimal length (Lo) and a contraction protocol. The left EDL and
SOL were stimulated to contract (contraction-induced GU) for a total of 10
minutes (pulse durations of 350msec and 500msec for EDL and SOL,
respectively at a frequency of 60 Hz) while the right EDL and SOL were not
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stimulated (basal GU). Following 5 minutes of contraction, Krebs buffer with 2Deoxy-ᴅ-[1,2-3H]glucose (0.128µCi/mL) and ᴅ-[14H]mannitol (0.083µCi/mL) was
placed in both resting and contracting muscle baths and muscles were snap
frozen. GU was calculated (Hong et al., 2015) in both rested and contracted
muscles as described in section 3.1.2.2.

6.2.4

Mitochondrial respiration measurements

Left and right FDB were excised from anaesthetised mice and
dissociated as described in section 3.1.3. Fibres were aliquoted onto coated
Seahorse XF24 cell culture V7 microplates and incubated overnight. Incubation
media was replaced with pre-warmed measurement buffer and OCR and ECAR
was determined for various respiratory states as described in section 3.1.3.

6.2.5

Mitochondrial viability and superoxide production

Mitochondrial viability and O2- production in isolated FDB fibres was assessed
by the fluorescent MitoTracker dyes Green and Red and MitoSOX Red. Isolated
FDB fibres were plated onto a matrigel coated 96 well microplate and incubated
overnight. Mitochondrial viability and O2- production were assessed as
described in section 3.1.3.2. Images were captured on an inverted microscope
(Olympus, Tokyo, Japan) and images were analysed using ImageJ software
(NIH, USA).
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6.2.6

Western

blot

analysis

of

metabolic

stress

(AMPK),

mitochondrial biogenesis (PGC-1α/β) and respiratory chain proteins
(CI-V)

Western blot analysis of metabolic stress, mitochondrial biogenesis and
respiratory chain proteins was performed in homogenised quadriceps as
previously described in section 3.1.3.2 (Timpani et al., 2016). Images were
captured (Fusion FX imaging system, Vilber Lourmat, Germany) once the blots
were developed with ECL Prime reagent (Amersham, Piscataway, NJ, USA)
and membranes were then stained with Coomassie Blue. Analysis was
performed using Fusion CAPT Advance software (Vilber Lourmat, Germany).
For the ETC, PGC-1α and –β, AMPK and Total AMPK protein analysis, data is
normalised to the signal intensity of Coomassie Blue. For the AMPK/Total
AMPK ratio, the data is normalised to the mean of the 8 CON UNSUPP
samples run on each gel.

6.2.7

Citrate synthase (CS) activity

CS activity was measured in homogenised FDB fibres as a marker of
mitochondrial capacity as described in section 3.1.3.2. CS activity was
measured spectrophotometrically (412nm, 25°C, 5 mins) and calculated using
the extinction coefficient of 13.6 (Srere, 1969).
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6.2.8 Metabolites

ATP, PCr, Cr, lactate and glycogen metabolites were assessed in freezedried and crushed left TA. Metabolite analysis was performed in 96 well plates
using a method adapted from Lowry and Passonneau (Lowry and Passonneau,
1972).

6.2.9

Histopathology Analysis

The right TA was covered in optimal cutting temperature compound
(Sakura Finetek) and snap frozen in liquid nitrogen-cooled isopentane. TA’s
were sectioned on a cryostat (10µm, -20°C, Leica CM1950) and mounted onto
glass slides (Menzel-Glaser).

6.2.9.1 Haematoxylin & Eosin (H&E) staining

Air-dried slides were stained using a standard H&E protocol described in
section 3.1.4.2 and (Timpani et al., 2016). Slides were imaged at 20x
magnification (Zeiss Axio Imager Z2 microscope) and analysed for fibre size,
damaged area (measured as areas of myofibril demise and inflammatory cell
infiltration (Shavlakadze et al., 2004)) and centronucleated fibres.

6.2.9.2 Oil Red O (ORO) staining

To assess lipid accumulation, slides were stained with ORO for 30
minutes and counterstained with haematoxylin as described in section 3.1.4.2.
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Slides were imaged at 10x magnification (Zeiss Axio Imager Z2 microscope)
and analysed using ImageJ software to detect staining intensity.

6.2.9.3 Gomori Trichrome staining

To assess connective tissue (fibrotic) infiltration, Gomori Trichrome
staining (HT10316, Sigma Aldrich) was employed. Sections were incubated in
Gomori Trichrome for 30 secs as described in section 3.1.4.2 and slides were
imaged at 4x magnification (Olympus, Tokyo, Japan). The intensity of RGB
staining (red=muscle, green=connective tissue, blue=nuclei) was quantified
using ImageJ and the proportion of green staining (fibrotic area) was calculated
as a percentage of total RGB staining (Lee et al. 2013).

6.2.9.4 Alizarin Red staining
To assess the relative Ca2+ content of the TA, sections were stained with
Alizarin red (Merck Millipore) as described in section 3.1.4.2. Slides were
imaged at 4x magnification (Olympus, Tokyo, Japan) and analysed using
ImageJ software to detect staining intensity of Alizarin Red dye.

6.2.9.5 Succinate dehydrogenase (SDH) staining
To assess if there were any changes in oxidative capacity of TA
(Sheehan and Hrapchak, 1980), the activity of SDH was assessed through
histochemical analysis as described in section 3.1.4.2. Slides were incubated in
working solution for 60 mins at 37°C and slides were imaged at 4x magnification
(Olympus, Tokyo, Japan). Whole sections were scanned for SDH positive area
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and the number of deep purple (SDH positive) and total fibres was counted to
calculate percentage of oxidative fibres.

6.2.9.6

Dystrophin and utrophin immunolabelling

To assess if ASA is a genetic modifier of dystrophin and utrophin
expression, we assessed the presence of dystrophin and utrophin in TA
sections. As described in section 3.1.4.1, slides were labelled with primary
dystrophin and utrophin antibodies overnight at room temperature and
incubated with secondary antibodies for 2 hours at room temperature. Slides
were mounted imaged via confocal microscopy.

6.2.10 Nrf2 quantification

Elevated fumarate content has been shown to stimulate Nrf2 activity
(Ashrafian et al., 2012) and prompted us to assess Nrf2 content in ASA-treated
muscle. Nrf2 content was quantified via western blot analysis of homogenised
quadriceps as described in section 3.1.3.2.

6.2.11 Statistics

Results are presented as mean ± standard error of the mean. A two-way
ANOVA was utilised to detect between genotype and supplementation
differences. For GU, was utilised to detect between genotype, supplementation
and GU type (basal vs contraction) differences. When a main effect or an
interaction was detected, unpaired T-tests were used to determine differences
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between individual groups using SPSS (version 21). An α value of 0.05 was
considered significant.
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6.3

Results

6.3.1 Effect of ASA supplementation on body weight, food and water
consumption, and muscle and organ weights

As the tolerance of ASA in rodents is unknown, mice were supplemented
with a staggered protocol. Mice received 3µg/mL of ASA for 3 days and this was
increased to 30µg/mL for 4 days. The following week, mice were supplemented
with 300µg/mL of ASA and a dosage of 3000µg/mL was delivered for the
remainder of the supplementation period (6 weeks). Based off the average
water intake, the average estimated daily exposure of mice during the first 7
days was 2.99±0.10 mg/kg/day for CON mice and 3.04±0.19 mg/kg/day for mdx
mice. In the second week, the estimated daily exposure of mice was 35.89±2.48
mg/kg/day for CON mice and 40.20±2.20 mg/kg/day for mdx mice. Finally, the
estimated daily exposure for the final 6 weeks of supplementation was
325.74±11.43 mg/kg/day for CON mice and 335.64±50.42 mg/kg/day for mdx
mice. When scaled for the ~12 times higher metabolic rate of mice, the
estimated daily exposure in humans would be ~27mg/kg/day and ~28mg/kg/day
based off of CON and mdx data. This is slightly above what we aimed to
achieve (25mg/kg/day).
Throughout the 8 week supplementation period, weight gain (displayed
as a % of pre-supplementation body weight) was not different between CON
and mdx strains (Figure 6.1) and ASA had no significant effect. However, posttreatment body weights following the conclusion of the supplementation period
was different, with mdx mice being heavier compared to CON mice (p<0.01,
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Figure 6.2A). ASA reduced the post-treatment body weight of mdx (p<0.05,
Figure 6.2A) but not CON mice (p>0.05), and this effect was independent of
food and water consumption which was comparable between strain or
supplementation protocol (Figure 6.3). Overall, hind limb muscle weights (EDL,
gastrocnemius, quadriceps, SOL and TA) were heavier in the mdx strain
compared to CON (p<0.0001; Table 6.1), with ASA having virtually no effect on
muscle weights in either strain.
As limited research has been conducted with ASA, we measured heart,
diaphragm, lung and liver weight to determine potential effects on the
cardiorespiratory system. While heart weight was reduced in mdx mice
compared to CON (p<0.05; Figure 6.2B) diaphragm and liver weight was
increased in mdx mice compared to CON (p<0.0001, Table 6.1). No difference
in lung weight was observed (p>0.05; Table 6.1). In mdx mice, ASA reduced the
heart (p<0.05; Figure 6.2B) and lung weights by ~2% and ~5%, respectively
(p<0.01; Table 6.1), but had no effect on diaphragm or liver weight (p>0.05).
Heart weight/body weight ratio was ~5% lower in mdx mice compared to CON
with the reduction in heart weight in mdx ASA mice contributing to a further 5%
decrease in the heart weight/body weight ratio (p<0.05; Figure 6.2C).
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Figure 6.1. Weight gain of unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented mice over the supplementation period.
Changes in body weight are shown as a percentage of pre-supplementation weight. Overall, there was no difference in weight gain over the 8 week
supplementation period in any group. n= 16 per group.
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Figure 6.2. Final body weight, heart weight and heart weight to body weight ratio of
unsupplemented (UNSUPP) and adenylosuccinic (ASA) supplemented mice. Final body weight
was significantly higher in mdx mice compared to CON (p<0.01, A) with ASA reducing body weight of
mdx mice (p<0.05). Heart weight was significantly lower in mdx mice compared to CON (p<0.05, B)
with ASA reducing heart weight in mdx mice (p<0.05). The heart to body weight ratio was significantly
lower in mdx mice compared to CON (p<0.0001, B) with ASA reducing the heart to body weight ratio
further in mdx mice (p<0.05). n=12 CON UNSUPP, n=14 CON ASA, n=14 mdx UNSUPP, n=15 mdx
ASA.
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Table 6.1. Post-treatment muscle and organ weight from unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented mice.

^ significant difference from CON mice p<0.05; ^^^^ significant difference from CON mice p<0.0001; # significant difference of CON and mdx ASA mice from UNSUPP mice
p<0.05; ## significant difference of CON and mdx ASA mice from UNSUPP mice p<0.05 n=7-14 CON UNSUPP, n=11-16 CON ASA, n=10-16 mdx UNSUPP, n=11-16 mdx
ASA.
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Figure 6.3. Average food and water consumption of unsupplemented (UNSUPP) and
adenylosuccinic acid (ASA) supplemented mice during the supplementation period.
Over the 8 week supplementation period, food and water consumption did not differ between
unsupplemented and supplemented animals (p>0.05). n=16 per group.
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6.3.2 Effect of ASA supplementation on GU

The recent evidence demonstrating that ASA can modulate insulin secretion from the
pancreas suggests a regulatory role of ASA in systemic glucose homeostasis and
utilisation. This prompted us to investigate whether ASA has an effect on GU (both
basal- and contraction-induced) and if so, if it could normalise GU in mdx muscles. In
the mdx EDL, GU (both basal- and contraction-induced) was depressed compared to
CON (p<0.01, Figure 6.4A) and a similar reduction was observed in mdx SOL
muscles (p<0.0001; Figure 6.4B). There was no effect of ASA on either basal- or
contraction-induced GU across the genotypes and muscles (p>0.05; Figure 6.4). As
per Chapter 4, this data highlights an impaired capacity for basal- and contractioninduced GU in both the mdx EDL and SOL which could not be modulated by ASA
supplementation.
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Figure 6.4. Glucose uptake (GU) in isolated extensor digitorum longus (EDL) and soleus (SOL)
from unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented control (CON)
and mdx mice. In mdx EDL, both basal- and contraction-induced GU were significantly reduced
compared to CON EDL (p<0.01, A). For the SOL, both basal- and contraction-induced GU were
significantly reduced in the mdx compared to CON groups (p<0.0001, B). There was no effect of ASA
in any strain or muscle type (p>0.05). For EDL basal GU: n= 9 CON UNSUPP, n=11 CON ASA, n=10
mdx UNSUPP, n=16 mdx ASA. For EDL contraction-induced GU: n= 10 CON UNSUPP, n=14 CON
ASA, n=6 mdx UNSUPP, n=15 mdx ASA. For SOL basal GU: n= 11 CON UNSUPP, n=15 CON ASA,
n=10 mdx UNSUPP, n=16 mdx ASA. For SOL contraction-induced GU: n= 8 CON UNSUPP, n=12
CON ASA, n=7 mdx UNSUPP, n=13 mdx ASA.
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6.3.3 Effect of ASA supplementation on metabolism

6.3.3.1 Respirometry

Considering the significant improvements in energy and stamina observed in
the clinical trial of ASA (Bonsett and Rudman, 1992), and the capacity of purine
nucleotide cycling to generate fumarate for anaplerosis, we next investigated the
effect of ASA on mitochondrial functional indices in dissociated FDB fibres. As we
could not reliably quantify protein content of the wells to internally correct respiration
values for mitochondrial density, due to very low protein concentrations (Schuh et al.,
2012), here we present respiration parameters that are internally corrected for basal
respiration rate and thus mitochondrial content.
Using a mitochondrial stress test, we first determined the metabolic potential
of the OCR and ECAR, which demonstrates the flexibility of response to FCCPinduced mitochondrial uncoupling and depletion of the inner-mitochondrial
membrane potential (∆Ψ), for mitochondrial oxidative and cytosolic anaerobic
metabolism, respectively. The oxidative metabolic potential, which assesses the
capacity to ramp up oxidative metabolism during metabolic stress, was 18% less in
mdx compared to CON FDB fibres (p<0.01, Figure 6.5A). ASA had no effect on this
measure in either strain of mice. In contrast, the glycolytic metabolic potential, which
assesses the capacity to ramp up glycolysis during metabolic stress, was 113%
higher in mdx compared to CON FDB fibres (p<0.01, Figure 6.5B). Again, ASA had
no effect on this measure in either strain.
Next, we assessed the mitochondrial coupling efficiency of dissociated FDB
fibres, which highlights the extent to which ATP production at Complex V is matched
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to oxygen consumption at Complex IV. There was no difference in the coupling
efficiency between mouse strains and ASA had no effect on this measure in either
strain (Figure 6.7C). We also assessed the Bioenergetical Health Index (BHI), a
predictive marker of the overall metabolic responsiveness to stress (Chacko et al.,
2014). In mdx FDB fibres, the BHI was ~18% less than that of CON FDB fibres
(p<0.01, Figure 6.5D) and ASA had no effect on the BHI in either CON or mdx fibres.
Next, we measured citrate synthase (CS) activity in FDB fibres as a rudimentary
marker of mitochondrial functional capacity (Reichmann et al., 1985, Larsen et al.,
2012). There was no difference in the CS activity between CON and mdx FDB fibres
(Figure 6.5E). ASA did, however, increase CS activity by 24% in CON fibres (p<0.05)
but had no effect in mdx fibres (p>0.05).
Finally, we created metabolic phenograms to show the overall metabolic
phenotype of FDB fibres under basal (resting) and stressed (FCCP-induced)
conditions and to highlight the transitional capacities of mitochondrial respiration and
glycolytic flux. Under basal conditions (Figure 6.6A), CON UNSUPP fibres
maintained a more glycolytic phenotype that was moderately metabolic, with ASA
shifting CON fibres to a higher basal metabolic and glycolytic state. At rest, mdx
UNSUPP FDB fibres were highly metabolic, and ASA restored the basal metabolic
phenotype to one comparable to CON UNSUPP fibres (Figure 6.6A). During FCCPinduced stress conditions (Figure 6.6B), both CON UNSUPP and ASA fibres
transitioned into a highly metabolic phenotype. Mdx UNSUPP and ASA fibres also
responded to FCCP-induced metabolic stress by transitioning to a more metabolic
phenotype however the gradient associated with this transition was significantly less,
with a smaller increase in OCR (rise) compared to CON (p<0.05, Figure 6.6B). ASA
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reduced the run (the change in ECAR) in mdx fibres by 48% compared to mdx
UNSUPP (p<0.05).
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Figure 6.5. Mitochondrial function in isolated flexor digitorum brevis (FDB) fibres from
unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented control (CON) and
mdx mice. Oxidative metabolic potential was significantly less in mdx fibres compared to CON
(p<0.01, A) while glycolytic metabolic potential was greater (p<0.01, B) and ASA had no effect
(p>0.05). No differences in coupling efficiency was observed between CON and mdx FDB fibres
(p>0.05, C). The bioenergetical health index (BHI) of isolated FDB fibres was significantly lower in
mdx compared to CON (p<0.01) with ASA having unable to improve the BHI in either strain. In CON
fibres, ASA increased citrate synthase (CS) activity (p<0.05, E) with ASA having no effect in mdx
fibres (p>0.05). n= 9-11 CON UNSUPP, n=9-10 CON ASA, n=10-14 mdx UNSUPP, n= 10-15 mdx
ASA.
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Figure 6.6. Metabolic phenograms of isolated flexor digitorum brevis (FDB) fibres from unsupplemented (UNSUPP) and adenylosuccinic acid
(ASA) supplemented control (CON) and mdx mice. During basal respiration (A), CON UNSUPP and mdx ASA fibres resided in a predominantly glycolytic
phenotype with CON ASA and mdx UNSUPP fibres residing in a more metabolic state. Under stressed conditions, CON FDB fibres had a larger increase in
oxygen consumption rate (OCR; rise) compared to mdx fibres (p<0.01). The increase in extracellular acidification rate (ECAR; run) during FCCP-induced
stressed was larger in mdx UNSUPP fibres compared to CON UNSUPP (p<0.05) and ASA reduced the run in mdx fibres (p<0.05). Overall, the gradient was
greater in CON fibres compared to mdx fibres (p<0.05, B) with ASA having no effect. n=9 CON UNSUPP, n=9 CON ASA, n=10-11 mdx UNSUPP, n=10-11
mdx ASA.
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6.3.3.2 Mitochondrial Viability and Superoxide (O2-) Production

Since ASA increases purine nucleotide cycling and cytosolic fumarate
production, which did not appear to stimulate mitochondrial metabolism in our FDB
fibres, we have investigated other potential effectors of increased fumarate
production. Mitochondrial viability, which was determined by the ratio of live
mitochondria (MitoTracker red) to the total mitochondrial pool (MitoTracker green),
was comparable between CON UNSUPP and mdx UNSUPP FDB fibres (Figure
6.9A). While ASA had no effect on mitochondrial viability in CON fibres, it did
increase the viability of the mitochondrial pool in mdx fibres by 17% (p<0.05, Figure
6.7A). We also assessed the total mitochondrial pool (MitoTracker green) and
demonstrated that, while the mitochondrial pool was not different between CON
UNSUPP and mdx UNSUPP fibres (Figure 6.7B), ASA increased the pool in both
CON and mdx fibres by 55% and 208% respectively (p<0.01, Figure 6.7B).
Next we assessed the effect of ASA on mitochondrial O2- production to assess
whether ASA could modulate oxidative stress. No differences in mitochondrial O2production were detected between CON UNSUPP and mdx UNSUPP fibres (Figure
6.7C). In CON FDB fibres, ASA increased O2- production by 28% (p<0.05) but in
contrast, decreased O2- production in mdx fibres by 26% (p<0.05). Together, these
data suggest that, while ASA does not improve downstream mitochondrial
respiration in FDB fibres, ASA can promote mitochondrial viability and improve the
redox status of the cell.
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Figure 6.7. Mitochondrial viability, pool and superoxide (O2 ) production of isolated flexor digitorum
brevis (FDB) fibres from unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented
control (CON) and mdx mice. There was no difference in mitochondrial viability between CON UNSUPP, CON
ASA and mdx UNSUPP fibres (p>0.05, A) and ASA increased mitochondrial viability in mdx fibres (p<0.05). In
both CON and mdx fibres, ASA increased the total mitochondrial pool compared to UNSUPP fibres (p<0.01, B).
In CON fibres, ASA increased O2 production (p<0.05, C) with ASA decreasing O2 production in mdx fibres
(p<0.05). For mitochondrial viability and mitochondrial pool: n= 3 CON UNSUPP, n= 6 CON ASA, n=9 mdx
UNSUPP, n= 8 mdx ASA. For mitochondrial O2 production: n= 3 CON UNSUPP, n= 6 CON ASA, n=6 mdx
UNSUPP, n= 8 mdx ASA.
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6.3.3.3 Electron Transport Chain (ETC) Complex Expression

We next assessed ETC complex expression to elucidate if ASA could
modulate respiratory chain density. As we did not have sufficient FDB fibres
following respiratory analysis, we utilised the quadriceps for Western blot analysis
due to a similar fibre type composition (Armstrong & Phelps, 1984, Pickett-Gies et al.
1986, Burkholder et al. 1994, Kuznetsov et al. 1996). In all subunits quantified from
CI to CV, no difference was detected between CON and mdx quadriceps (p>0.05,
Figure 6.8).

ASA had no effect on the expression of any of the mitochondrial

complex subunits assessed in either strain.

6.3.3.4 Metabolites

We next evaluated the metabolite content of TA to assess if ASA could
influence the metabolic signature of the skeletal muscle. The Cr, PCr, Total
intramuscular creatine (TCr), ATP and lactate content was comparable between
CON UNSUPP and mdx UNSUPP (Figure 6.9A-E). While ASA had no effect on Cr
content in mdx TA (Figure 6.9A), ASA reduced Cr content by 21% in CON TA
(p<0.05). ASA induced an increase in the intramuscular PCr content of both CON
and mdx TA by, 61% and 33%, respectively (p<0.01, Figure 6.9B). Similarly, TCr
content was positively modulated by ASA with a 17% and 13% increase in CON and
mdx TA, respectively (p<0.05, Figure 6.9C). While ASA had no effect on the ATP
content of mdx TA (Figure 6.9D), there was a trend for ASA to increase ATP content
in CON samples (p=0.05). Finally, glycogen content was 47% higher in mdx TA
compared to CON (p<0.01, Figure 6.9F) however was not affected by ASA in either
strain.
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Figure 6.8. Mitochondrial respiratory chain complex proteins of the quadriceps from
unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented control (CON) and
mdx mice. No significant difference was detected between CON and mdx quadriceps in any subunit
of the ETC complexes (p>0.05, A-E). Representative western blots of proteins from each of the five
mitochondrial respiratory complexes (F). n= 8 per group.
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Figure 6.9. Intramuscular creatine (Cr), phosphocreatine (PCr), total creatine (TCr), adenosine
triphosphate (ATP), lactate and glycogen content of unsupplemented (UNSUPP) and adenylosuccinic
acid (ASA) supplemented control (CON) and mdx mice. No significant difference in Cr content was detected
between CON UNSUPP and mdx UNSUPP tibialis anterior (TA) (p>0.05, A) with ASA increasing Cr content in
CON only (p<0.05). While PCr content was comparable between CON UNSUPP and mdx UNSUPP TA (p>0.05,
B), ASA increased PCr content in both CON and mdx tissues (p<0.01). Similarly, although no genotypic
differences were detected (p>0.05, C), ASA increased TCr content in both CON and mdx TA (p<0.05). ATP
content was not different between CON UNSUPP and mdx UNSUPP TA (p<0.05, D) with a trend for ASA to
increase ATP content in CON detected (p=0.056). Lactate content was comparable between CON and mdx TA
(p>0.05, E) and ASA had no effect. Overall, glycogen content was greater in mdx TA compared to CON (p<0.01,
F) and ASA had no effect in either genotype. For Cr: n=7 CON UNSUPP, n=9 CON ASA, n=8 mdx UNSUPP,
n=8 mdx ASA.
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6.3.3.5 Metabolic stress signalling

During metabolic stress, when ATP cannot be resynthesised sufficiently to
match metabolic demand, ADP is rapidly degraded to AMP. The rising AMP level
activates AMPK to modulate various responses to support ATP production in
mitochondrial biogenesis, lipid metabolism and autophagy. Therefore, we assessed
metabolic stress signalling pathways in the quadriceps muscle to assess whether
ASA treatment could stimulate an upregulation of these pathways given purine
nucleotide cycling stimulates AMP production, along with fumarate. Phosphorylated
AMPK (P-AMPK), which indicates AMPK activation, was similar between CON
UNSUPP and mdx UNSUPP quadriceps (Figure 6.10A). ASA reduced metabolic
stress-associated P-AMPK in CON muscle only (by 47%; p<0.05), having no effect in
mdx quadriceps. Total AMPK protein was also comparable between the strains, and
ASA had no effect on this measure (Figure 6.10B). The ratio of P-AMPK to total
AMPK was also comparable between CON UNSUPP and mdx UNSUPP (Figure
6.10C) and while there was no effect on mdx quadriceps, there was a strong trend
for ASA to reduce the ratio in CON quadriceps (p=0.058). Expression of the
downstream regulators of mitochondrial biogenesis, PGC-1α and -1β, was elevated
in mdx quadriceps by 34% and 149%, respectively compared to CON quadriceps
(p<0.05, Figure 6.11A and B respectively). ASA increased the protein content of both
PGC-1α and –β in CON quadriceps by 23% and 47% respectively (p<0.05), but in
contrast, had no effect on mdx samples.
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Figure 6.10. AMPK protein content of quadriceps from unsupplemented (UNSUPP) and
adenylosuccninc acid (ASA) supplemented control (CON) and mdx mice. Phosphorylated AMPK
(P-AMPK) was not different between CON UNSUPP and mdx UNSUPP quadriceps (p>0.05, A) with
ASA decreasing P-AMPK in CON only (p<0.05). No difference in Total AMPK was detected between
either strain or supplementation regimes (p>0.05, B) with no difference in P-/Total AMPK ratio
observed between CON UNSUPP and mdx UNSUPP (p>0.05, C). While ASA had no effect on mdx
quadriceps, there was a trend for ASA to decrease the ratio in CON quadriceps (p=0.058). n=7 CON
UNSUPP, n=6 CON ASA, n=8 mdx UNSUPP, n=7 mdx ASA.
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Figure 6.11. PGC-1α and -1β protein content of quadriceps from unsupplemented
(UNSUPP) and adenylosuccinic acid (ASA) supplemented control (CON) and mdx
mice. PGC-1α and –β protein content was higher in mdx quadriceps compared to CON
(p<0.05, A and B respectively) with ASA increasing both PGC-1α and –β protein in CON
only (p<0.05). For PGC-1α: n=8 CON UNSUPP, n=6 CON ASA, n=6 mdx UNSUPP, n=6
mdx ASA. For PGC-1 β: n=8 CON UNSUPP, n=8 CON ASA, n=7 mdx UNSUPP, n=7 mdx
ASA.
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6.3.4 Effect of ASA supplementation on histopathology
We assessed the effect of ASA on the histopathological features of dystrophic
muscle since the clinical trial of ASA supplementation in DMD patients resulted in
maintenance of muscle function and strength (Bonsett and Rudman, 1992). The
most likely explanation for these improvements is reduced damage, fat and fibrotic
tissue infiltration and/or enhanced regeneration.

6.3.4.1 Haematoxylin and Eosin (H&E)
The mean fibre size was 17% larger in mdx UNSUPP TA compared to CON
UNSUPP (p<0.05, Figure 6.12A). This increase in mean fibre size was associated
with a shift in fibre size distribution to the right in dystrophic mdx UNSUPP TA as
there was a higher frequency of fibres with a larger CSA (6000-13499 μm2,
p<0.0001, Figure 6.12A and 6.13). ASA supplementation reduced the mean fibre
size in both CON and mdx TA by 7% and 21%, respectively (p<0.05, Figure 6.12A).
In particular, a decrease in the number of fibres number between 6000 and 13499
μm2 was observed in mdx ASA TA (p<0.05, Figure 6.13) which shifted the fibre size
distribution to the left. As expected, the proportional area of damage within TA
sections was significantly higher in mdx compared to CON (p<0.001; Figure 6.12B)
and this was correlated with an elevated number of DAPI-positive nuclei (p<0.01,
Figure 6.18C). Remarkably, ASA reduced the damaged area by 46% in mdx muscle
(p<0.05, Figure 6.12B), which was reflected by a reduced number of DAPI-positive
nuclei (p<0.05, Figure 6.18), and suggests a reduction of inflammatory/immune cell
infiltration. In ASA treated mdx TA, the reduction in damaged area corresponded
with a concomitant reduction (by 29%) in centronucleated fibres (an indicator of
muscle regeneration) compared to mdx UNSUPP (p<0.01, Figure 6.12C).
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Figure 6.12. Histological analysis of tibialis anterior (TA) from unsupplemented (UNSUPP) and
adenylosuccinic acid (ASA) supplemented control (CON) and mdx mice. Mean fibre size was
larger in mdx UNSUPP TA compared to CON UNSUPP (p<0.05, A) with ASA decreasing mean fibre
size in both CON and mdx fibres (p<0.05). Damaged area (B) and percentage of centronucleated
fibres (C) was significantly higher in mdx TA compared to CON (p<0.001 and p<0.0001 respectively)
with ASA decreasing damage and regeneration in mdx TA (p<0.05 and p<0.01 respectively). n=9
CON UNSUPP, n=9 CON ASA, n=10 mdx UNSUPP, n=11 mdx ASA.
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Figure 6.13. Histogram of tibialis anterior (TA) fibre size distribution from unsupplemented (UNSUPP) and adenylosuccinic acid (ASA)
supplemented control (CON) and mdx mice. The frequency histogram indicates an increase in fibre size of mdx TA with fibres more frequent from 600013499µm compared to CON (p<0.0001). ASA reduced fibre size frequency from 6000-13499µm in mdx ASA compared to mdx UNSUPP (p<0.05). n=9 CON
UNSUPP, n= 9 CON ASA, n=10 mdx UNSUPP, n= 11 mdx ASA.
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6.3.4.2 Oil Red O (ORO)
Previously it has been demonstrated that ASA reduces lipid production in
dystrophic explants (Bonsett, 1979) and therefore, we assessed the effect of ASA on
lipid infiltration in dystrophic muscle. Lipid infiltration was quantified by scanning
whole cross-sections for staining intensity to assess the overall ORO positive area of
the TA. In mdx TA, the ORO positive area was 34% higher compared to CON TA
(p<0.001, 6.14A) and ASA reduced the ORO positive area by 9% compared to mdx
UNSUPP (p<0.05). In addition, the proportion of fibres infiltrated with intramuscular
lipids were assessed in three random sections of the muscle. Compared to CON,
mdx TA had 27% more ORO positive fibres (p<0.001, Figure 6.14B) and ASA
reduced this in mdx TA by 16% (p<0.05) such that there was no difference from
CON UNSUPP animals.

6.3.4.3 Gomori Trichrome
Next we assessed the effect of ASA on connective/fibrotic tissue infiltration in
dystrophic muscle, as connective/fibrotic tissue accumulation is a feature of disease
progression. In mdx UNSUPP TA, connective/fibrotic tissue was 15% greater
compared to CON UNSUPP (p<0.001, Figure 6.15) and remarkably, ASA normalised
the connective/fibrotic tissue content in mdx TA to CON levels (p<0.0001).
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Figure 6.14. Assessment of lipid accumulation in tibialis anterior (TA) from
unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented control
(CON) and mdx mice. Oil Red O (ORO) positive area of mdx TA was significantly higher
compared to CON (p<0.001, A) with ASA reducing ORO positive area of mdx TA compared
to mdx UNSUPP (p<0.05). ORO positive fibres of mdx TA was significantly higher compared
to CON (p<0.0001, B) with ASA reducing ORO positive area of mdx TA compared to mdx
UNSUPP (p<0.0001). Panels C-CIII are representative pictures of ORO staining in each
group. n=11 CON UNSUPP, n=11 CON ASA, n=12 mdx UNSUPP, n=12 mdx ASA.
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Figure 6.15. Assessment of connective/fibrotic tissue in tibialis anterior (TA) from unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented
control (CON) and mdx mice. Fibrotic tissue was significantly higher in mdx UNSUPP TA compared to CON UNSUPP (p<0.001, A) with ASA reducing fibrotic tissue of mdx
III
TA compared to mdx UNSUPP (p<0.0001). Panels B-B are representative pictures of gomori staining in each group. n=8 CON UNSUPP, n=10 CON ASA, n=9 mdx UNSUPP,
n=11 mdx ASA.
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6.3.4.4 Alizarin Red

Since Ca2+ dysregulation is a well-documented consequence of dystrophindeficiency and is a driver of the pathological muscle degeneration in DMD, we
investigated whether ASA could positively modulate this important pathological
feature. Intramuscular Ca2+ content, as assessed by the staining intensity of Alizarin
Red, was 62% higher in mdx UNSUPP compared to CON UNSUPP TA (p<0.0001,
Figure 6.16) as expected. Although, ASA had no effect on the Ca 2+ content of CON
TA (p>0.05), ASA treatment positively modulated Ca2+ content in mdx TA, reducing it
by 15% (p<0.001).

6.3.4.5 Succinate Dehydrogenase (SDH)

SDH, a component of the TCA cycle and the ETC, is a marker of oxidative
fibre type with deep purple fibres being characteristic of Type I fibres and lighter
purple fibres being indicative of Type IIa fibres. Assessing the TA cross-sectional
area for SDH staining indicates the total mitochondrial content of all fibres types.
SDH staining of the entire cross-section was initially quantified and we demonstrated
that there was no difference in SDH positive area between CON UNSUPP and mdx
UNSUPP (Figure 6.17A). Chronic ASA supplementation increased the SDH positive
area of the TA in both CON and mdx samples by 25% and 46% respectively
(p<0.0001).
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Figure 6.16. Assessment of calcium (Ca ) content in tibialis anterior (TA) from unsupplemented (UNSUPP) and adenylosuccinic acid (ASA)
2+
2+
supplemented control (CON) and mdx mice. Ca content was significantly higher in mdx TA compared to CON (p<0.0001, A) with ASA reducing Ca
III
content in mdx TA compared to mdx UNSUPP (p<0.001). Panels B-B are representative pictures of Alizarin red staining in each group. n=10 CON UNSUPP,
n=10 CON ASA, n=11 mdx UNSUPP, n=10 mdx ASA.
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Figure 6.17. Assessment of succinate dehydrogenase (SDH) in tibialis anterior (TA) from unsupplemented (UNSUPP) and adenylosuccinic acid
(ASA) supplemented control (CON) and mdx mice. SDH positive area was not significantly difference between CON UNSUPP and mdx UNSUPP (p>0.05,
III
A) with ASA increasing SDH positive area in both CON and mdx TA (p<0.0001). Panels B-B are representative pictures of SDH staining in each group. n=11
CON UNSUPP, n=12 CON ASA, n=11 mdx UNSUPP, n=12 mdx ASA.
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6.3.4.6

Dystrophin and utrophin expression

Finally, we examined the potential of ASA to act as a genetic modifier of DMD
due to the beneficial effects observed in histopathology. In particular, we assessed
dystrophin and utrophin expression in TA. Utrophin expression was investigated as it
is a genetic modifier of the DMD phenotype, commonly upregulated in the mdx
mouse resulting in a milder phenotype, and induced via AMPK activation. As
expected, dystrophin protein abundance was essentially negligible (10-fold
reduction) in mdx TA compared to CON (p<0.0001, Figure 6.18A) with utrophin
protein 2-fold less in mdx TA (p<0.0001, Figure 6.18B). While ASA had no effect on
dystrophin in either CON or mdx TA (p>0.05, Figure 6.18A), there was a trend for
ASA to decrease utrophin expression in mdx TA (p=0.073, Figure 6.18B). This data
highlights that enhanced utrophin expression is not a mechanism via which ASA
improves the histopathology of DMD in mdx mice.

6.3.5

Effect of ASA supplementation on Nrf2

Initially, we hypothesised that the improvements documented in the clinical
trial of ASA were associated with enhancement of metabolism, however, we did not
observe this. We did, however, observe remarkable improvements in histopathology
in the mdx mouse but this was not via a metabolic or utrophin-dependent pathway. In
an attempt to elucidate a potential mechanism behind these histological
improvements in the mdx mouse, we assessed nuclear factor (erythroid-derived 2)like 2 (Nrf2), a transcription factor that has various biological effects, including
improvement of cellular redox status (Gao et al., 2014), and can be activated via
elevated cytosolic fumarate (Ashrafian et al., 2012). Basal levels of Nrf2 were
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comparable between CON UNSUPP and mdx UNSUPP quadriceps (Figure 6.19)
and ASA supplementation increased Nrf2 content by ~12% in both CON and mdx
samples (p<0.05). This data suggests that the mechanism underlying the ASAinduced improvements in the histopathology observed in this study, may be
mediated through Nrf2 activation.
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Figure 6.18. Proportion of dystrophin and utrophin immunoreactivity in unsupplemented (UNSUPP) and supplemented control (CON) and mdx tibialis anterior (TA).
Dystrophin (purple, A) and utrophin (green, B) was significantly less in mdx TA compared to CON (p<0.0001). ASA had no effect on dystrophin expression (p>0.05, A) however
there was a trend for ASA to decrease utrophin expression in mdx ASA compared to mdx (p=0.073, B). DAPI-positive nuclei were greater in mdx TA compared to CON
(p<0.01, C) with ASA reducing nuclei number in mdx sections (p<0.05). Scale bars= 100 µm, n=3 per group.
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Figure 6.19. Nrf2 protein content of quadriceps from unsupplemented (UNSUPP) and
adenylosuccinic acid (ASA) supplemented control (CON) and mdx mice. Nrf2 protein
content was comparable between CON UNSUPP and mdx UNSUPP quadriceps (p>0.05)
and ASA increased protein content in both CON and mdx (p<0.05). n=8 CON UNSUPP, n=6
CON ASA, n=6 mdx UNSUPP, n=6 mdx ASA.

262

6.4 Discussion

While dystrophin-deficiency underpins DMD pathology, we have hypothesised
that metabolic dysfunction may be a core aetiological problem that promotes disease
progression (Timpani et al. 2015). Considering the pivotal role that the mitochondria
play in determining cell life and death, and the severe metabolic perturbations
documented in the mdx mouse, we investigated the potential of metabolic therapy to
improve the metabolism, bioenergetical status and histopathological features of
dystrophin-deficient skeletal muscle. In particular, we examined the efficacy of the
purine nucleotide ASA, which has previously been demonstrated to have beneficial
effects in DMD patients including maintenance of muscle function and strength
(Bonsett and Rudman, 1992). As there is minimal research regarding ASA, and there
is a need for new therapeutic options for the DMD community, we have re-evaluated
the potential of ASA as a candidate for the treatment of DMD. This is the first study
to experimentally evaluate the therapeutic potential of ASA in an animal model of
DMD and we show therapeutic efficacy in mitigating the various histopathological
features of muscular dystrophy, albeit apparently independent of metabolic
regulation.
A striking finding in our study was that ASA therapy ameliorated key
histopathological features of dystrophin-deficient muscle. Importantly, ASA reduced
pseudohypertrophy,

damaged

area,

and

therefore

regenerative

features

(centronucleated fibres), fibrotic and lipid tissue infiltration and Ca2+ content in mdx
TA. These histopathological features are most prominent as the disease progresses
[49, 50, 51, 52, 53] and potentiate the deterioration of the functional capacity of
skeletal muscle [54, 55]. These histological improvements in ASA-treated mdx TA
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are a promising sign of ASA’s capacity to ameliorate the progression of DMD and
maintain skeletal muscle function. Functional measurements, including grip strength
and contractile properties, remain to be assessed in the mdx mouse to confirm our
positive histopathology data. Together, the reduced damage, lipid and connective
tissue infiltration in mdx skeletal muscle following ASA treatment in our study
suggests improvements in muscle integrity and quality which likely explains the
maintenance of muscle strength and function in ASA-treated DMD and BMD patients
[18]. These improvements are independent of upregulated utrophin expression in
mdx TA.
Recently, it has been demonstrated that ASA has a role in glucose-stimulated
insulin secretion (Gooding et al., 2015) suggesting that ASA is involved in the
regulation of glucose homeostasis, and potentially, glucose utilisation at the tissue
level. Since the dependency of energy resynthesis on purine nucleotide cycling
increases concomitantly with muscle contraction intensity (Broberg and Sahlin,
1989), we have investigated the capacity for ASA to modulate contraction-induced
GU in both the fast-twitch EDL and the slow-twitch SOL. Both basal- and contractioninduced GU is depressed in mdx EDL and SOL indicating that impaired
macronutrient (glucose) uptake may be a contributing factor to the mitochondrial
deficits observed in dystrophic skeletal muscle. ASA was unable to overcome this
depression in mdx EDL and SOL, having no effect on GU in either basal or
contraction states in CON muscles indicating that ASA’s modulatory effect on GU
may be insulin-dependent only.
As metabolic dysfunction is a well-documented characteristic of dystrophic
muscle, and we hypothesise that this contributes significantly to disease progression,
we assessed the effect of ASA supplementation on various mitochondrial indices in
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isolated FDB fibres. Determination of the BHI – which is a predicative marker of
metabolic responsiveness to stress derived from spare respiratory capacity, ATP
production, proton leak and non-mitochondrial respiration (Chacko et al., 2014) –
indicates that metabolic dysfunction exists in FDB fibres from the mdx mouse. In
particular, this appears to stem from a reduced capacity to utilise oxidative
metabolism during metabolic stress. This was reflected in the metabolic phenogram
in which there was a reduced capacity to increase overall metabolism through the
ramping up of OCR (as indicated by the smaller gradient), despite maintaining a
more active metabolic phenotype in the basal/resting state. This reduced capacity for
oxidative metabolism was observed in the presence of increased PGC-1α (which has
been previously observed (Ljubicic et al., 2011)) and PGC-1β protein in mdx
UNSUPP quadriceps muscle. As there was no downstream increase in mitochondrial
respiration, nor a difference in CS activity, SDH staining or the total mitochondrial
pool (assessed by MitoTracker Green) in mdx muscle, this suggests that, despite an
increased signal, dystrophin-deficient muscles are unable to respond appropriately to
this signalling to expand the mitochondrial pool. While we did not observe
differences in the expression of subunits of the ETC complexes between CON and
mdx quadriceps (which would indicate a potential reason for the inability to increase
ATP production), it is plausible that expression of other subunits of the ETC
complexes are depressed or functional impairments of the complexes exist. We have
previously demonstrated that Complex I-mediated respiration is severely impaired in
mdx skeletal muscle, irrespective of substrate supply, but that this can be
ameliorated with Complex I inhibition and stimulation of Complex II respiration
(Rybalka et al., 2014). This finding, when considered in context with the current
study’s demonstration of no differences in various subunits of the ETC, suggests that
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functional impairments, particularly at Complex I, may be responsible the impaired
mitochondrial respiration.
Of note, mdx fibres appear to compensate for their lack of flexibility in
oxidative metabolism by increasing their reliance on anaerobic glycolysis. This is
evident while transitioning to higher metabolic states in response to, and during,
metabolic stress. This suggests that anaerobic metabolism is not as severely
affected as oxidative metabolism in dystrophic muscle – especially in the presence of
exogenously administered pyruvate. However, to what extent this compensation by
anaerobic metabolism exists in vivo and can be facilitated by adequate GU is
unknown. Our GU data certainly suggests that during contraction in particular, the
capacity for anaerobic metabolism to compensate for mitochondrial dysfunction
during heightened metabolic demand would be limited. A potential way in which this
depressed facilitation of GU into the muscle could be overcome to ensure that
substrate supply for glycolytic flux is apt, would be the utilisation of glycogen stores.
In this study, we have demonstrated that intramuscular glycogen content is elevated
in mdx TA and this finding is supported by others (Watkins and Cullen, 1987, Cullen
and Jaros, 1988, Stapleton et al., 2014). Therefore, elevated glycogen content
indicates a potential source of glucose readily available to dystrophic muscle.
However, the activity of phosphorylase, the enzyme that breaks down glycogen, is
reduced in dystrophin-deficient skeletal muscle (Dreyfus, 1954, Ronzoni et al., 1960,
Hess, 1965, Di Mauro, 1967, Mastaglia and Kakulas, 1969, Ellis, 1980, Petell et al.,
1984, Engel, 1986, Chi et al., 1987, Chen et al., 2000, Carberry et al., 2013,
Stapleton et al., 2014). Thus it is unlikely that the compensatory upregulation of
glycolytic flux is evident in vivo in mdx mice.
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We hypothesised that ASA could improve the metabolic status of dystrophic
muscle by enhancing PNC function and thus purine nucleotide salvage, but
particularly, by increasing fumarate production and anaplerosis of the TCA cycle.
Despite having previously demonstrated an impaired mitochondrial ATP production
rate in isolated dystrophic mitochondrial bathed in optimal TCA substrate cocktails
(Rybalka et al., 2014), we and others (Ionǎşescu et al., 1967, Martens et al., 1980,
Nylen and Wrogemann, 1983, Glesby et al., 1988, Bhattacharya et al., 1993, Chinet
et al., 1994, Kuznetsov et al., 1998) have shown a partial amelioration of this
mitochondrial dysfunction by stimulating Complex II with succinate. Thus we
predicted in this study that promoting anaplerosis could at the very least, enhance
SDH activity and the respiratory capacity of Complex II-mediated OXPHOS.
However, our data demonstrates that ASA therapy was unable to modulate any of
the mitochondrial parameters measured in FDB fibres, and this was despite
improving the viability and the density of the mitochondrial pool (as detected by
MitoTracker dyes in dissociated FDB fibres). This was unexpected as the clinical trial
of ASA in DMD and BMD patients anecdotally reported increases in stamina and
energy levels, while functional measurements were maintained (Bonsett and
Rudman, 1992). This is suggestive that ASA can improve muscle fatigability
properties. We did observe, however, that ASA induced changes in PCr content and
the TCr pool suggesting manipulation of the Cr/PCr system to improve buffering
capacity to assist in the maintenance of ATP levels.
The lack of effect of ASA at the mitochondrial level may be due to a few
reasons. Firstly, it is unknown how long lasting the effects of ASA are. The
improvements observed in the DMD and BMD patients in Bonsett and Rudman’s
Phase I clinical trial were measured during the treatment period, which constituted
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infusion of ASA into the bloodstream via a miniature insulin pump (Bonsett and
Rudman, 1992). In contrast, our mitochondrial measurements were made in FDB
fibres removed from the in vivo (and ASA) environment some 24 hours earlier.
Potentially, this purine metabolite has a short half-life and therefore any downstream
anaplerotic effects on the TCA cycle and mitochondrial respiration would not be
observed in this experimental time frame. Secondly, as ASA supplementation
theoretically stimulates PNC activity and increases fumarate production, it is
unknown whether delivery of fumarate and/or malate into the mitochondria is
affected in dystrophic muscle. The chronic supplementation period may have a
negative modulatory effect on the fumarate/malate shuttle – a similar observation
has been documented in Cr supplementation studies where chronic Cr delivery
downregulates the Cr transporter (Loike et al. 1988, Guerrero-Ontiveros and
Wallimann, 1998, Murphy et al. 2001). While this may be a possible scenario in the
mdx skeletal muscle, it is unlikely to explain the results observed in CON mice, as
ASA stimulated CS activity suggesting that transport of fumarate/malate is evident.
This finding indicates a genotype-specific effect. Thirdly, assuming a normal
fumarate/malate transport system, another obstacle may exist in the incorporation of
fumarate into the TCA cycle. Dysfunction exists in many of the TCA cycle enzymes
including malate dehydrogenase (Cao et al., 1965) which is involved in the
breakdown of malate to oxaloacetate following the conversion of fumarate to malate.
Therefore, – expansion of the TCA substrate pool may be futile in the presence of a
dysfunction mitochondrial TCA cycle.
Since fumarate can be converted by fumarase in both the mitochondria and
the cytosol (Akiba et al., 1984), it is possible that ASA-generated fumarate is being
directed into cytosolic reactions rather than into the mitochondria. As fumarate
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conversion is non-specific, there may be an increased propensity for the cytosolic
conversion and utilisation of fumarate, which would limit any potential downstream
effects on mitochondrial respiration. This seems to be specifically relevant to the mdx
mouse as ASA supplementation in CON mice did elicit modulation of some
metabolic parameters. ASA reduced metabolic stress signalling (as demonstrated by
lower P-AMPK protein) and stimulated mitochondrial biogenesis as evidenced by the
elevated protein expression of PGC-1α and β and increased CS activity. Moreover,
ASA manipulated the Cr/PCr system in CON mice which led to a trend towards
enhanced ATP production. Together, this data strongly suggests that ASA-generated
fumarate is likely sequestered into a mitochondrial route in CON mice. However
without metabolic demand, this seems to induce enhanced O2- production as
opposed to ATP generation. This is presumably because (1) ATP demand is being
met; and (2) purine salvage is enhanced alleviating the role of mitochondria in
maintaining the bioenergtical status of the muscle. In contrast, fumarate may be
directed into cytosolic reactions in the mdx mouse.
While ASA had no effect on various mitochondrial properties in this study, it
did enhance mitochondrial viability and reduce O2- production in mdx FDB fibres.
Oxidative stress is a well-documented feature of dystrophic muscle (Disatnik et al.,
1998), potentially due to the down-regulation of redox genes (Khairallah et al., 2012).
However we unexpectedly demonstrated similar mitochondrial O2- production
between CON and mdx FDB fibres. As we did not measure other pathways of radical
production, nor antioxidant levels, it cannot be concluded that oxidative stress was
not evident in mdx skeletal muscle. The reduction of mitochondrial O2- production via
ASA is a positive finding in this study as radical production in dystrophin-deficient
muscle is undesirable due to the potential negative downstream effects on
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mitochondrial respiration. It has been previously demonstrated that fumarate content
and cytosolic fumarase activity affects the redox status of the cell to promote the
antioxidant status (Pinto and Bartley, 1969, Laplante et al., 1997, (Raimundo et al.,
2011). If fumarate is being sequestered into cytosolic reactions in ASA treated mdx
mice, this may account for the reduced mitochondrial O2- production. Additionally,
the recent observation that elevated intracellular fumarate content is cardioprotective
through the activation of Nrf2 (Ashrafian et al., 2012) may also indicate a potential
mechanism for the reduced mitochondrial O2- production in ASA treated mdx FDB
fibres as we have observed increased Nrf2 protein. Further investigation however is
warranted to confirm that the increased Nrf2 protein expression is correlated with
increased Nrf2 activity and activation of downstream target genes.
As this study is the first to experimentally evaluate ASA in a murine model, we
closely monitored body weight and food and water consumption throughout the
treatment period. No difference in weekly weight gain or food and water consumption
was observed throughout the supplementation period, although ASA did reduce final
body weights of mdx mice. While this was not reflected in differences in muscle
weights, we did observe a decrease in lipid content of ASA treated mdx TA’s. This is
consistent with a previous study that demonstrated reduced lipid production by
dystrophic muscle cells following ASA administration (Bonsett and Rudman, 1984).
While this was hypothetically instigated by increased isocitrate dehydrogenase (IDH)
activity and support of oxidative ATP production in the aforementioned study, our
data does not support this hypothesis due to the lack of effect on mitochondrial
functional indices – albeit we did not measure IDH activity directly. In context of our
other findings, the reduced lipid content in ASA treated mdx muscle may also reflect
Nrf2 activation, which alters expression of lipid metabolism genes (Yates et al.,
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2009) leading to increased β-oxidation. The stimulation of β-fat oxidation may
explain the reduced lipid content observed in our study as it is plausible that the lipid
accumulation in dystrophic skeletal muscle is a result of a combination of enhanced
lipid production (Bonsett and Rudman, 1984) and poor fatty acid oxidation (Sharma
et al., 2003, Lin CH, 1972, Shumate et al., 1982, Carroll et al., 1985). Indeed, Nrf2
deficiency leads to lipid accumulation in the liver (steatosis) (Chowdhry et al., 2010,
Sugimoto et al., 2010, Zhang et al., 2010) therefore suggesting that the reduced lipid
content in ASA-treated mdx TA is through upregulation of β-oxidation. Together, the
reduced damage, lipid and connective tissue infiltration in mdx skeletal muscle
following ASA treatment suggests improvements in muscle integrity and quality
which may explain the maintenance of muscle strength and function in ASA-treated
DMD and BMD patients (Bonsett and Rudman, 1992).
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6.5 Conclusion

In summary, our study is the first to experimentally evaluate 8 weeks of
dietary ASA therapy in mdx mice and demonstrate a remarkable capacity for ASA to
ameliorate the histopathological hallmarks of DMD. This included a reduction in
intramuscular Ca2+ content, muscle damage and lipid and fibrotic tissue infiltration. In
stark contrast to our hypothesis, ASA had no modulatory effect on metabolic function
but did reduce mitochondrial O2- production, improve the total content and viability of
the mitochondrial pool and improve the overall metabolic signature of dystrophic
skeletal muscle. While the precise mechanism of action and a full characterisation of
the antioxidant effects of ASA via Nrf2 activation requires further elucidation, our
data highlights ASA as a strong therapeutic candidate for the treatment of DMD.
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Chapter Seven
Evaluation of ASA Therapy in Human DMD
Myoblasts
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7.1 Introduction

The first indication of the therapeutic potential of ASA as a treatment for
DMD was described in 1984 by Dr’s. Bonsett and Rudman (Bonsett and
Rudman, 1984, Bonsett, 1979). After documenting severe fatty tissue
replacement of the paraspinal, abdominal, pelvic girdle and lower limb muscles
of a 16 year old DMD patient (Bonsett, 1963), Dr’s. Bonsett and Rudman aimed
to elucidate the reason behind this gain in non-functional tissue within the
skeletal muscle architecture. They demonstrated a higher propensity for skeletal
muscle explants from DMD patients to produce intracellular lipid and
hypothesised that this defect had a biochemical basis with a preference of the
skeletal muscle to produce lipid instead of ATP (Bonsett, 1979). Thereafter,
they tested various metabolic pathways, via the addition of metabolites from
glycolysis, the TCA cycle and de novo ATP synthesis pathways, to elucidate the
metabolic pathway with the potential defect (Bonsett and Rudman, 1984).
Although the addition of various metabolite substrates of the TCA cycle reduced
lipid production in DMD muscles, it was the addition of ASA to the culture
medium that eliminated lipid production completely. While the exact mechanism
as to how ASA was effective in lipid elimination was not determined in their
study, it was hypothesised that ASA was capable of modifying ADP, AMP and
ATP concentrations and thereby enhancing the metabolic state. Indeed, ASA is
an important intermediate in the purine nucleotide salvage pathway which
drives the recovery of IMP to AMP while concurrently inducing mitochondrial
anaplerosis via fumarate production.
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In Chapter 6, we investigated the potential of a chronic 8 week ASA
supplementation regimen to overcome metabolic dysfunction in the mdx mouse
as a proof-of-principle mechanism for the clinical efficacy observed by Bonsett
& Rudman (Bonsett and Rudman, 1992). In stark contrast to our hypothesis,
ASA did not have an effect on mitochondrial respiration but did improve
dystrophic muscle histopathology – including decreased muscle damage, lipid,
connective tissue and intracellular Ca2+ accumulation. Our data thus suggests a
metabolic-independent mechanism of action. These histological improvements
may indeed explain the maintenance of skeletal muscle function and strength
observed in the clinical trial of ASA in DMD and BMD patients (Bonsett and
Rudman, 1992). However, our data is not consistent with the self-reported
instantaneous increases in energy and stamina since we found no evidence of
modifications

to

mitochondrial

respiration.

The

reported

instantaneous

improvements in energy suggest that ASA may elicit its effects in an acute timedependent manner. This is further suggested by the mitigation of lipid
production in DMD explants following acute (24 hour) incubation with ASA
(Bonsett and Rudman, 1984). In chapter 6, we assayed FDB fibres in an
exogenous media that lacked ASA and we hypothesised that the lack of effect
on mitochondrial respiration may reflect the potentially transient nature of ASA
modulation. In this study, we aimed to elucidate this through the utilisation of
acute ASA treatment on human-derived dystrophin-positive and dystrophinnegative myoblasts to mimic real-time delivery of ASA to the skeletal muscle via
the bloodstream. In particular, we investigated the effects of acute (24 hours, 3
days and 7 days) ASA treatment on mitochondrial function, viability and O2275

production in dystrophin-positive and dystrophin-negative myoblasts. We
hypothesised that acute ASA exposure would (1) improve mitochondrial
function, (2) improve mitochondrial viability and (3) decrease mitochondrial O2in dystrophin-negative myoblasts; and thus promote an overall improvement in
mitochondrial health.
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7.2 Methods

7.2.1 Cell culture maintenance

Immortalised dystrophin-positive (CON) and dystrophin-negative (DMD)
skeletal muscle myoblasts were grown in growth medium as described in
section 3.2.1 and seeded at a density of 90-100,000 cells per well. Myoblasts
were passaged every 3 days.

7.2.2 Determination of ASA dosage

The maximal tolerable dose of ASA (10nM to 1mM) in CON myoblasts
was determined via two methods – (1) crystal violet staining; and (2) the
xCELLigence system. Both methods assess cell viability however crystal violet
staining is an end-point assay whereas the xCELLigence system involves realtime monitoring of changes in the Cell Index (a measurement calculated to
reflect cell number and growth).

7.2.2.1 Crystal violet assay

CON myoblasts were grown in either media, media with MQ H2O
(vehicle) or increasing concentrations of ASA (dissolved in H2O). Following 4
days incubation, cells were stained with 0.1% crystal violet solution as
described in section 3.2.2.1 and absorbance was read at 570 nm on an X-Mark
Microplate Reader (Bio-Rad Laboratories, Australia).
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7.2.2.2 Cell proliferation assay

Using a non-invasive and label-free method (xCELLigence RTCA MP
system), cell viability was quantified through calculation of the Cell Index. CON
myoblasts were seeded at 5000 cells per well and once adhered, 50µL of either
media, media with MQ or increasing concentrations of ASA were added. Plates
were inserted into the xCELLigence RTCA MP system and the Cell Index was
measured every 30 minutes for 4 days. The data presented is for 60 hours
during the proliferative phase of cell growth.

7.2.3 Determination of mitochondrial viability

Using the fluorescent MitoTracker dyes Green and Red, mitochondrial
viability was assessed in treated and untreated CON and DMD cells. Myoblasts
were seeded at 5000 cells per well with 1mM of ASA for 24 hours, 3 days or 7
days and on the day of experimentation, mitochondrial viability was determined
as described in section 3.2.3. Myoblasts were imaged on an inverted
microscope (Olympus, Tokyo, Japan) and images were analysed using ImageJ.

7.2.4 Determination of mitochondrial superoxide (O2-) production

Using the fluorescent dye MitoSOX Red, we assessed mitochondrial O2production in treated and untreated CON and DMD cells. Myoblasts were
seeded at 5000 cells per well with 1mM of ASA for 24 hours, 3 days or 7 days
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and on the day of experimentation, mitochondrial O2- production was measured
as described in section 3.2.4. Myoblasts were imaged and analysed as
described above.

7.2.5 Mitochondrial & glycolytic metabolism using the Extracellular
Flux Analyser

On gelatin-coated (0.5%) Seahorse XF24 cell culture V7 microplates,
CON and DMD myoblasts were plated (25,000 and 15,000 cells per well,
respectively) and incubated for 24 hours with 1mM ASA. Oxygen consumption
rate (OCR) and extracellular acidification rate (ECAR) was determined as
described in section 3.2.5.

7.2.6 Statistics

Results are presented as mean ± standard error of the mean. A two-way
ANOVA was utilised to detect between genotype (CON and DMD) and
treatment differences. When a main effect or an interaction was detected,
unpaired T-tests were used to determine differences between individual groups
using SPSS (version 21). An α value of 0.05 was considered significant.
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7.3 Results

7.3.1 Effect of acute ASA supplementation on cell viability

We first established the maximal tolerable dose (10nM-1mM) of ASA in
CON myoblasts to determine the dosage suitable for the proceeding studies
without causing cellular dysfunction and death. Cell viability was first quantified
through crystal violet staining. Following 4 days of incubation, relative crystal
violet absorbance, and therefore cell viability, was greater in ASA-treated CON
myoblasts compared to untreated and vehicle-treated myoblasts irrespective of
ASA concentration (p<0.01, Figure 7.1). No significant difference in cell viability
was detected between ASA concentrations.
Next we assessed real-time monitoring of cell viability in the form of the
Cell Index. The Cell Index is presented for a total of 60 hours during the
proliferative phase of cell growth, divided into 12 hour blocks. At 0 and 12
hours, there was no difference in the Cell Index observed between untreated,
vehicle-treated and ASA- treated myoblasts at any concentration (Figure 7.2A
and B, respectively). At 24 hours, ASA-treated myoblasts maintained a higher
Cell Index compared to untreated and vehicle-treated myoblasts (p<0.05,
Figure 7.2C). At 36 hours, 1mM ASA increased the Cell Index in treated
myoblasts compared to untreated and vehicle-treated myoblasts (p<0.05,
Figure 7.2D), with a similar trend observed at 48 hours (p=0.093, Figure 7.2E).
No significant difference in the Cell Index was detected at 60 hours, between
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unsupplemented and ASA supplemented CON myoblasts (p>0.05, Figure
7.2F).
As both experiments demonstrated no detrimental effect of 1mM ASA
supplementation on cell viability, we proceeded with the maximal tolerable dose
(we investigated) for the following experiments. From these assays, our data
suggests that ASA improves cell viability and stimulates generative capacity of
myoblasts.

7.3.2 The effect of acute ASA supplementation on mitochondrial
viability

In Chapter 6, we observed that 8 weeks of chronic ASA supplementation
improved the mitochondrial viability of isolated FDB fibres in the mdx mouse.
We therefore assessed mitochondrial viability, through the addition of
MitoTracker Red (active, healthy mitochondria) and MitoTracker Green (total
mitochondrial pool), in DMD myoblasts to investigate the effects of acute ASA
supplementation.
At the 24 hour time point, mitochondrial viability was reduced by 38% in
DMD myoblasts compared to CON (p<0.0001, Figure 7.3A) and there was a
trend for ASA to increase mitochondrial viability in both CON and DMD
myoblasts (p=0.085). A similar reduction (~27%) in mitochondrial viability in was
also observed at 3 days DMD myoblasts (compared to CON; p<0.0001, Figure
7.3B) and could not be improved by ASA treatment (p>0.05). In contrast, the
viability of the mitochondrial pool was restored at 7 days in DMD myoblasts to
281

CON levels (Figure 7.3C). As observed at 3 days, ASA had no effect on
mitochondrial viability in either CON or DMD myoblasts.
Associated with the increased mitochondrial viability observed in ASA
supplemented FDB fibres (Chapter 6), was an increase in the total
mitochondrial pool (MitoTracker Green). We therefore assessed the effect of
acute ASA treatment on the mitochondrial pool density. At 24 hours, the
mitochondrial pool was approximately 17% larger in DMD myoblasts compared
to CON (p<0.0001, Figure 7.4A) and there was a trend for ASA to increase the
mitochondrial pool in both CON and DMD myoblasts at this time point
(p=0.061). At 3 days, mitochondrial pool density was ~72% higher in DMD
compared to CON myoblasts (p<0.001, Figure 7.4B) and ASA treatment had no
effect on the mitochondrial pool in either CON or DMD myoblasts (p>0.05). In
contrast, at 7 days, the mitochondrial pool was ~6% lower in DMD compared to
CON myoblasts (p<0.001, Figure 7.4C) and ASA treatment stimulated the
expansion of the mitochondrial pool in both CON and DMD myoblasts by 4%
and 14%, respectively (p<0.05).
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Figure 7.1. Cell viability, as determined by crystal violet staining, in unsupplemented and adenylosuccinic acid (ASA) supplemented control (CON)
myoblasts. Following 4 days of ASA supplementation, cell viability increased compared to unsupplemented (media and media + MQ) myoblasts (p<0.01).
There was a trend for 1mM ASA to decrease cell viability compared to 10µM (p=0.096) and 100µM (p=0.068). n=3 per group.
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Figure 7.2. Cell Index (viability), as determined by real-time monitoring, in unsupplemented and
adenylosuccinic acid (ASA) supplemented control (CON) myoblasts. Cell Index, which was
determined every 12 hours for 60 hours during the proliferative phase of cell growth, was not significantly
different between unsupplemented (media and media + MQ) and ASA supplemented myoblasts at 0, 12
and 60 hours (p>0.05, A, B and F respectively). At 24 hours, ASA treatment increased the Cell Index
compared to unsupplemented myoblasts (p<0.05, C). At 36 hours, 1mM ASA increased the Cell Index
compared to media only treated myoblasts (p<0.05, D) with a similar trend detected at 48 hours (p=0.093,
E). n=3 per group.
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Figure 7.3. Mitochondrial viability of unsupplemented (UNSUPP) and adenylosuccinic acid (ASA)
supplemented control (CON) and Duchenne Muscular Dystrophy (DMD) myoblasts. Mitochondrial
viability was less in DMD myoblasts at 24 hours (A) and 3 days (B) compared to CON (p<0.0001) with a
trend for ASA supplementation to increase mitochondrial viability in both cell lines at 24 hours detected
(p=0.085, A). At 7 days, mitochondrial viability was comparable between CON and DMD myoblasts
(p>0.05, C) with ASA having no effect in either CON or DMD lines (p>0.05). n=4 per group.
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Figure 7.4. Total mitochondrial pool of unsupplemented (UNSUPP) and adenylosuccinic acid (ASA)
supplemented control (CON) and Duchenne Muscular Dystrophy (DMD) myoblasts. The
mitochondrial pool was greater in DMD myoblasts at 24 hours compared to CON (p<0.01, A) with a trend
for ASA to increase the mitochondrial pool in both CON and DMD myoblasts detected (p=0.061). At 3
days, the mitochondrial pool was greater in DMD myoblasts compared to CON (p<0.001, B) and ASA had
no effect in either cell line (p<0.05). At 7 days, the mitochondrial pool was significantly less in DMD
myoblasts compared to CON (p>0.001, C) with ASA increasing the mitochondrial pool in both CON and
DMD myoblasts (p<0.05). n=4 per group.
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7.3.3 The effect of acute ASA supplementation on mitochondrial
superoxide (O2-) production

Since we observed in Chapter 6 that chronic ASA supplementation
reduced mitochondrial O2- production in mdx FDB fibres, we assessed the effect
of acute ASA supplementation on mitochondrial O2- production. At 24 hours,
mitochondrial O2- production was 78% higher in DMD myoblasts compared to
CON (p<0.0001, Figure 7.5A) and ASA stimulated a further 64% increase in
mitochondrial O2- production in DMD myoblasts (p<0.01). At 3 days, however,
mitochondrial O2- production was comparable between untreated CON and
DMD myoblasts (p>0.05, Figure 7.5B) and ASA treatment reduced O2production in DMD myoblasts by ~14% (p<0.05). At 7 days, mitochondrial O2production was 194% higher in DMD myoblasts compared to CON (p>0.0001,
Figure 7.5C), with ASA reducing mitochondrial O2- production in CON and DMD
myoblasts by 66% and 20%, respectively (p<0.001).

7.3.4 The effect of acute ASA supplementation on oxidative and
glycolytic metabolism

Although we did not observe improvements in mitochondrial respiration
following 8 weeks of ASA supplementation in the mdx mouse, we assessed
oxidative and glycolytic metabolic indices following an acute (24 hour)
supplementation period to elucidate if ASA can stimulate metabolism. This
acute setting may demonstrate downstream effects on mitochondrial respiration
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as the 24 incubation with ASA in DMD skeletal muscle explants inhibited lipid
production (Bonsett and Rudman, 1984) suggesting modulation of mitochondrial
activity. In an attempt to overcome the limitations stated in Chapter 6, we
included 1mM ASA in the media during the assay. As we utilised different
seeding densities in these experiments – due to a seeding density of 25,000
DMD myoblasts inducing oxygen depletion in the wells during respiration – we
have presented these data corrected for a plating density of 5,000 myoblasts.
First, we investigated oxidative metabolism via the measurement of OCR
in myoblasts across various respiratory states using a mitochondrial stress test.
Basal respiration was shown to be 192% higher in DMD compared to CON
myoblasts (p<0.001, Figure 7.6A), however, ASA treatment had no effect on
this measure in either CON or DMD myoblasts. Associated with this increased
basal respiration was a 6.5-fold increase in OCR associated with proton leak
(i.e. OCR not attributable to ATP production) in DMD compared to CON
myoblasts (p<0.0001, Figure 7.6B) and ASA was unable to reduce this in DMD
myoblasts. Maximal respiration, as induced by the addition of FCCP which
uncouples the mitochondria to deplete the Δψ, was 190% higher in DMD
myoblasts compared to CON (p<0.001, Figure 7.6C) and non-mitochondrial
respiration was 178% higher in DMD myoblasts compared to CON (p<0.0001,
Figure 7.6D). While ASA had no effect on maximal respiration in either CON or
DMD myoblasts (Figure 7.6C), ASA enhanced the non-mitochondrial respiration
in DMD myoblasts by 33% (p<0.05, Figure 7.6D).
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Figure 7.5. Mitochondrial superoxide (O2-) production of unsupplemented (UNSUPP) and adenylosuccinic
acid (ASA) supplemented control (CON) and Duchenne Muscular Dystrophy (DMD) myoblasts.
Mitochondrial O2- production was greater in DMD myoblasts compared to CON at 24 hours (p<0.0001, A) with
ASA increasing O2- production in DMD myoblasts only (p<0.001). At 3 days, mitochondrial O2- production was
comparable between CON and DMD myoblasts (p>0.05, B) with ASA supplementation decreasing O2- production
in DMD myoblasts (p<0.05). At 7 days, O2- production was greater in DMD myoblasts compared to CON
(p>0.0001, C) with ASA decreasing O2- production in both CON and DMD myoblasts (p<0.05). n=4 per group.
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Next, we assessed anaerobic glycolytic flux through the measurement of the
ECAR in myoblasts across the various respiratory states induced by the
mitochondrial stress test. Basal ECAR was demonstrably 110% higher in DMD
compared to CON myoblasts (p<0.01, Figure 7.7A) and this was not affected by ASA
treatment in either genotype. During oligomycin-induced inhibition of Complex V,
ECAR increased from the basal state in both CON and DMD myoblasts to
compensate for the inhibition of oxidative ATP production. While a 210% higher
ECAR was observed in DMD compared to CON myoblasts (p<0.0001, 7.7B), ASA
treatment had no effect on ECAR in either genotype. During maximal (Figure 7.7C)
and complete inhibition of oxidative metabolism (Figure 7.7D), ECAR was 123% and
114% higher, respectively, in DMD compared to CON myoblasts (p<0.0001 and
p<0.01, respectively). Acute ASA supplementation had no effect on maximal ECAR
in either CON or DMD myoblasts (p>0.05, Figure 7.7C) but did, however, increase
ECAR in CON and DMD myoblasts during inhibition of oxidative metabolism by 37%
and 108%, respectively (p<0.05, Figure 7.7D).
Using the derived OCR and ECAR measurements over the various respiratory
states, we calculated several mitochondrial functional indices to elucidate if the
changes in these basic respiration parameters had an effect on overall mitochondrial
function. The ATP production capacity (expressed as a % of basal respiration) was
severely reduced (by 40%) in DMD compared to CON myoblasts (p<0.0001, Figure
7.8A). ASA treatment was demonstrably detrimental in DMD myoblasts and
decreased the ATP production capacity by a further 51% (p<0.05), albeit it had no
effect on the ATP production capacity of CON myoblasts. Next, we determined the
spare respiratory capacity during metabolic stress induced by chemical uncoupling of
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the mitochondria with FCCP. Unexpectedly, the spare respiratory capacity of CON
and DMD myoblasts was comparable (Figure 7.8B) with ASA having no effect on
either genotype (p>0.05). The coupling efficiency, a determinant of the extent to
which oxygen consumption reflects ATP production at Complex V, was, however,
significantly reduced in DMD compared to CON myoblasts (by 66%, p<0.0001,
Figure 7.8C). While ASA had no effect on the coupling efficiency of CON myoblasts
(p>0.05), it was further detrimental to DMD myoblasts by supressing the coupling
efficiency to ~10% (p<0.05). The decreased ATP production rate and coupling
efficiency of DMD myoblasts was reflected by a significantly lower Bioenergetical
Health Index (BHI) compared to CON myoblasts (p<0.0001, Figure 7.8D). ASA was
unable to improve the BHI in DMD myoblasts (p>0.05) or in CON myoblasts
(p>0.05). Next we investigated the flexibility of the oxidative and glycolytic pathways
to respond appropriately to energy requirements during FCCP-induced metabolic
stress. Both the oxidative metabolic potential and the glycolytic metabolic potential
were comparable between CON and DMD myoblasts (p>0.05, Figure 6,9A and B
respectively) and ASA had no effect on either oxidative or glycolytic metabolic
potential in either genotype.
Finally, we utilised metabolic phenograms to indicate the metabolic phenotype
of myoblasts under basal (rest) and stressed (FCCP-induced) conditions. When
presented together, the metabolic phenogram indicates how the cell responds to
metabolic stress through mitochondrial respiration and glycolytic flux. As expected
during resting metabolism, both CON groups, irrespective of their treatment,
displayed low metabolic activity (Figure 7.10A). While DMD UNSUPP myoblasts also
displayed low metabolic activity at rest, ASA treatment shifted their basal metabolic
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state to a more glycolytic phenotype (Figure 7.10A). Under metabolic stress (FCCPinduced), CON UNSUPP myoblasts remained in a lower comparative metabolic state
while ASA induced transition to more a metabolic phenotype (Figure 7.10B).
Similarly, DMD UNSUPP and ASA myoblasts also transitioned to a more active
metabolic phenotype during FCCP-induced stress. While the overall gradients (basal
to stressed) were comparable between CON and DMD myoblasts (p>0.05), DMD
myoblasts relied more on increases in glycolysis to fuel their metabolic demand, as
evidenced by the larger run (p<0.05).
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Figure 7.6. Oxygen consumption rate (OCR) of unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented control (CON) and Duchenne Muscular
Dystrophy (DMD) myoblasts. Basal respiration was significantly higher in DMD myoblasts compared to CON (p<0.001, A) and ASA had no effect in either cell line (p>0.05).
OCR during proton leak was higher in DMD myoblasts compared to CON (p<0.0001, B) with ASA having no effect in either cell line (p>0.05). In DMD myoblasts, maximal OCR
(C) and non-mitochondrial respiration (D) was also greater in DMD myoblasts (p<0.001 and p<0.0001 respectively) and ASA further increased non-mitochondrial respiration in
DMD myoblasts (p<0.05). n=7-8 CON UNSUPP, n=6 CON ASA, n=5 DMD UNSUPP, n=5 DMD ASA.
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Figure 7.7. Extracellular acidification rate (ECAR) of unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented control (CON) and Duchenne
Muscular Dystrophy (DMD) myoblasts. Basal ECAR (A) and ECAR driven by inhibition of Complex V (B) was significantly higher in DMD myoblasts compared to CON
(p<0.01 and p<0.0001 respectively) and ASA had no effect in either cell line (p>0.05). Maximal ECAR was higher in DMD myoblasts compared to CON (p<0.0001, C) and ASA
had no effect in either CON or DMD myoblasts (p>0.05). In DMD myoblasts, ECAR driven by inhibition of oxidative metabolism was greater in DMD myoblasts (p<0.01) and
ASA further increased non-mitochondrial respiration in both CON and DMD myoblasts (p<0.05). n= 7-8 CON UNSUPP, n= 6 CON ASA, n=5 DMD UNSUPP, n=5 DMD ASA.
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Figure 7.8. Mitochondrial function of unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented control (CON) and Duchenne Muscular Dystrophy
(DMD) myoblasts. ATP production was significantly less in DMD myoblasts compared to CON (p<0.0001, A) with ASA decreasing ATP production further (p<0.05). Spare
respiratory capacity was not different between CON and DMD myoblasts (p>0.05, B) with ASA having no effect in either cell line (p>0.05). In DMD myoblasts, coupling
efficiency was less compared to CON myoblasts (p<0.0001, C) and ASA decreased this further (p<0.05). The bioenergetical health index (BHI) of myoblasts was significantly
lower in DMD myoblasts compared to CON (p<0.0001, D) with ASA having no effect (p>0.05). n=7-8 CON UNSUPP, n=6 CON ASA, n=5 DMD UNSUPP, n=5 DMD ASA.
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Figure 7.9. Metabolic potential of unsupplemented (UNSUPP) and adenylosuccinic acid (ASA)
supplemented control (CON) and Duchenne Muscular Dystrophy (DMD) myoblasts. No
significant different in oxidative (A) or glycolytic metabolic potential (B) was observed between CON
and DMD myoblasts (p>0.05). ASA had no effect in either cell line (p>0.05). n= 7-8 CON UNSUPP,
n= 6 CON ASA, n=5 DMD UNSUPP, n=5 DMD ASA.
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Figure 7.10. Metabolic phenograms of unsupplemented (UNSUPP) and adenylosuccinic acid (ASA) supplemented control (CON) and Duchenne Muscular
Dystrophy (DMD) myoblasts. During basal respiration (A), CON UNSUPP, CON ASA and DMD UNSUPP myoblasts resided in a less metabolic phenotype with DMD ASA
myoblasts residing in a glycolytic state. Under stressed conditions (B), CON UNSUPP myoblasts remained in a less metabolic phenotype with ASA shifting the phenotype to
more metabolic in CON myoblasts. Both DMD UNSUPP and DMD ASA shifted to a more metabolic phenotype. No difference in rise (change in oxygen consumption rate;
OCR) or gradient was observed between the cell lines (p>0.05), however, run (change in extracellular acidification rate; ECAR) was greater in DMD myoblasts compared to
CON (p<0.05). ASA had no effect on rise, run or gradient (p>0.05). ^ significant difference from CON myoblasts p<0.05. n= 7-8 CON UNSUPP, n= 6 CON ASA, n=5 DMD
UNSUPP, n=5 DMD ASA.
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7.4 Discussion

Central to our hypothesis is that metabolic dysfunction is a core aetiological
problem in dystrophin-deficient skeletal muscle and therefore treatment options for
DMD should include metabolically targeted therapies (Timpani et al., 2015). One
promising therapeutic candidate, of metabolic origin, is ASA which was examined in
a small clinical trial and demonstrated significant improvements in DMD and BMD
patients with maintenance of muscle function and strength (Bonsett and Rudman,
1992). Despite this, following the discovery of dystrophin-deficiency as the cause of
DMD (Hoffman et al., 1987), the experimental evaluation of ASA was abandoned (as
was other metabolic therapy-related research) and has not been investigated since.
As we observed remarkable improvements in muscle histology following chronic
ASA supplementation of the mdx mouse, yet few metabolic changes, we were
interested in investigating the acute effects of ASA treatment on metabolism in
human dystrophin-positive (CON) and dystrophin-negative (DMD) myoblasts. In this
chapter, we have again demonstrated that DMD myoblasts are severely
metabolically compromised but that acute ASA supplementation cannot moderate
this metabolic deficiency. Our data highlights that ASA is therapeutically active via a
metabolism-independent pathway.
As the mitochondria have been implicated as key players in apoptotic
signalling and cell death (Liu et al., 1996, Susin et al., 1999), any early detectable
changes in mitochondrial viability would suggest impending mitochondrial and
cellular demise as mitochondria are unable to meet cellular energy demands. From
our study, the reduced mitochondrial viability at 24 hours and 3 days could be
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indicative of impending cellular death in DMD myoblasts. Indeed, increased
apoptotic activity has been observed in skeletal muscle of the mdx mouse (Pal et al.,
2014). However, mitochondrial viability recovers at 7 days to be comparable with
CON myoblasts. It would be interesting to investigate if this recovered mitochondrial
viability is because mitochondria improve (1) coupling of their respiration to ATP
production and therefore (2) produce less O2-. In addition, this poor mitochondrial
viability was associated with an increased mitochondrial pool at 24 hours and 3 days
and a decreased pool at 7 days. From the outset, this data seems to conflict as it
would be anticipated that a larger mitochondrial pool is required to meet the
metabolic demands of the cells and therefore greater mitochondrial viability would be
associated with this. However, this does not seem to be the case in DMD myoblasts.
A larger mitochondrial pool might be reflective of one of two things: (1) a greater cell
density, due to faster proliferative rate, culminating in more mitochondria in the
assay; or (2) a higher mitochondrial density per myoblast. However, since DMD
myoblasts exhibit a reduced proliferative rate (Blau et al., 1983, Melone et al., 2000),
our increased mitochondrial pool is unlikely due to increased myoblast number, at
least at the 24 hour time point. As we (in Chapter 6) and others (Ljubicic et al., 2011)
have demonstrated elevated basal levels of the mitochondrial biogenesis stimulator
PGC-1α, it is most likely that the increased mitochondrial pool is through PGC-1α
activation. Despite the capacity to increase the mitochondrial pool in dystrophic
muscle, there is no positive modulation of oxidative metabolism that results in
improved ATP production. Therefore, the data suggests that dystrophin-negative
myoblasts stimulate the biogenesis of defective mitochondria and the biogenesis of
defective mitochondria cannot be overcome by acute ASA treatment.
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The comparable mitochondrial viability at 7 days between CON and DMD
myoblasts was an unexpected result, especially because this was demonstrated in a
smaller mitochondrial pool in dystrophin-deficient myoblasts. Autophagy, a
degradative process that removes cytotoxic proteins and damaged/dysfunctional
organelles, may be responsible for the reduction of mitochondria in DMD myoblasts,
thus maintaining a higher viability in lesser mitochondrial pool. As autophagy is
additionally activated in response to nutrient stress (Sandri et al., 2013), and
dystrophic muscle is characterised by a reduced ATP production capacity – as
highlighted in this Chapter and by us previously (Rybalka et al., 2014) – and content
(Cole et al., 2002, Austin et al., 1992), autophagy could be heightened in our DMD
cell culture model to ensure the healthiest mitochondria are maintained while
defective mitochondria are destroyed in DMD myoblasts. Indeed, stimulation of
autophagy in the mdx mouse elicits positive effects on muscle function and
composition (De Palma et al., 2012, Pauly et al., 2012, Bibee et al., 2014, Li et al.,
2012). However, recently it has been documented that autophagic activity is reduced
in DMD patients and mdx mice (Pal et al., 2014, De Palma et al., 2012, Li et al.,
2012, Spitali et al., 2013) indicating a reduced capacity for the removal of
dysfunctional and damaged organelles. This reduction in autophagic capacity has
been linked to hyperactivity of the Akt/mammalian target of rapamycin (mTOR)
pathway (De Palma et al., 2012, Dogra et al., 2006, Peter and Crosbie, 2006,
Eghtesad et al., 2011) which is involved in muscle growth and hypertrophy. While
activation of the Akt/mTOR pathway is important in dystrophic muscle as a
compensatory mechanism to increase muscle mass, persistent activation of this
pathway leads to the inhibition of autophagy (De Palma et al., 2012). Furthermore,
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as oxidative stress has been observed to further inhibit autophagy induction in the
mdx mouse (Pal et al., 2014), and our observation of higher levels of mitochondrial
O2- production could suggest possible oxidative stress in DMD myoblasts, this could
potentially exclude increased autophagic activity in DMD myoblasts at this time point.
Further investigation would be required to confirm this.
Oxidative and glycolytic metabolism was assessed following 24 hours of ASA
treatment as it is well established that oxidative (Olson et al., 1968, Martens et al.,
1980, Bhattacharya et al., 1993, Glesby et al., 1988, Kuznetsov et al., 1998, Faist et
al., 2001, Griffin et al., 2001, Rybalka et al., 2014) and glycolytic (Dreyfus, 1954,
Thomson, 1960, Cao et al., 1965, Hess, 1965, Di Mauro, 1967, Ellis, 1980, Lilling
and Beitner, 1991, Zatz et al., 1991, Wehling-Henricks et al., 2009) deficits are
features of dystrophic muscle and that this significantly impacts cellular energy levels
(Cole et al., 2002, Austin et al., 1992). All measurements of OCR (basal, proton leak,
maximal and non-mitochondrial) were significantly higher in DMD myoblasts
compared to CON. This observation is quite interesting considering that, despite
having a larger mitochondrial pool density at 24 hours, a significant proportion of this
pool was non-viable. Therefore, the remaining viable mitochondria are respiring
excessively, (basally 1.5-fold higher than CON) in an attempt to address the cellular
metabolic stress. However, this appears to be futile as higher proportions of
respiration are attributed to proton leak. The elevated proton leak is most likely a
response to the higher mitochondrial O2- production and indicates that O2 is being
sequestered away from ATP generation into radical production and importantly
proton leak is depleting the ∆Ψ, the driver of ATP production at Complex V. Indeed,
we observed a severely depressed ATP production capacity (40% lower compared
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to CON myoblasts), which is consistent with our previous findings in isolated
mitochondria from the mdx mouse (Rybalka et al., 2014), and a severely reduced
mitochondrial coupling efficiency of DMD myoblasts. As myoblasts are central to the
facilitation of muscle repair, the requirement for which is elevated in DMD, our data
suggests that repair under these circumstances might be compromised. The reduced
number of viable mitochondria that favour O2- production over ATP generation in
DMD myoblasts could: (1) affect how quickly repair can occur or (2) result in an
inadequate repair of the muscle. In either scenario, this would promote loss of
skeletal muscle integrity and strength.
It would be anticipated that the higher metabolic demand of DMD myoblasts,
– due to increased proton leak and reduced ATP production – in conjunction with
dysfunction at the level of ETC, would result in a depressed maximal respiratory
capacity (Schuh et al., 2012). Our results however, indicate otherwise as we
demonstrated comparable maximal respiratory capacity between CON and DMD
myoblasts, suggesting that they maintain metabolic flexibility. This is in contrast to
our observations in Chapter 6 where isolated FDB fibres from the mdx mouse
exhibited reduced oxidative metabolic capacity but a compensatory increase in
glycolytic capacity. While we did not replicate these results in DMD myoblasts, we
did demonstrate increased ECAR throughout all respiratory states and a greater
dependency on ECAR (as indicated by a larger run in the metabolic phenotypes) in
the face of chemically-induced metabolic stress. Glycolytic flux is upregulated during
the metabolic triad of stress (increased radical production, reduced ATP production
and coupling) in an attempt to overcome limited energy production. This seems to be
evident in dystrophin-deficient skeletal muscle as an increased ECAR, however
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appears to be insufficient to match ATP demand as indicated by the reduced BHI of
DMD myoblasts. This inability to match ATP demand despite upregulation of
glycolysis may be reflective of the glycolytic nature of proliferating cells (i.e.
myoblasts). In proliferating cells, glycolysis is limited not by ATP production but ATP
consumption (Scholnick et al., 1973). In the case of DMD myoblasts, the inability for
glycolysis to satisfy cellular energy demands may be due to: (1) the reduced ATP
content, and therefore the ATP available to drive glycolytic flux since several
glycolytic reactions consume ATP or; (2) functional deficits of various glycolytic
enzymes (Dreyfus, 1954, Thomson, 1960, Cao et al., 1965, Hess, 1965, Di Mauro,
1967, Ellis, 1980, Lilling and Beitner, 1991, Zatz et al., 1991, Wehling-Henricks et al.,
2009).
While acute ASA treatment had no significant effect on mitochondrial viability
at any time point – which is in contrast to our observations in the mdx mouse
(Chapter 6) – ASA reduced mitochondrial O2- following 3 and 7 days of treatment. It
is well documented that increased respiration through Complex II of the ETC
generates excessive O2- production (Turrens and Boveris, 1980, Liu et al., 2002,
Kushnareva et al., 2002, Hansford et al., 1997, Votyakova and Reynolds, 2001)
through the reversal of electron flow to Complex I (Liu et al., 2002, Hansford et al.,
1997, Votyakova and Reynolds, 2001, Han et al., 2003). As the fumarate produced
by the cycling of the PNC could theoretically stimulate anaplerosis of the TCA cycle,
it is possible that acute ASA treatment generates downstream TCA cycle
metabolites, succinate included. We did observe enhanced mitochondrial uncoupling
in ASA-treated DMD myoblasts, suggesting anaplerotic expansion of the TCA cycle
induced by ASA. While Complex II-driven respiration may be preferable in dystrophic
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mitochondria (we have demonstrated Complex I dysfunction (Rybalka et al., 2014),
which can be ameliorated through Complex II-driven respiration (Chinet et al., 1994,
Glesby et al., 1988, Nylen and Wrogemann, 1983, Ionǎşescu et al., 1967)), the
enhanced O2- production is potentially detrimental in already oxidatively stressed
dystrophic muscles (Disatnik et al., 1998, Grosso

et al., 2008). An indicator of

elevated oxidative stress in DMD myoblasts, in addition to the increased
mitochondrial

O2-

production,

is

the

higher

non-mitochondrial

OCR.

This

measurement is taken following the addition of rotenone and antimycin A (to inhibit
Complex I and III respectively) which prevents ETC O2 consumption. Any O2
consumed at this point occurs in the cytosol and is typically very low, as indicated in
CON myoblasts. However, the excessive non-mitochondrial OCR seems likely
reflective of increased antioxidant activity, in particular GSH as it consumes O2 to
buffer radicals (Winterbourn and Metodiewa, 1994, Kesler et al., 2010). While there
is no consensus if antioxidant activity is elevated in DMD to compensate for
increased radical production (Hunter and Mohamed, 1996, Ragusa et al., 1996,
Dorchies et al., 2006, Chahbouni et al., 2011), our data suggests that it may be.
Interestingly, ASA-treatment further stimulated non-mitochondrial OCR by 33% in
DMD myoblasts. We have shown increased Nrf2 protein content in mdx mice
following chronic ASA supplementation in Chapter 6 and Nrf2 is known to upregulate
various antioxidants (Reddy et al., 2007, Reddy et al., 2008, Higgins et al., 2009,
Miller et al., 2012), therefore this may account for the increased non-mitochondrial
OCR. However, further investigation of the antioxidant status of the cell is required to
elucidate if this is true.
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Our data, in both Chapter 6 and 7, seems to disprove the hypothesis of
Bonsett and Rudman that ASA exerts its therapeutic potential in DMD muscle via
promotion of mitochondrial function and the cellular metabolic status (Bonsett and
Rudman, 1984, Bonsett and Rudman, 1992). One alternative explanation for this is
the possibility that unbuffered ASA was administered in the clinical trials conducted
by Bonsett & Rudman as no specific details were given regarding this (Bonsett and
Rudman, 1992). Very recent evidence indicates that an acidotic environment
modulates metabolism through the reduction of glycolytic flux and upregulation of
fatty acid oxidation which induces protein hyperacetylation that limits Complex I
function (Corbet et al., 2016). It may be that the acidic profile of unbuffered ASA
acted through a similar mechanism. In addition, it may explain the remarkable effects
of ASA on lipid production in DMD explants (Bonsett and Rudman, 1984) since
acidosis stimulates fatty acid oxidation which might explain the reduction of lipid
content within DMD skeletal muscle following ASA therapy. As such, a modern day
investigation of the fatty acid oxidation capacity of DMD myoblasts is warranted.
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7.5 Conclusion

In summary, our study demonstrates severe metabolic perturbations in DMD
myoblasts that acute ASA supplementation cannot moderate. At 3 and 7 days, ASA
treatment was effective at reducing O2- production in DMD myoblasts but was unable
to improve mitochondrial viability. At 24 hours, however, ASA supplementation was
detrimental and stimulated further mitochondrial O 2- production in DMD myoblasts.
When considered in context with reductions in coupling efficiency and ATP
production rate, our data suggests that acute ASA treatment in DMD myoblasts may
promote further pathology which is in contrast to previous findings. While this data
suggests that longer exposure to ASA could elicit positive effects on downstream
mitochondrial respiration, due to the reductions in mitochondrial O 2- production,
further investigation is required at the 3 and 7 day time points to confirm this. This is
particularly important to assess as we observed no detrimental effects of ASA on
mitochondrial respiration in a chronic supplementation regimen of the mdx mouse.
The findings in this chapter suggest that there may be time-dependent effects of
ASA.
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Chapter Eight
Conclusions, Limitations & Future Directions
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8.1 Conclusions

Our working hypothesis challenges the currently accepted paradigm of
DMD in that the severe metabolic perturbations are not secondary to the
absence of dystrophin from the sarcolemma of skeletal muscle but rather a core
aetiological problem. As such, we believe that treating DMD as a predominantly
metabolic disease, and tailoring therapeutic options to allay metabolic stress,
would lead to significant improvements in dystrophic pathology including
prevention of muscle damage and heightened capacity for muscular repair.
Thus, the broad aim of this thesis was to evaluate and characterise the potential
of the metabolic therapies, ASA and nitrate, as viable future treatment options
for DMD with emphasis on their capacity to moderate key features of the
disease including metabolic dysfunction and histopathology.
This thesis has demonstrated that dystrophin-deficient skeletal muscle, in
particular

human

dystrophin-deficient

myoblasts,

are

metabolically

compromised. This poor ability to utilise respiration for ATP generation favours
O2- production and results in severely uncoupled mitochondria. This scenario
was observed in DMD myoblasts (Chapters 5 and 7) and in the red portion of
gastrocnemius derived from the mdx mouse (Chapter 4) but not in the white
portion of gastrocnemius (Chapter 4) nor the predominantly glycolytic FDB
(Chapter 6). This suggests a fibre-type dependent effect and likely reflects the
mitochondrial density of myoblasts and oxidative fibres whereby the denser the
mitochondrial population, the more evident the mitochondrial dysfunction is.
These data provide credence for the investigation of the potential of metabolic
therapies to alleviate this systemic metabolic crisis and highlight the severity of
mitochondrial dysfunction in dystrophin-deficient skeletal muscle.
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In Part One of this thesis, the value of increasing NO bioavailability in
hind limb skeletal muscles derived from the dystrophin-deficient mdx mouse,
and immortalised myoblasts derived from DMD patients was assessed. As NO
production is affected in dystrophin-deficient skeletal muscle – due to the
secondary reduction of the NO-producing sarcolemmal protein nNOS – and NO
is a known modulator of metabolism, we investigated the capacity of NO
donation via the NITR-nitrite-NO pathway to improve dystrophic metabolism. In
the mdx mouse, chronic NITR supplementation had no beneficial modulatory
effect on GU or mitochondrial respiration but rather further depressed GU in the
mdx EDL. The lack of effect on metabolic processes stimulated the investigation
of enhanced NO bioavailability on other features of the disease. Interestingly,
while NITR reduced H2O2 emission in mdx gastrocnemius, this was associated
with a concomitant increase in ONOO- and enhanced muscle damage (as
observed in mdx TA). From this study, the data suggests that chronic NITR
supplementation is detrimental and promotes further pathology in the mdx
mouse. To assess if these findings were potentially due to the utilisation of a
chronic supplementation period, we assessed NO donation via nitrite treatment
in an acute setting. Despite nitrite treatment improving glycolytic flux and
mitochondrial viability, and reducing mitochondrial O2- production, nitrite was
unable to overcome metabolic dysfunction at the level of the ETC. Rather, nitrite
escalated mitochondrial dysfunction by reducing coupling efficiency and
consequently, the ATP production capacity. Together, the findings from
Chapters 4 and 5 suggest an inability of dystrophin-deficient skeletal muscle to
appropriately manage exogenously derived NO bioavailability which is in stark
contrast to previous studies that support NO donation as a viable therapeutic
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option for DMD (Wang and Lu, 2013, Uaesoontrachoon et al., 2014, Miglietta et
al., 2015). Since nitrite had few effects on metabolic parameters in dystrophinand nNOS-positive (i.e. control) skeletal muscle, our data suggests an important
regulatory role of the nNOS protein and/or mitochondrial oxygen radical
production (specifically O2-) in modulating the biological effects of NO.
Therefore, without a concomitant increase in nNOS protein expression and in
the presence of profound mitochondrial uncoupling and oxygen radical
production, we have concluded that expansion of the NITR-nitrite-NO pool as a
therapeutic option for DMD is unsuitable as it escalates histopathology and
mitochondrial

dysfunction.

This

is

an

important

finding

since

NITR

supplementation is currently under investigation in clinical trials for the
treatment of DMD patients.
Part Two of this thesis stemmed from previous observations in a clinical
trial of ASA in a very small population of DMD and BMD patients in which
maintenance of muscular function and strength was maintained. This
remarkable observation stimulated our experimental re-evaluation of the
efficacy of ASA in the mdx mouse and DMD myoblasts to mitigate features of
the disease. We also sought to confirm the hypothetical mechanism of ASA
action. Chronically, ASA supplementation of the mdx mouse had no modulatory
effect on GU or mitochondrial respiration, which was in contrast to our
hypothesis. However, ASA did improve mitochondrial viability, the PCr and TCr
content and reduced mitochondrial O2- production in mdx FDB fibres. At the
histopathological level, ASA therapy had remarkable results, mitigating muscle
damage, fat and fibrotic tissue infiltration as well as intramuscular Ca2+ content.
We initially hypothesised that amelioration of muscular dystrophy would be a
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result of improved metabolic (specifically mitochondrial) function. However,
since ASA did not positively affect any mitochondrial parameters, our data
suggests that the therapeutic mechanism is independent of mitochondrial
anaplerosis. In search of an alternative mechanism, we subsequently
investigated disease modifiers of muscular dystrophy. Since ASA participates in
purine nucleotide cycling to salvage IMP from degradation and drive
AMP→ADP→ATP (adenine nucleotide) salvage, we next examined the
activation of AMPK, a known inducer of the surrogate dystrophin-related
protein, utrophin. The upregulation of utrophin demonstrably results in improved
sarcolemmal integrity and the amelioration of muscular dystrophy, and is a
proposed mechanism for the milder pathology observed in the mdx mouse,
which exhibits a higher utrophin content. In mdx muscle, ASA did not affect
either AMPK phosphorylation or utrophin expression, however, highlighting that
this is also not the mechanism of action. Since purine nucleotide cycle
metabolism of ASA generates fumarate, and a cytosolic fumarase enzyme has
been identified (Yogev et al., 2010) and associated with a cellular stress
response via the activation of Nrf2 (nuclear factor (erythroid-derived 2)-like 2, as
opposed to nuclear respiratory factor 2) (Ashrafian et al., 2012), we next
investigated this pathway as a potential mechanism of action. Importantly, this
thesis has provided the first preliminary evidence that ASA elicits its therapeutic
efficacy through the upregulation of Nrf2 expression, which has various
functions in oxidatively-stressed cells including upregulation of the antioxidant
suite (in particular glutathione), heat shock proteins and other molecular
chaperones. While we are yet to confirm the downstream activation of
cytoprotective pathways, ASA treatment did improve mitochondrial viability and
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reduce mitochondrial O2- production in both chronically supplemented mdx
muscles and in acutely treated DMD myoblasts, highlighting the attenuation of
oxidative stress and damage which is consistent with Nrf-2-mediated effects. In
contrast to these positive data, ASA had a negative effect on mitochondrial
coupling and ATP production capacity in DMD myoblasts presumably due to the
anaplerotic expansion of a defective mitochondrial pool, but had no effect on
mitochondrial parameters in mdx FDB fibres. Our data disproves the hypothesis
of Bonsett and Rudman (Bonsett and Rudman, 1992) demonstrating that ASA
elicits its effects through a metabolism-independent mechanism. Irrespective of
its mechanism of action, our data highlights ASA as a strong candidate for the
therapeutic treatment of DMD.
In conclusion, this thesis is the first to provide experimental evidence of
ASA efficacy for the treatment of DMD and to elucidate a potential mechanism
through which it elicits cytoprotective effects in dystrophin-deficient muscle. The
outstanding histological improvements in ASA-treated mdx TA showcases a
potential new therapeutic option for the treatment of DMD. In contrast, our data
suggests that expansion of the NITR-nitrite-NO pool to enhance NO
bioavailability in dystrophin-deficient skeletal muscle is not a practical therapy
for DMD as it escalates muscular dystrophy, specifically via the generation of
reactive nitrogen species (ONOO-). Unexpectedly, both metabolic therapies
were unable to overcome DMD-associated metabolic dysfunction despite
having positive modulatory effects on mitochondrial O2- production and viability.
This suggests that (1) the mode of action of the treatments is not as we
hypothesised (i.e. through a metabolic pathway) or (2) that dystrophic
mitochondria may be inherently defective and therefore unable to respond to
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any potential enhancement of respiration. The latter is supported by the
observations of an enhanced anaerobic glycolytic flux as a compensatory
mechanism to support ATP production during the oxidative crisis observed in
dystrophin-deficient as compared to dystrophin-positive (i.e. control) muscle.
This thesis provides important evidence for a future direction of therapeutic
investigation for the treatment of DMD and warrants a more rigorous preclinical
evaluation of the efficacy of ASA to alleviate other clinical markers (i.e. muscle
strength, function and whole body muscle mass and quality) of DMD.

8.2 Limitations

The data provided in this thesis indicates one metabolic therapy
(NITR/nitrite) as an unlikely future prospect for the treatment of DMD while the
other (ASA) is highlighted as a strong therapeutic candidate. Despite these very
distinct findings, there are limitations associated with each Chapter.

Animal studies (Chapter 4 & 6)
1. A common limitation in both dietary supplementation studies performed in
the mdx mouse was the lack of analysis of the diaphragm. The diaphragm is
considered the most phenotypically comparable muscle between mdx and
human muscular dystrophy, which progressively accumulates damage
(Stedman et al., 1991). Therefore, the diaphragm is a particularly useful
muscle to give insight into possible effects the treatments might have in the
human condition. One major reason for the lack of diaphragmatic analysis
was the age of mice utilised (up to 12 weeks of age). This is well short of the
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time (6 months) when damage begins to appear in the mdx diaphragm
(Stedman et al., 1991, Louboutin et al., 1993). Despite this, histological
evaluation in both studies (NITR and ASA) would have been insightful and
helped to confirm the detrimental effects observed following NITR therapy
and beneficial effects observed following ASA therapy.
2. Another limitation common to both dietary supplementation studies was the
length of supplementation and age of mice. There is the potential that we
may have observed different results if the supplementation period was
shorter (i.e. an acute study) or if we had supplemented younger or older
mice. Beginning supplementation from a younger time point (i.e. 18 days)
would provide insight into the effects of the therapies during the peak time of
muscle damage whereas supplementation at an older age (i.e. 12 months)
would indicate the effects on the diaphragm and longevity.
3. The use of drinking water as a vehicle for mice to receive both NITR and
ASA did not allow us to control the amount consumed and therefore deliver
a precise dosage. This methodology was employed due to the chronic
nature (i.e. duration) of the supplementation period and the goal of delivering
a continuous supply of both therapies throughout the day, as opposed to
daily one-off dosages i.e. via oral gavage or intraperitoneal or intravenous
injection. There may be significant variability among the water ingestion of
individual animals (which were housed in boxes of 4-5) and therefore
variability in the concentrations of NITR and ASA ingested, and then made
available to the skeletal muscle for uptake.
4. Associated with limitation 2, is the lack of quantification of plasma and
intramuscular NO/cGMP and ASA/fumarate concentrations to confirm
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therapy dosages were absorbed from the GI tract into the blood, and from
the blood into the muscle. We are currently assessing the nitrate/nitrite and
cGMP content of plasma and muscles via high performance liquid
chromatography

and

mass

spectrometry

to

finalise

reviewer

recommendations for our Neurotherapeutics paper (Chapter 4), however,
this analysis was unable to be completed in time for thesis submission.
Once these measurements have been determined, this will allow us to
unequivocally confirm that oral NITR supplementation can expand the NITRnitrite-NO pool. We intend to undertake similar analyses to confirm ASA and
fumarate concentrations in plasma and muscle samples derived in Chapter
6.
5. A significant limitation to the measurement of GU and mitochondrial
respirometry in mdx skeletal muscle (Chapters 4 and 6) was the absence of
NO/ASA from the media during the assays. As both NO and ASA are
transient components of complex biochemical pathways within the muscle, it
is probable that the lack of effects on GU and respirometry are attributable to
the removal of these tissues from the blood supply in the animal and the lack
of exogenous NO and ASA in the assay. We did attempt to overcome this
limitation during our myoblast experiments and supplied both nitrite and ASA
to the media during respiration analysis.
6. Due to the analysis of GU in both right and left EDL and SOL, we were
unable to perform contractile function experiments in these muscles. Such
data would have been valuable to be able to correlate muscular function with
changes in the histopathology. Since muscle function and strength decline
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as the disease progresses, measurement of such clinical features to flesh
out the full effect of these metabolic therapies would have been ideal.
7. Along the line of Limitation 5, we did not measure serum creatine kinase
(CK) in our animal studies, which constitutes the primary clinical marker of
DMD progression in human patients. We did take blood with the intention of
measuring CK, however due to the full muscle and organ harvests
performed in our studies, we were often left with too little serum with which
to perform this assay.

Chapter 6
8. A limitation of our analysis of mitochondrial respiration in FDB fibres was
that we stimulated maximal respiration using both FCCP and pyruvate, thus
bypassing the depressed capacity to bring glucose into the muscle fibres
during metabolic stress. Typically, FCCP is the stimulant utilised to assess
maximal respiration however we added pyruvate to ensure that maximal
respiration was not limited by substrate supply (as per Schuh et al., 2012). A
limitation to the tandem addition of FCCP and pyruvate is that we did not
independently assess the capacity for glucose influx into the fibres and
subsequently the mitochondria to drive respiration during metabolic stress. If
pyruvate had been injected after FCCP administration, this would have
allowed us to assess the intrinsic capacity for maximal (uncoupled)
respiration (i.e. glucose uptake and glycolysis facilitated) first, and then to
ensure that maximal respiration was not limited by substrate flux into the
mitochondria from glycolysis.
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9. A limitation of our metabolite analyses was that not all muscles were snap
frozen immediately after extraction. This event only occurred if problems had
arisen with GU analysis (i.e. dissected muscle had to be re-tied in the baths
due to slippage of knots). Therefore, these slight differences in time between
muscle extraction and being snap frozen may have affected metabolite
content. Ideally, we should have selected key muscles for metabolomics
analyses and snap frozen them in situ prior to removal from the blood
supply.
Myoblast studies (Chapters 5 & 7)
10. While the use of human-derived muscle cells is a beneficial model for the
assessment of both nitrite and ASA, there is a limitation regarding the
capacity to make disease-specific conclusions. As large variation in the
genetic and molecular signatures exists between DMD patients, the
conclusions drawn in these studies are only patient-specific.
11. There is a low experimental sample size throughout the myoblasts studies
(chapters 5 and 7). Limited by time, these were the only experiments that
could be performed within the timeframe and therefore, additional
experiments are required to reduce the variability of the data and complete
further analysis.
12. To establish the dose of nitrite and ASA in our cell culture experiments, we
only performed dose-response testing in CON myoblasts. A limitation with
this is that we did not assess the cell viability and Cell Index of DMD
myoblasts with increasing doses of nitrite and ASA (nor with time) and
therefore, we may have utilised a dose that was detrimental to dystrophindeficient myoblasts. In addition, as the Cell Index reflects proliferative rate,
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utilising DMD myoblasts in this assay would allow us to compare growth
rates in CON and DMD myoblasts, and in particular, assess whether nitrate
and ASA could modulate growth rate. Furthermore, it is unlikely that the
dose utilised (1mM) reflects what skeletal muscle would be exposed to in
vivo. Therefore, experimentation using a lower dose would potentially be a
better option for these experiments.
13. Cell media was replaced every 3 days for these experiments, and at this
time, fresh nitrite or ASA was also added. This may be a limitation due to the
transient nature of both NO and ASA in that after 24 hours for example,
levels of nitrite and ASA may have been depleted significantly.
14. Mitochondrial respiration was only performed at 24 hours. Measuring
mitochondrial respiration at 3 days and 7 days for both supplementation
studies would have potentially enabled explanation of the mitochondrial O 2production results.
15. The variation in responses between the in vivo (animal) and in vitro (cell)
experiments regarding ASA supplementation may suggest that the mode of
action of ASA is tissue specific. The majority of ASA may be metabolised in
the liver and this may explain why different responses were observed in
chapter 6 and 7. Therefore, muscle cells may have a lower capacity to
convert ASA into fumarate in vitro.
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8.3 Future Directions

The findings from this thesis have demonstrated that metabolic therapy, in
particular ASA, is a novel therapeutic treatment avenue that warrants further
investigation. From these remarkable outcomes, several ideas to fully
characterise the mechanisms behind ASA-induced improvements in the mdx
mouse have been elucidated.
1. We have derived a small metabolite profile/signature for untreated and ASAtreated skeletal muscle which has focussed predominantly on energy stores
and indicators of glycolytic flux capacity. A logical future direction would be
to derive a complete metabolic signature of these muscles. Characterising
metabolites of the TCA cycle, specifically fumarate and malate, would
obviously elucidate if ASA is capable of anaplerotically expanding the TCA
cycle. Further to this, quantifying cytosolic and mitochondrial pools of
fumarate and malate would help to determine if, as we have hypothesised,
fumarate is sequestered away from the mitochondria and into cytosolic
cellular stress reactions. However, it would be interesting to assess the
effect that both dystrophin-deficiency and ASA therapy has on the entire
cytosolic and mitochondrial metabolomes, using metabolomics.
2. As we have shown that ASA seemingly mediates its therapeutic effect
through a Nrf2-dependent mechanism, further investigation is warranted to
assess the downstream cytoprotective mechanisms. For example, since
Nrf2 has been shown to increase GSH level and antioxidant gene
expression, it would be valuable to assess GSH levels, and in particular, the
GSH:GSSG ratio which is an established marker of cellular redox status, in
the mdx mouse. In addition, investigating the suite of antioxidant genes that
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Nrf2

activates,

including

heme

oxygenase

1,

NAD(P)H

quinone

oxidoreductase 1 and sulfiredoxin 1, would allow for a better characterisation
of the redox status of ASA-treated skeletal muscle and would help to
pinpoint the exact mechanisms behind the remarkable improvements in
histopathology in dystrophin-deficient skeletal muscle.
3. The reduced lipid content of ASA-treated mdx TA, and the observations that
Nrf2 modulates lipid metabolism, warrants further investigation. In Chapter
6, we only assessed oxidative metabolism and glycolysis through
measurements of OCR and ECAR that was stimulated by glucose (basal
and leak respiration) and pyruvate (maximal and non-mitochondrial
respiration). We did not investigate if ASA had a modulatory effect on βoxidation. Thus, assessing this metabolic pathway may elucidate if the
reduced lipid content in mdx TA is a result of enhanced β-oxidation.
4. In contrast to Bonsett and Rudman, who delivered ASA via a miniature
insulin pump (Bonsett and Rudman, 1992), we delivered ASA in the drinking
water of mice. A limitation to our delivery method was that we could not
control the amount of water consumed by the mice and therefore did not
precisely control the dose of ASA ingested. Despite this, we did observe
significant effects in the mdx mouse using this delivery method. However we
postulate that a more precise delivery method could enhance the efficacy of
ASA. Thus, investigating various delivery methods and dosage regimens
would allow us to determine the optimal way to supply ASA.
5. A comparative study between ASA, dimethyl fumarate and sulforaphane (all
activators of Nrf2) would be of great interest to assess if ASA is a more
potent activator of the Nrf2-dependent cytoprotective response or has dual
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therapeutic effects on mdx muscle histopathology and antioxidant capacity.
In addition, such a study would assist in determining the primary pathway
through which ASA acts – if increased fumarate production is the primary
mediator, ASA would be comparable to dimethyl fumarate; or if ASA
activates Nrf-2 through a fumarate-independent pathway, ASA would be
comparable to sulforaphane.
6. In the small clinical trial of ASA, the one DMD patient who remained in the
study until it ended began treatment at 2.5 years of age. This may be a
confounding factor to the improvements observed in this patient as, at this
age, disease pathology would be minimal. Therefore, the efficacy and
potency of ASA may be enhanced when administered at a time where
muscle composition is largely functional and not infiltrated by non-functional
fatty and connective tissue. Importantly, this indicates the relevance of
therapeutic intervention in very young mice (and children). A challenge
associated with this, however, is choosing an appropriate age to begin the
supplementation regimen in mdx mice. As mice are not weaned until 3
weeks of age, and this coincides with the onset of damage, the only option
to supplement mice would be through lactation (i.e. via maternal
supplementation). However, it is unknown if ASA can permeate breast milk,
and more importantly this would not be the preferred mode of delivery in
young DMD sufferers. Therefore, a study utilising the dystrophin-utrophin of
mdx/telomerase knockout mouse may be a useful way to overcome this as
in these models, disease progression is more reflective of the human
condition i.e. it progresses throughout a shorter lifespan. Such a study would
thus highlight when therapeutic ASA intervention is most effective at limiting
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the disease phenotype and if and when there is a time at which it no longer
affords therapeutic value.
7. In ASA-treated CON mice, we demonstrated an increase in mitochondrial
biogenesis markers and high energy metabolite content (i.e. PCr and ATP)
in skeletal muscle. This suggests that ASA has modulatory effects even in
cells that exhibit no metabolic stress. Given this, our data suggests that ASA
may have the potential to be a valuable ergogenic aid during exercise and
therefore exercise studies using healthy (dystrophin-positive) skeletal
muscle and animal models would be fascinating. In addition, since the data
in this thesis highlights that ASA may mediate its effects through a Nrf2dependent pathway, this suggests a potential application for the treatment of
other diseases characterised by heightened oxidative stress (i.e. Parkinson’s
disease, Multiple Sclerosis). Thus, studies investigating the therapeutic
potential of ASA for other indications is an exciting avenue for future study.
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